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ABSTRACT OF THE DISSERTATION

Uncovering Membrane Protein Stability Under Native Conditions

Robert Everett Jefferson

Doctor of Philosophy in Biochemistry and Molecular Biology

University of California, Los Angeles, 2016

Professor James U. Bowie, Chair

Membrane proteins are a neglected, but important class of proteins throughout the
biological world. They carry out critical roles in the cell due to their unique location, such as
transport across a membrane, transduction of exterior signals, and interaction between discrete
aqueous regions. Despite the importance of these proteins, understanding of how they fold has
lagged far behind that of soluble proteins. One of the primary challenges to studying membrane
protein folding is developing methods that interrogate folding in the native environment of the
lipid bilayer. Our lab has developed a method for measuring membrane protein stability under
native conditions using a secondary protein that preferentially binds the unfolded state,
obviating the need for harsh denaturants. Employing this method with a multimeric polytopic

membrane protein, we measured an extremely slow unfolding rate, demonstrating that a-helical



membrane proteins can have high kinetic stability under non-denaturing conditions. Efforts
were made to expand the steric trap method for single-molecule fluorescence measurements in
lipid vesicles, but were ultimately stymied by the inability to preserve the trapped complexes for
measurement. Our lab has also applied single-molecule techniques to membrane protein
folding. We were able to map the energy landscape of a membrane protein in a lipid bilayer
using forced unfolding driven by magnetic tweezers. Further advancements to this technique
simplified the attachment chemistry to ready the protein for tweezing. These techniques can be

applied to a wide array of membrane proteins in a broad spectrum of membrane environments.
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CHAPTER 1

Dissecting the Determinants of

Membrane Protein Folding



At the border of every biological compartment lies a membrane, a complex environment
at which certain molecules cross, signals are transduced, and interactions are made between
otherwise isolated regions. A dismissive observer may see membranes as simply edges that
serve to define and differentiate subcellular volumes, but of course these biological borders are
composed of a diverse array of lipids in which a functionally broad group of proteins associate
with and span the membrane, all to carry out critical functions within, at, and across the lipid
bilayer. Those proteins that span the membrane experience unique constraints at the center of
this complex where they must interact with the hydrophobic tails of lipids, their charged
headgroups, two different aqueous regions, and other proteins both in and out of the lipid

bilayer.

How these proteins form and maintain a specific fold in the membrane is a major
question of biology whose importance cannot be overstated. Our lab has sought to study
membrane protein folding under native conditions by reconstituting purified components in
lipid bilayer mimics that closely approximate the natural cellular membrane. Our methods aim
to circumvent the use of harsh denaturants to drive unfolding and instead use strategies to
unfold membrane proteins under conditions as close as possible to the physiological
environment. We seek to quantify the thermodynamics and kinetics of membrane protein
folding with these in vitro studies. The research discussed herein is concerned with the
unfolding kinetics of a trimeric membrane protein and mapping the folding energy landscape of

single membrane proteins.



Membrane Protein Folding: In the shadow of soluble

protein folding

Protein folding is a fundamental process in biology. Our understanding of this complex
structural rearrangement of polypeptide chains opens up avenues to curing misfolding diseases,
predicting structure, and engineering proteins for new functions. Many disease-causing
mutations are known to affect protein assembly and trafficking rather than function (Sanders
and Myers, 2004). Small changes in primary structure, such as single amino acid substitutions,
can alter the folding landscape and destabilize the native fold or create kinetically trapped
intermediates. Mutations can also affect the folding of other wild-type proteins during
oligomerization or aggregation, further illustrating how a small alteration can have drastic
effects. Studies of soluble protein folding have developed to where misfolding diseases can be
treated with small molecules that can prevent aggregation of specific proteins (Cohen and Kelly,
2003; Hammarstrom et al., 2003) and alter the overall proteostasis network of the cell (Balch et

al., 2008).

In addition to directly addressing misfolding diseases, our ability to predict what
secondary, tertiary, and quaternary structures will form from a given primary sequence has
advanced substantially for soluble proteins. De novo computational folding has been achieved
for small soluble proteins (Bradley et al., 2005) with RMSDs from crystal structures as low as 1
angstrom. Powerful modern computers are now able to simulate the atomistic folding of small
proteins (Piana et al., 2012). Only recently have computational algorithms for membrane
protein folding developed to accurately predict structure (Kim et al., 2014), but there is still
plenty of room for improvement as accurate prediction is limited to small alpha-helical
monomers. These models also require a set of experimentally derived known structures and are

not directly simulated from quantum mechanics.
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A detailed understanding of how proteins fold also opens up the possibility of
engineering proteins of new folds. David Baker and colleagues have demonstrated the design of
a novel protein fold (Kuhlman et al., 2003) and developed a set of design principles for sculpting
soluble proteins (Koga et al., 2012). Protein design has been applied to making monodisperse
self-assembling protein cages of various sizes and oligomeric states (King et al., 2012; Lai et al.,
2012). These protein scaffolds are open to the wide variety of amino acid chemistries to create
custom molecular machines with novel functions. Membrane protein design is still in early
stages (Perez-Aguilar and Saven, 2012), but notable examples include functional helical bundles
that transport electrons across the membrane (Korendovych et al., 2010) and a Zn2+/H~*

antiporter (Joh et al., 2014).

Increasing understanding of the principles behind membrane protein folding is the key
to solving biological misfolding problems and engineering useful structures. The Bowie lab has
sought to create new methods for studying membrane protein folding under native conditions
and developing tools for alleviating the challenges of studying membrane proteins in vitro.
While there are two distinct classes of membrane proteins, those with a-helical transmembrane
segments (TMs) and those with B-barrel structures, our research is primarily concerned with a-

helical membrane proteins, which make up a much larger fraction of membrane protein genes.

a-helical membrane protein folding can be divided into a two-step process (Popot and
Engelman, 1990). In the first step, the membrane protein is cotranslationally inserted via a
ribosome-translocon complex, and once the topology is established, the transmembrane helices
can fold into a final structure in a second step (Figure 1-1). Once inserted and folded in the
membrane, these proteins exist in equilibrium between their unfolded and folded state. The
second-stage folding is our primary focus for in vitro folding studies (Figure 1-1). While these
two steps are not completely separate during insertion, it is reasonable that second-stage folding

can inform us about the initial folding of nascent membrane proteins.
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One of the major limitations for in vitro folding studies is the need for large amounts of
purified protein. Attempting to over-express a spectrum of integral membrane proteins has had
limited success, and those that do over-express in E. coli tend to be smaller proteins with fewer
transmembrane segments (Korepanova et al., 2005). The nature of membrane protein
expression has an additional set of complexities to those facing soluble proteins stemming from
the mechanism of cotranslational insertion. A proteomics study showed that overexpression of
several membrane proteins in E. coli affected several chaperone and protease systems that
overexpression of a soluble protein did not (Wagner et al., 2007). The fact that overexpression
of the selected membrane proteins limited expression of other secretory proteins, may indicate
that particular secretory chaperone systems and translocation machinery are easily saturated
with the overexpression target. In addition to adjusting expression conditions, such as
temperature, media, time, and induction levels, progress has been made by engineering
bacterial strains specifically tailored to overexpress membrane proteins. Miroux and Walker
selected for genomic mutations that improved expression of membrane proteins by limiting
their toxic effects (Miroux and Walker, 1996). Later investigations of the genome of those
“Walker strains” found that improved expression stemmed from a mutation in the promoter for
T7 RNA polymerase (Wagner et al., 2008), leading to a modified strain of BL21(DE3) that can
tune T7 RNA polymerase for overexpression of membrane proteins under control of the T7
promoter (Schlegel et al., 2012). The Miroux and Walker selection strategy was further
improved upon by Massey-Gendel and colleagues by specifically selecting for mutations that
improved the expression of properly trafficked membrane protein up to 75-fold (Massey-Gendel

et al., 2009).

Despite advances in overexpression, the purification process can still be disruptive due to
the need to extract membrane proteins from cell membranes using solubilizing detergents

before incorporating purified protein into a more native environment for in vitro studies.



Detergents permit easy manipulation of membrane proteins in solution by masking
hydrophobic transmembrane regions with a micellar belt, but without recreating all the
structural features of the membrane, such as lateral pressure or topology. Transient
dissociation of detergents can expose aggregation-prone hydrophobic regions. Detergent-
solubilized membrane proteins are also not constrained to a two-dimensional bilayer, and thus
have an entropically favorable unfolded state. Development of amphipathic polymers
(amphipols) (Popot, 2010) and tandem facial amphiphiles (Chae et al., 2010) have attempted to
alleviate some of these caveats by creating a more stable micelle, but are not typically efficient at
solubilizing proteins from the membrane, and thus still must be extracted with solubilizing
detergents that are less suitable for long-term stability in solution. Another approach is to make
stabilizing mutations in the protein itself (Serrano-Vega et al., 2008), but this of course alters

the energy landscape from the wild-type protein.

Cell-free synthesis is a promising alternative that circumvents some of the challenges
with cellular overexpression and purification. Expressing membrane proteins in a reconstituted
translation system permits incorporation of membrane proteins directly into lipid bilayers
(Roos et al., 2013). This strategy eliminates any need to protect against toxicity effects or to
purify away from the complex milieu of the cellular membrane. On the other hand, these
systems lack the specialized translocation machinery of the cell for membrane protein insertion.
Thus cell-free systems rely on finding conditions for which membrane proteins will
spontaneously insert properly into a detergent or lipid environment. Cell-free systems have
employed exogenous liposomes (Niwa et al., 2015), and the GroEL-ES chaperonin (Chi et al.,
2015) to stem misfolding and aggregation. Generating purified membrane proteins in a native
bilayer environment is a challenge in itself, and find methods to study how they fold in that

environment requires methods tailored to this unique class of proteins.
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Figure 1-1 Two-stage model of a-helical membrane protein folding. In the first stage, nascent membrane proteins
(brown) are cotranslationally inserted into the membrane (gray) via the translocon. In the second-stage, the
transmembrane segments associate and fold into the native conformation (blue), existing in an equilibrium between
the native state (N) and the inserted unfolded state (U) once dissociated from the translocation machinery. Studies of
second-stage membrane protein folding aim to define the kinetics and free energy change of this process.

Methods for Membrane Protein Folding Studies

Chaotropic agents such as urea and guanidine have been commonly used to reversibly
shift the folding equilibrium of soluble proteins to the unfolded state. These chemicals have
found success with B-barrel membrane proteins that can refold from a soluble denatured state.
Urea and guanidine are membrane-compatible and can effectively solubilize (3-stranded
proteins. The energetics of insertion and folding are coupled in these assays as they have taken

advantage of spontaneously refolding outer membrane proteins (Fleming, 2014).



a-helical membrane proteins have not been studied from the completely unfolded state
in solution to the folded transmembrane state. They have been recalcitrant to solubilization by
chaotropes, and folding studies have focused on the second-stage unfolding to folding transition
within the membrane. The denaturing detergent sodium dodecyl sulfate (SDS) has been a
useful tool for unfolded helical membrane proteins, while maintaining a hydrophobic
environment for transmembrane segments. SDS can be titrated into a micellar phase of non-
denaturing detergent to yield mixed micelles with an increasing fraction of SDS (xsps). a-helical
membrane proteins display a cooperative unfolding curve dependent on ¥sps (Curnow and
Booth, 2007; Guo et al., 2016; Lau and Bowie, 1997). Calculating free energies of unfolding in
SDS relies on long extrapolation from the transition region where there is a significant portion
of unfolded and folded species. Not all helical membrane proteins can reversibly refold from an
SDS-denatured state and the need for robust functional assays limits the set of membrane

proteins available to study .

To measure second-stage folding of a-helical membrane proteins under native
conditions the Bowie lab has developed a method of driving unfolding in a lipid bilayer using a
steric trap. This approach utilizes a large protein that binds preferentially to the unfolded state
with high affinity. The membrane protein of interest is labeled with biotins in specific sites that
are in close proximity in the folded structure, but far apart in the primary sequence, such that a
monovalent streptavidin can bind to a single biotin and physically occlude binding of the second
biotin unless the protein unfolds. Refolding can be prompted by competing off the streptavidin
with free biotin, and the affinity can be modulated through mutations to tune the method for the
stability of the membrane protein. The method has been demonstrated with a soluble protein
(Blois et al., 2009), a transmembrane helix dimer (Hong and Bowie, 2011; Hong et al., 2010), a
trimeric membrane enzyme (Jefferson et al., 2013) (see Chapter 2), a light-driven proton pump

(Chang and Bowie, 2014), and an intramembrane protease (Guo et al., 2016). The steric trap



has been used to measure the strength of protein-protein interactions in bilayers, free energies
of unfolding, and unfolding kinetics, all without the need for harsh denaturants. Recent
advancements in the technique have introduced a generally applicable fluorescence quenching
assay to monitor unfolding by steric trapping without exploiting an intrinsic characteristic of the

protein for a functional assay.

We have sought to generalize the steric trap method for membrane proteins in lipid
vesicles by moving to a single-molecule system. The method measures double-binding of the
streptavidin by two-color fluorescence coincidence to detect unfolding and does not rely on the
need for a functional assay of the membrane protein of interest. By measuring at the single-
molecule level, we also remove any possibility of aggregation and are able to make
measurements of membrane protein stability with much less material. These efforts are detailed

in Chapter 3.

Another method of studying membrane protein folding is to use mechanical force to
drive unfolding. Single-molecule force spectroscopy has come to prominence in recent years.
Atomic force microscopy has also been used to study membrane proteins, but these experiments
pull the protein orthogonal to the plane of the membrane. We sought to employ force
spectroscopy using magnetic tweezers to study the unfolding of a single molecule of the
intramembrane protease GlpG. These efforts are detailed in Chapter 4, and efforts to streamline
the technique are presented in Chapter 5. Currently available methods for studying membrane

protein folding are reviewed in more detail in Chapter 6.



Determinants of Protein Folding and Stability

Though the number of membrane proteins whose folding has been investigated is still
relatively low and even fewer measurements have been made under native conditions, the
findings from these studies have highlighted some key differences from those for soluble
proteins. First of all, membrane proteins are inserted into their particular lipid environment
such that the starting point for their second-stage folding is inherently different from that of
soluble proteins. That insertion is determined by the favorability of insertion into the
membrane from the translocon. Early efforts to predict the thermodynamics of insertion lead a
scale calculated by the transfer of amino acids from water to octanol, which serves as a
hydrophobic solvent to mimic the hydrophobic core of the membrane (Wimley et al., 1996). This
scale can help predict what types of sequences will be committed to insertion and form the TMs
of membrane proteins. Unsurprisingly, larger hydrophobic amino acids have more favorable
transfer energies and charged amino acids are the least favored for insertion. To check how well
this scale predicts insertion of TM sequences in the biological context of the translocon,
insertion experiments with full-length TMs were performed in ER microsomes (Hessa et al.,
2005). Inserted TMs in a multi-span protein could be detected by glycosylation of a site that
was lumenal if translocated or inaccessible in the cytoplasm if not translocated. Placing a single
amino acid at the center of a marginally inserting TM offers a method to calculate the transfer
free energy of amino acids in a biological context. Comparison with the water-octanol transfer
scale show a correlation, with the notable exceptions of tryptophan and proline, which are less
likely to insert in the biological context. Additionally, the system allows the study of how
positioning of various residues within the TM segment affect insertion. While the position of
leucine and phenylalanine does not affect insertion much, the placement of tyrosine and

tryptophan towards the interfacial region of the membrane enhances TM insertion. These
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results highlight the importance of protein-lipid interactions and the need to study membrane

protein folding in the context of the membrane.

Once TMs are inserted, they can fold into their final native conformation, but that
process is heavily influenced by the unique context of the membrane. One of the major driving
forces of soluble protein folding is collapse of the hydrophobic interior due to the hydrophobic
effect, however, in the membrane, while hydrophobicity is a factor for insertion, there is no
hydrophobic effect for tertiary folding. This leaves hydrogen bonding and van der Waals
packing as the determinants of tertiary membrane protein folding. Ionic bonds are rare due to
the dearth of charged residues that end up inserting into the membrane, though hydrogen
bonding is prevalent among the backbone and side-chain residues of membrane proteins. It
might be expected that hydrogen bonding would play a large role in the low dielectric of the
membrane, and the introduction of polar residues are commonly associated with membrane
protein misfolding diseases (Partridge et al., 2002, 2004). The actual thermodynamic
contribution of side-chain hydrogen bonds was unknown until Joh and colleagues used a
double-mutant cycle stability analysis to measure the strength of hydrogen bonds in
bacteriorhodopsin while correcting for the background destabilization of individual mutations
(Joh et al., 2008). Further studies of membrane protein hydrogen bond strength have shown
that straightening of kinked transmembrane helices have a surprisingly modest energetic cost to
this conformational shift that breaks traditional i 2 i+4 backbone hydrogen bonds (Cao and
Bowie, 2012). The small energetic cost appeared to be a result of the hydrogen bond network
forming compensatory non-canonical i > i+3 hydrogen bonds, illustrating that membrane
proteins are held together by a large network of relatively weak interactions that can shift to
accommodate disruptive mutations. A point that is highlighted by the shifting hydrogen bond

network of the Ca+ ATPase through its functional cycle (Cao and Bowie, 2012).
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Without significant contributions from the hydrophobic effect or hydrogen bonds, van
der Waals interactions are a major determinant of second-stage membrane protein folding.
Tertiary folding of membrane proteins is built upon the association of transmembrane helices.
The dimerization of the glycophorin A transmembrane domain has served as a useful model for
this fundamental interaction. The glycophorin A dimer features a GxxxG motif (MacKenzie et
al., 1997), also known as a glycine zipper, a common structural element of transmembrane helix-
helix interactions (Kim et al., 2005) that permits close van der Waals packing between helices.
Using an equilibrium sedimentation assay in detergent on a wide array of mutants has teased
apart the packing contributions of individual amino acids, and double mutant cycles have
revealed a complex network of energetically coupled residues, the strongest of which lie at the
distal ends of the helix (Doura and Fleming, 2004; Doura et al., 2004; Fleming, 2002; Fleming
and Engelman, 2001; Fleming et al., 1997). While glycophorin A is not a complex multipass
membrane protein, its simplicity as a model system has helped break down the fundamental

requirements for association of transmembrane segments.

Membrane protein folding is not only governed by the primary sequence of amino acids,
but is also influenced by the lateral packing pressure of the bilayer itself. Having developed a
reversible folding assay for OmpA, Hong and coworkers measured the effect of membrane
thickness and chain saturation on protein stability (Hong and Tamm, 2004). For saturated and
mono-unsaturated acyl chains of phosphocholine lipids, there exists a strong correlation
between increasing hydrophobic thickness and greater free energy of unfolding. However, for
cis-double-unsaturated chains, stability is greatest for short chain lengths. Shorter chain
unsaturated lipids have more negative curvature stress, which can be relieved by the insertion
and folding of the hourglass-shaped OmpA into the bilayer. In addition to folding, certain
proteins respond to changes in the bilayer for their function. Specifically, the mechanosensitive

channels sense changes in membrane tension, opening a pore to release water under high
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intracellular pressure, a common mechanism among prokaryotic and eukaryotic cells (Perozo et
al., 2002; Vasquez et al., 2008). Again, the effects of lateral packing pressure underline the
importance of the membrane environment and how the acyl chain length and shape of lipids go

hand in hand with protein folding and function.

Beyond the bulk features of the lipid bilayer, membrane proteins also have specific
associations with their immediate surrounding ring of lipid molecules, referred to as the annular
ring. These lipids are analogous to the solvent shell for soluble proteins. Ordered lipids packing
next to membrane proteins were observed in some of the earliest crystal structures (Lee, 2003).
The presence of associated native lipids in these structures that are often crystallized in the
presence of detergent with few lipid molecules likely indicates that the crystallized lipids are
tightly bound in native conditions. A review of membrane protein crystal structure summarized
the ordered lipids found within 5 A of the protein surface (Wiener, 2005). Unsurprisingly, lipids
tend to occur near hydrophobic residues. However, these lipids also exhibit a range of unusual
acyl chain conformations not seen in pure lipid crystal packing, such as trans-gauche
isomerization. In the context of the membrane protein surface, these alternate conformations
are energetically favorable and can mediate protein-protein interfaces between subunits.
Beyond crystal structures, recent molecular dynamics simulations can aid in elucidating brief,
but highly specific, lipid interactions, such as the association of cardiolipin with the c-ring of
ATP synthase (Duncan et al., 2016). Many membrane proteins are known to have their function
altered by specific lipids, but the nature of where and how those lipids bind is often unclear. To
further expand our understanding of membrane protein folding in biologically relevant
conditions, we need methods for studying this fundamental process under conditions in which

we can manipulate the specific lipid composition and bilayer features.

Further understanding of membrane protein folding relies on developing methods for

investigating folding in the native lipid bilayer and interrogating a broad array of targets for a
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comprehensive view of how this important class of proteins forms within the complex
membrane environment. The steric trap method and single-molecule pulling experiments
discussed herein aim to address these challenges and open up new avenues of membrane

protein folding studies.
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ABSTRACT: Approximately 10% of water-soluble proteins
are considered kinetically stable with unfolding half-lives in the
range of weeks to millenia. These proteins only rarely sample
the unfolded state and may never unfold on their respective
biological time scales. It is still not known whether membrane
proteins can be kinetically stable, however. Here we examine

the subunit dissociation rate of the trimeric membrane enzyme, diacylglycerol kinase, from Escherichia coli as a proxy for complete
unfolding. We find that dissociation occurs with a half-life of at least several weeks, demonstrating that membrane proteins can
remain locked in a folded state for long periods of time. These results reveal that evolution can use kinetic stability to regulate the
biological function of membrane proteins, as it can for soluble proteins. Moreover, it appears that the generation of kinetic
stability could be a viable target for membrane protein engineering efforts.

Bl INTRODUCTION

Some proteins unfold extremely slowly. Wilfredo Colon’s lab
has identified a large collection of kinetically stable proteins by
looking for resistance to sodium dodecyl sulfate (SDS)
denaturation. These proteins unfold with apparent half-lives
ranging from 79 days to 346 years."” Pilus protein complexes
may have the record for slow unfolding with an estimated half-
life of 3 billion years.> Most kinetically stable proteins are also
thermodynamically stable, but not always. For example, folding
of a-lytic protease is catalyzed and driven by a pro-region. Once
the pro-region is cleaved off, the enzyme is thermodynamically
unstable but remains locked in the folded state because the
unfolding halflife is about 1.2 years.* Characteristics of
kinetically stable water-soluble proteins include a high degree
of rigidity, considerable p-sheet structure, and a dearth of
monomers.

It remains unknown whether the different folding energetics
or topology restrictions in the membrane could allow for high
kinetic stability. It is particularly questionable for a-helical
membrane proteins since almost all the known kinetically stable
protems contain f-sheets, perhaps because of their high contact
order.' Indeed, the best indication of kinetic stability in
membrane protems comes from unfolding rate studies of the /-
barrel porin PagP.’ For this protein, unfolding rates could be
measured at urea concentrations above 8.5 M. Extrapolation
back to zero denaturant predicts an unfolding half-life for PagP
of more than half a year. Whether the long extrapolation is valid
is unclear, however.

There are some indications that helical membrane proteins
can be kinetically stable. Yinan Wei's lab found that upon
mixing or coexpression of distinguishable subunits of the
trimeric membrane protein AcrB, a nonequilibrium distribution
is found.® This suggests that the oligomers must not exchange
completely over the hours needed to express and analyze them.
Subunit exchange of dimeric EmrE was also found to take many

hours under native conditions.” Even the simple glycophorin A
transmembrane helix dimer is known to require hours to
exchange in certain detergents.” A number of membrane
proteins have been found to be resistant to SDS denatura-
tion”™"* and by analogy with Wilfredo Colon’s experiments on
soluble proteins, this might reflect high kinetic stability. On the
other hand, it might also simply indicate high thermodynamic
stability as the denaturing power of SDS is likely to be much
greater for soluble proteins than membrane proteins, which are
already coated by a band of detergent. Extrapolation of SDS-
driven unfolding of bacteriorhodopsin to zero SDS suggest a
remarkable unfolding halflife of ~20 million years,'® but
extrapolations for SDS unfolding rates are particularly
uncertain.

Given the doubts inherent in extrapolating from high
denaturant concentrations, it would be ideal to examine
unfolding rates under native conditions. To this end, we
examined the subunit dissociation kinetics of diacylglycerol
kinase (DGK) from Escherichia coli as a proxy for unfolding
rate. DGK is an obligate trimer with three transmembrane and
one amphipathic helix per subunit. A recent crystal structure of
the enzyme reveals a structure in which the nine trans-
membrane helices of the trimer are closely packed around a
central axis (Figure 1A)."7 An earlier NMR structure showed a
domain-swapped architecture in which the C-terminal trans-
membrane helix shifts over to an adjacent subunit."® It seems
clear that the crystal structure is a fully active enzyme, but it is
not known if the domain-swapped form can also be active.
Subunit mixing experiments'® and both structures show that
the three active sites are shared between subunits. Thus, a
monomer is necessarily inactive.
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Figure 1. Steric trapping of DGK. (A) Crystal structure of DGK,'” highlighting the single cysteine introduced at position 53 for biotin labeling. The
three distinct subunits are shown in orange, green, and blue. (B) Simple schematic for unfolding and refolding of DGK by the steric trap. The
evidence for the reaction scheme investigated in 0.2 Xgp,g is presented in the text, and the results will only be summarized here. The upper left depicts
the DGK trimer. The active sites, depicted in yellow, are shared between subunits. The biotin labels are depicted by the red dots. Initial binding of
mSA, depicted in dark gray, is unimpeded and can occur rapidly. The binding of a second mSA cannot occur unless the subunits dissociate due to
steric overlap with the initially bound mSA. In 0.2 X, the half-life is 1.6 d, while in pure OG, the half-life of dissociation is at least 12.6 d. Once
dissociated, a second mSA can bind rapidly, effectively trapping the protein in a dissociated state, hence the term “steric trapping”. If the trapped state
is generated with a rapidly dissociating variant of mSA, mSA,, it can be rapidly removed by the addition of excess free biotin. The dissociated
subunits are then free to reassociate. Reassociation is slow, with a half-life of 1.8 d and is not concentration dependent, suggesting a unimolecular
conformational change is rate limiting. The conformational change is depicted by a change in shape of the subunits and inactivation of the active sites
by the change from yellow to light gray. Evidence for subunit dissociation during steric trapping is provided by the experiment depicted in the shaded
box. In this experiment, an unfolded, inactive mutant shown in green was added to a sterically trapped sample. Rapid recovery of activity was

observed due to reconstruction of the folded trimers as shown.

We posit that subunit dissociation must either precede or be
concomitant with complete unfolding. In particular, if the
subunits can remain folded as monomers, then dissociation
precedes unfolding and the dissociation rate reports an upper
limit of the unfolding rate. If local unfolding can occur within
the intact oligomer, then the rate of subunit dissociation reports
the rate of unfolding of a folded oligomeric core so that subunit
dissociation is concomitant with complete unfolding. Thus, the
dissociation rate provides an upper bound on the overall
unfolding rate.

To examine dissociation/unfolding rates under native
conditions we took two approaches: steric trapping and subunit
exchange measurements. We find that subunit dissociation can
be extremely slow, on the order of weeks for DGK, consistent
with high kinetic stability of the trimer.

H MATERIALS AND METHODS

Materials. The pQE80 vector and Ni-NTA resin were obtained
from QIAGEN (Valencia, CA). Anagrade n-octyl-f-n-glucopyranoside
(OG) and isopropyl-f-D-thiogalactopyranoside (IPTG) were pur-
chased from Affymetrix (Santa Clara, CA). E. coli polar lipid extract
was purchased from Avanti Polar Lipids, Inc. (Alabaster, AL). N“(3-
propionylmaleimidyl)biocytin (BM) was purchased from Life
Technologies (Grand Island, NY).

Cloning, Expression, and Purification of Proteins. The natural
Cys residues in the DGK expression plasmid pSD005* were changed
to Ala using site-directed mutagenesis (QuikChange, Agilent) to create
a cysless HisgDGK construct (DGKgyges,)- Tle 53 of DGKeyye,, Was
mutated to Cys to create the single-cysteine mutant DGKeygeqissce
Five glutamate residues were added to DGKcyq,, by inserting the
sequence, 5-CGAAGAGAAGAAGAAGAGCT-3', at the Sacl site
(ELEEEEE) following the N-terminal Hisg-tag to create E-DGKeyytess
DGKyiew DGKeyessisscr and Eg- DGKyyei Were expressed in
‘WHI1061 cells at 37 °C for 3 h after induction with 1 mM IPTG.

For the coexpression of cysless and charged DGK, the genes were
subcloned into pQE80 and pBAD/HisA/p15A,”" respectively. Each
vector was modified by insertion of a Spel site (ACTAGT) after the
start codon by site-directed mutagenesis. The Hisy-tag coding region
of pQE80 was replaced with ACTAGT to give pQE80/Spel. Insertion

of DGKyye,; using Spel and Hindlll restriction sites added residues
MRGSTS to the N-terminus of the pSD00S construct to give pQ-
DGKyj.- ACTAGT was inserted after the fourth encoded amino acid
of pBAD/HisA/p15A just before the His, tag to give pBAD/HisA/
p15A/Spel. Insertion of E;-DGKey, using Spel and HindlIl
restriction sites added residues MGGSTS to the N-terminus of the
pSD005 construct to give pB-Es-DGKcyyjesss PQ-DGKyyiess and pB-Es-
DGK yyess were coexpressed in TOP10 cells at 18 °C overnight after
induction with 0.1 mM IPTG and 0.2% arabinose. All DGK proteins
were purified in 1.5% OG as previously described.”

DGKgyg, was created by site-directed mutagenesis of the wild-type
DGK in pSD005. To prepare for refolding experiments, DGKgq,
purified in 1.5% OG was passed through an Econo-Pac 10DG
desalting column (Bio-Rad, Hercules, CA) that had been previously
equilibrated with SDS unfolding buffer (50 mM NaPO, (pH 7.5), 50
mM NaCl, 1% SDS). The peak fraction was diluted to 40 uM with
SDS unfolding buffer, snap frozen in liquid nitrogen, and stored at —80
°C.

Monovalent streptavidin variants containing one active subunit per
streptavidin tetramer were prepared as described previously.”

Chemical Biotinylation of DGK. Biotin labeling was performed
by incubating 162 M DGKeyyeyisac in 50 mM NaPO, (pH 7.3), 50
mM NaCl, 1.5% OG, 1 mM TCEP with the addition of solid BM to a
final concentration of 9 mM. Samples were incubated for 1 h at room
temperature followed by 2 h at 4 °C. Labeling reactions were
centrifuged at 14000g for 10 min to remove any undissolved label, and
the supernatant was applied to 400 uL of Ni-NTA resin. Biotinylated
DGK (BM-DGKgyyjeqs153c) samples were incubated with the resin for
1.5 h at 4 °C and then washed with 30 mM imidazole in 50 mM
NaPQ, (pH 7.5), 300 mM NaCl, 1.5% OG, S mM f-ME and eluted
with 300 mM imidazole in the same buffer. All elution fractions were
pooled and then dialyzed against 250 mL of S0 mM NaPO, (pH 7.5),
50 mM NaCl, 1.5% OG, 1 mM TCEP. Labeled samples were flash
frozen in small aliquots using liquid nitrogen and stored at —80 °C. A
fresh aliquot was used for all subsequent experiments. Labeling was
confirmed by mass spectrometry analysis. Samples were coprecipitated
with matrix on a stainless steel MALDI plate (Life Technologies) in a
1:1 (v:v) ratio of protein sample to sinapinic acid matrix solution
(saturated solution in 50% acetonitrile, 0.1% trifluoroacetic acid). The
dried spot was desalted by washing with 1 uL of water three times.
One microliter of sinapinic acid matrix solution was added to the spot
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and allowed to dry before acquiring MALDI-MS data on a Voyager
DE-STR time-of-flight (TOF) mass spectrometer (Applied Biosys-
tems, Foster City, CA). Mass spectra were collected in linear mode
with 1000 shots per spectrum. Spectra were processed using Voyager
Data Explorer (Applied Biosystems).

DGK Steric Trap Assays. BM-DGKyyjeq/153c Was incubated in 10-
fold molar excess mSA or 20-fold molar excess mSAg, at room
temperature in DGK incubation buffer (50 mM NaPO, (pH 7.5), 50
mM NaCl, 1.5% OG) with 0.2 Xgpg (calculated from total bulk
concentrations of OG and SDS). To equilibrate DGK and mSA in 0.2
Xgps before steric trapping, the proteins were equilibrated in separate
tubes in DGK incubation buffer with 0.2 Xgpg for up to 2 h at room
temperature. The mSA stock solution in 20 mM NaPQ, (pH 7.0) was
diluted with Sx DGK incubation buffer with 1.85% SDS, and then
added to DGK after equilibration. At increasing time points, 5 uL
aliquots were removed and assayed for activity by the addition of 45
HL of a standard DGK assay mix with either cardiolipin or DMPC as
the lipid cofactor as described previously.*** In cases where the DGK
concentration was too high to be measured before all the NADH was
consumed in the coupled assay, the samples were diluted to 0.2—0.4
MM just prior to the assay. Activity at each time point was normalized
to activity of a freshly thawed wild-type DGK aliquot in DGK
incubation buffer assayed with the same DGK assay mix. Initial
activities of BM-DGKcy,..153c after equilibration in 0.2 Xgpg were
89—97% as active as the freshly thawed wild-type DGK. Fractional
activity was calculated as the fraction of initial normalized activity.
Activity plots were fit to either a single or double exponential decay.

For DGK activity recovery experiments after steric trapping, free
biotin dissolved in DMSO was diluted 50-fold into aliquots of BM-
DGKcygiess1s3c samples trapped with a 20-fold molar excess of mSAgyss
to give a 1000-fold molar excess of free biotin over BM-DGKgyec/153¢
subunits. Activity plots for recovered samples were fit to an
exponential decay subtracted from the exponential decay of the
control sample without mSA.

For reactivation experiments of sterically trapped BM-
DGKeyyiess/is3c in the presence of an excess of inactive mutant
subunits, 0.2 uM BM-DGKce./153¢ Was first sterically trapped in the
presence of 4 uM mSAgy;, for 95 h. Two uL of 40 uM SDS-unfolded
DGKj4, or SDS unfolding buffer was then added to 80 uL aliquots of
sterically trapped DGKeyyiess/153¢ Prior to the addition of 2 uL of 8 mM
biotin. Five uL of sample was assayed after an additional 3 h
incubation at room temperature. For samples with added biotin,
mutant, or buffer, activities were multiplied by a scale factor to account
for the slight dilution.

Size-Exclusion Chromatography Binding Experiments. Gel
filtration of DGK:mSA complexes was performed on a Superdex 200—
10/300 column (GE Healthcare Life Sciences, Pittsburgh, PA). The
column was equilibrated with DGK incubation buffer for all runs. BM-
DGKyyiessis3c trimer was first purified on the same column prior to
performing the binding experiment to eliminate protein aggregates.
0.32 uM purified BM-DGKcpje153c was incubated with 1 gM mSA
for 30 min at room temperature, and free biotin was added to a final
concentration of 100 #M to prevent any further binding by mSA. Five
hundred microliter of 1 #M mSA alone, 99 uM BM-DGKcyyew/1s3c
alone or the incubated complex were loaded onto the column
separately. 500 uL fractions were collected and assayed for DGK
activity.

Preparation of Proteoliposomes. E. coli polar lipid extract
dissolved in chloroform was dried in glass tubes under a stream of
argon gas and residual solvent was removed by vacuum desiccation for
2 h. In 8 mL of 6% OG in DGK vesicle buffer (20 mM Tris-HCI (pH
8.0), 50 mM NaCl) was dissolved 70—144 mg of dried lipids by
vortexing and bath sonication. After solubilization, glycerol was added
to a final concentration of 20% (v/v). 270 nmol of purified DG e
Es-DGKeyesw OF both were added with 1.5% OG in DGK vesicle
buffer to bring the total volume to 16 mL. The mixture was incubated
on ice for 30 min before dialysis against DGK vesicle buffer with 20%
glycerol over a 24 h period at 4 °C (Spectra/Por 25 kDa cutoff dialysis
membrane). After formation of vesicles, the turbid mixture was
dialyzed against DGK vesicle buffer to remove glycerol.

The resulting proteoliposomes were purified from aggregated
protein by centrifugation over a sucrose cushion. To the
proteoliposome samples was added 75% sucrose to a final
concentration of 20% and the solution layered over 50% sucrose.
The samples were centrifuged at 72000g for 16 h at 4 °C. The turbid
top layer of proteoliposomes was removed and diluted 2-fold in DGK
vesicle buffer before being pelleted twice at 100000g for 1.5 h at 4 °C.
The proteoliposomes were resuspended in 2 mL of DGK vesicle buffer
and passed through Nucleopore track-etched membranes (Whatman)
with 200 nm pore sizes using a mini-extruder (Avanti Polar Lipids) 3—
5 times. Extruded proteoliposomes were incubated at room temper-
ature overnight to allow recovery of DGK activity.

Anion-Exchange Chromatography of DGK Trimers. For
subunit exchange assays in detergent, 500 uL of 70 uM DGK samples,
were loaded onto a 1-mL HiTrap Q column (GE Healthcare Life
Sciences) pre-equilibrated with 20 mM Tris-HCI (pH 8.0), 1.5% OG.
Protein was eluted with an isocratic gradient from 0 to 0.5 M NaCl
over 20 mL.

For subunit exchange assays in vesicles, aliquots of proteoliposomes
containing DGK¢yy.s0 Es-DGKeygeq or both were incubated at 37 °C.
At each time point, aliquots of proteoliposomes containing the same
level of DGK activity (activity assayed at £,) were solubilized with 4—
6% OG in DGK vesicle buffer to a final concentration of 3% OG.
Anion-exchange chromatography was carried out as in detergent,
except the isocratic gradient was extended to 30 mL. Three hundred
microliter fractions were collected and assayed for activity.

B RESULTS

Monitoring DGK Dissociation Kinetics by Steric
Trapping. To monitor dissociation kinetics, we employed a
method called steric trapping.**~*” The steric trapping concept
is outlined in Figure 1. In this approach, we label the protein
subunits with biotin at sites that are very close in the folded
oligomer. When monovalent streptavidin (mSA) is added to
the labeled protein, it can bind to one biotinylated subunit with
high affinity, but if the biotin labels are sufficiently close, a
second mSA cannot bind due to steric overlap, unless the
protein dissociates. When the protein dissociates, an additional
mSA can bind, effectively trapping the protein in the dissociated
state (Figure 1B).

To apply steric trapping to DGK, we introduced a unique
Cys residue, I153C, close to the trimeric axis of symmetry
(Figure 1A) into a variant of DGK in which the wild-type Cys
residues were removed (DGKgy,,). Position 53 was then
biotinylated using thiol-reactive N-(3-propionylmaleimidyl)
biocytin (BM) to generate BM-DGKe e 1530 A MALDL-TOF
mass spectrum indicated that ~58% of the subunits contained a
single biotin label and ~13% contained two labels due to
labeling at a secondary site. Thus, ~71% of the subunits bore a
label at position 53. Assuming a perfect binomial distribution of
labels, ~80% of the trimers would have 2 or 3 biotin labels at
C53 and could be subject to steric trapping. As the active site of
DGK is shared between subunits, dissociation upon the
addition of mSA can be conveniently monitored by loss of
activity.

To investigate the unfolding rate of DGK, mSA was added to
BM-DGKyyess/1s3¢ in OG micelles at room temperature. As
shown in Figure 2A, BM-DGKyyeii155¢ inactivates very slowly
(half-life = 12.6 d) in the absence of mSA and the addition of
mSA has essentially no effect on the rate of inactivation. When
we added 0.2 mol fraction SDS (Xgps), however, the addition of
mSA had a dramatic effect on the rate of inactivation (Figure
2B). In the presence of mSA, DGK loses ~60% activity in the
first week and then undergoes a slower inactivation phase. The
inactivation curve at 0.2 Xgpg in the absence of mSA could be fit
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Figure 2. DGK inactivation by steric trapping. (A) The results in pure
OG (zero SDS). BM-DGK(yyeq/issc Was incubated with (red) or
without (gray) mSA. The curves are fits to a single exponential decay.
(B) The results in 0.2 Xgpg. BM-DGK(pyesi/1s3c Was incubated with
(black) or without (dark red) mSA. The curve without mSA is a fit to a
single exponential decay. The curve with mSA is a fit to a double
exponential decay. Error bars indicate standard deviation of activities
measured in triplicate. The specific activity of the enzyme,
corresponding to 100% activity, was 71 + 3 pmol'min~"mg~',
which is within the reported ranges for wild-type DGK.****

to a single exponential with a rate constant of k; = 0.036 +
0.001 d”'. The inactivation curve in the presence of mSA
required a double exponential fit with rate constants of 0.43 +
0.05 d™' (fast phase) and 0.019 + 0.004 (slow phase). The
similar rate constants for the slow phase and k; suggest that the
slow phase reflects the same inactivation process that occurs in
the absence of mSA and that the fast phase reflects inactivation
due to steric trapping (ksr).

Investigating the Mechanism of Inactivation by Steric
Trapping. The slow rate of inactivation, even in 0.2 Xgpg,
made an extensive characterization of the mechanism
impractical as every experiment requires multiple weeks to
perform. Nevertheless, we were able to learn some basic
characteristics of the inactivation mechanism. We believe the
experiments described below are consistent with the model
shown in Figure 1B. In this model, steric trapping causes
dissociation primarily to dimers and monomers. The dimers
and monomers can reassociate to restore activity, but the rate-
limiting reassociation/refolding event is a slow, unimolecular,
conformational change. We now present the evidence for this
model.

Prior work on the inactivation mechanism at elevated
temperatures suggests that the slow, irreversible inactivation
observed in the absence of mSA reflects a stable, essentially

irreversible conformational change that occurs after subunit
dissociation.”® This is consistent with a slowing of the intrinsic
inactivation rate as the DGK concentration increases: in the
absence of mSA, the intrinsic inactivation rate in 0.2 Xgpg slows
from k; = 0.023 + 0.004 d™ at 0.2 uM BM-DGKyyesyisic to ki
=0.014 + 0.003 d™' at 1.8 uM BM-DGKyyew/153¢ (Figure 3,
black curves). In this model, the subunits dissociate and then

can either reassociate or undergo an irreversible inactivation. In
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Figure 3. Concentration dependence of steric trap dissocation and
reassociation. BM-DGKyq/153c Was incubated in 02 Xgpg without
mSAgys, (black) and with mSAg,s, (red). Free biotin was added to an
aliquot of sterically trapped BM-DGK(yyjeuissc at 89 h (blue). Data
are shown for three different concentrations of BM-DGKeyyieqsissc:
(A) 0.2 uM (B) 0.6 M, and (C) 1.8 uM. Error bars indicate standard
deviation of activities measured in triplicate. The specific activity of the
enzyme, corresponding to 100% activity, was 63 + 4 ymol-min™"
mg", which is within the reported ranges for wild-type DGK.>***
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the presence of mSA, however, the subunit dissociation
becomes irreversible by steric trapping.

As expected for a unimolecular irreversible dissociation in the
presence of mSA, the rate of inactivation by steric trapping is
not concentration dependent. Figure 3 shows steric trap
inactivation at 0.2 M, 0.6 uM, and 1.8 uM BM-DGK 5153
Double exponential fits yield steric trap inactivation rates (kgr)
of 0.4 + 02 d7", 03 + 0.1 d7%, and 0.7 + 0.2 d™* for 0.2, 0.6,
and 1.8 uM BM-DGKcyjess/1530, Tespectively. Thus, in spite of a
nearly 10-fold change in concentration, there is very little
change in steric trap inactivation rates. To test whether mSA
binding might be rate limiting, we mixed mSA and BM-
DGKygess/1s3c; incubated for 30 min, and then prevented
further binding by the addition of excess biotin. Analysis by
size-exclusion chromatography indicates that complete binding
to the intact trimer occurs within the 30-min incubation
(Figure S1 in Supporting Information) and is therefore too fast
to contribute significantly to kgr. Overall, these results are
consistent with a rate-limiting dissociation of a subunit from the
trimer or a slow conformational change within the trimer that
occurs prior to mSA trapping.

If the sterically trapped state is dissociated, it is possible that
the reverse reaction (reassociation) would be concentration
dependent, unless a conformational change is rate limiting. We
therefore examined the concentration dependence of reac-
tivation after the addition of a biotin competitor. To ensure that
the rate of mSA release is fast, we employed a mutant of mSA,
mSAgss with a reduced binding affinity. For this mutant,
biotin dissociation occurs with a half-life of less than 2 min at
room temperature.”® As shown in Figure §2 in Supporting
Information, mSAgs, has sufficient binding affinity at the
concentrations used to inactivate BM-DGK¢ygeqisac to the
same extent as mSA. Figure 3 shows the progress of activity
recovery after biotin addition (blue traces). Activity recovers
slowly over the course of many days, asymptotically
approaching the activity decay curve for the enzyme that has
not been subject to steric trapping (black traces). We fit these
curves to a double exponential reflecting both the recovery of
activity ky and the slow inactivation of the untrapped enzyme
(k,, see above). In these fits, k; was fixed at the observed
inactivation rate in the absence of mSA. At 0.2, 0.6, and 1.8 uM
BM-DGKcyyess153c we found that kg was 0.20 + 0.02, 0.21 +
0.04, and 0.38 + 0.07 d™, respectively. Thus, activity recovery
from the sterically trapped inactive state is only moderately
concentration dependent at best. Thus, from the recovery rates
alone it is still possible that sterically trapped DGK is not
dissociated or there is a rate-limiting conformational change at
some point during either refolding of the monomers or the
trimer that is much slower than the reassociation rate.

To test further whether the subunits are dissociated in the
sterically trapped state, we asked whether subunit mixing could
occur after steric trap inactivation. The experiment is outlined
in the box in Figure 1B. We reasoned that if we added
dissociated /unfolded subunits bearing a mutation in one-half of
the active site, they would be able to freely associate with the
sterically trapped monomers and dimers. Reassociation and
refolding could then restore complete activity to the sterically
trapped subunits, but the mutant subunits would be unable to
form active trimers on their own, as illustrated in Figure 1B. For
these experiments we first generated a steric trap inactivated
BM-DGKcyyese/153¢ by incubating with mSAg,s, for 4 days until
the activity dropped to about 60% of its starting value (Figure
3A). We then mixed with an inactive mutant of DGK, E76L,"

which had been previously unfolded at high SDS concentration.
If the steric trap inactivated BM-DGKgyyes/153c Was dissociated,
we expected that the mutant subunits would refold, mix with,
and reactivate the BM-DGKcy.q/153c subunits. As shown in
Figure 4, we saw essentially complete recovery of activity within
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Figure 4. Reactivation of sterically trapped DGK after mixing with the
inactive mutant, DGKgg.. The experiment is depicted in the shaded
box of Figure 1. The relative DGK activities after four different
experiments are shown: (1) Incubation of BM-DGKyutessisc for 98 h
by itself. The activity of this sample is treated as the maximum possible
activity that could be recovered. (2) Incubation of BM-DGKcyyess/issc
for 98 h in the presence of mSAg,s, to generate a sterically trapped
state. The reduction in activity to ~60% of the value in the absence of
mSA indicates the formation of steric trap inactivated enzyme. (3)
Addition of the SDS unfolding buffer used to unfold DGKg,¢ by itself
to the sterically trapped sample. (4) Addition of a S-fold molar excess
of a previously SDS-unfolded, inactive mutant DGKg,e to the
sterically trapped sample, followed by further incubation for 3 h. (5)
Addition of previously SDS-unfolded DGKg,¢ to the buffer used in
steric trapping. Steric trapping was performed in 0.2 Xgps. Error bars
indicate the standard deviation of activities measured in triplicate.

3 h of mixing with DGKgrs. The recovery of activity is
considerably faster than reactivation of trapped BM-
DGKyypessissc without the SDS-unfolded mutant subunits.
Fast refolding from an SDS-unfolded state is consistent with
earlier work.*>*" Tt therefore seems likely that the SDS and
steric trap unfolded states are different. Nevertheless, the SDS
unfolded subunits are capable of refolding with the sterically
trapped form and restore activity, indicating that the steric trap-
inactivated protein is dissociated.

‘While the results are consistent with the basic model outlined
in Figure 1B, in a system this complex, we cannot rule out all
possible mechanisms or minor parallel pathways for inactivation
and reactivation. Nevertheless, we believe that we can make the
following key observations: (1) Steric trapping leads to a
dissociated or partially dissociated inactive state as expected.
(2) The rate of appearance of the dissociated/unfolded state is
extremely slow in OG, with a half-life of at least 12.6 d (the rate
of inactivation with or without mSA).

Measuring DGK Unfolding by Subunit Exchange. As
an independent measure of subunit dissociation, we examined
the kinetics of subunit exchange. We created a subunit that was
distinguishable from the wild-type by inserting a pentagluta-
mate tag at the N-terminus of DGK to create a more negatively
charged protein, E-DGK. To prevent the possibility of
disulfide bond formation between subunits that could prevent
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exchange, the two native cysteines (C46 and C113) were
mutated to alanine to give the constructs used in these
experiments: DGKygess and Bs-DGRyess-

As shown in Figure 5A, DGKcyye and Es-DGKgyeqs can be
clearly separated on an ion exchange column. When the two
distinct subunits are expressed together in the same cell, we
observe mixed subunit compositions, although the distribution
is biased toward DGKgyy e, Which expresses at higher levels
than Es-DGKyye,- To monitor subunit exchange rates, we
incubated an equimolar mixture of DGKcyes and Eg-DGKe e
at room temperature in OG and monitored subunit exchange
by separation on the anion-exchange column. Very little
exchange occurred even after 7 days of incubation (Figure
5B). Moreover, as shown in Figure SC, ~86% of the activity is
maintained after 2 days and ~72% after 7 days. Thus, the lack
of subunit exchange cannot be explained by rapid irreversible
dissociation of subunits. The final ratio of the mixed peaks to
the pure DGKcyyess 0f Es-DGKeyye; peaks is expected to be 3:1
on the basis of binomial sorting, yet the ratio is only ~0.3 after
7 days, indicating that subunit exchange has only progressed to
about 10% of its expected final value. These results imply that
the half-life of subunit exchange in OG is at least ~5 weeks.

To compare our experiments in detergent micelles to more
physiologically relevant conditions, we measured DGK subunit
exchange in vesicles made from E. coli lipids. Proteoliposomes
containing DGK¢yyesy Es-DGKeyyiesyr OF @ mixture of both in the
same vesicles were prepared and incubated at 37 °C (Figure 6).
After incubation, the vesicles were solubilized in OG (where
only slow exchange occurs) and the subunit distributions
analyzed by anion-exchange chromatography as before. It was
necessary to use smaller quantities of enzyme for the vesicle
experiments, so we detected DGK by activity measurements
rather than absorbance at 280 nm. The results of these
incubations are shown in Figure 6. The activities and subunit
compositions remain largely unchanged over the 2-d incubation
period at 37 °C. Longer incubations were not attempted
because loss of liposome integrity can be significant after many
days.** Nevertheless, it is clear that subunit exchange is very
slow under physiological conditions, as we found for the
detergent-solubilized enzyme.

B DISCUSSION

Our results indicate that subunit dissociation of DGK is
extremely slow. Under the destabilizing conditions of 0.2 Xgps,
subunit dissociation occurs with a half'life of about 1.6 d as
measured by the steric trap inactivation rate (k¢r). In the
absence of steric trapping, the protein inactivates much more
slowly, and the rate of inactivation is slowed by increased
concentration, Previous work on the inactivation mechanism at
elevated temperatures also found a protection effect at higher
concentration.”® As suggested previously, we believe this must
reflect a partially reversible dissociation step that occurs prior to
inactivation of the dissociated subunit. Steric trapping renders
this partially reversible dissociation completely irreversible. In
pure OG without SDS, steric trapping does not enhance the
rate of inactivation. This suggests that dissociation is largely
irreversible under these conditions, rendering the inactivation
rate with and without mSA the same. It should be noted that
OG solubilization can also be considered partially destabilizing
conditions because the enzyme is more stable in other, longer-
chain detergents.m Nevertheless, the inactivation/dissociation
rate in OG is very slow, on the order of 2 weeks (12.6 d).
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Figure 5. Subunit exchange of DGK in 1.5% OG. (A) Anion-exchange
chromatograms of DGKcye (black), E¢-DGKyy,,, (red), and Eg-
DGKygess with DGRy, coexpressed in the same cells (maroon). All
samples were maintained at 4 °C during and after purification. (B)
Anion-exchange chromatograms of DGKcye, and Es-DGKeyye, that
were mixed after purification. The mixed samples were incubated for 0
d (blue), 1 d (light blue), 2 d (pink), 4 d (orange), and 7 d (green) at
room temperature. Absorbance at 280 nm was normalized to the
average value between elution volumes of 10 and 30 mL. (C) Activity
(normalized to the initial value) over the time period of the incubation
at room temperature. Error bars indicate standard deviation of
activities measured in triplicate.

As an independent measure of subunit dissociation rates, we
also examined the rate of subunit exchange. Only ~10% subunit
exchange was observed over the course of seven days in OG,
and no subunit exchange was observed after 2 days under
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Figure 6. Subunit exchange of DGK trimers in E. coli polar lipid
vesicles. Anion-exchange chromatograms are shown of a mix of
DGKygess and E¢-DGKyyes incubated at 37 °C for 0 d (blue), 1 d
(light blue), and 2 d (pink). Prior to chromatography, the vesicles
were solubilized in OG, and the chromatography was performed in
OG buffer. Fractions were assayed for activity and normalized to the
average value.

physiological conditions of E. coli lipid vesicles at 37 °C. Thus,
on the time scale of an E. coli cell with a doubling time of ~30
min, DGK essentially never dissociates.

Although the proximity of residue S3 in the trimer can
permit cross-linking of subunits in the IS3C mutant in the
presence of oxidizing agents,** the slow dissociation observed
here cannot be due to disulfide bonding. Steric trap inactivation
requires multiple labels, precluding disulfide formation in
proteins that are subject to the effects of steric trapping.
Moreover, we saw no evidence for dimer formation in mass
spectra of either the unlabeled or BM-labeled proteins,
consistent with the high percentage of labeling observed
(~71%). Disulfide formation was not possible in the subunit
mixing experiments since they were performed on a cysless
variant of DGK.

How might this high kinetic stability be achieved? A likely
mechanism is high thermodynamic stability. As yet, there are no
measurements for the thermodynamic stability of helical
membrane proteins under native conditions that do not involve
an uncertain extrapolation from high denaturant concentra-
tions. Nevertheless, theoretical arguments from Deeds et al.
suggest that cyclic oligomers should be particularly stable.>® In
the simple case of a cyclic trimer, formation of a dimer must be
sufficiently stable to overcome the entropy cost of reducing two
freely diffusing protein subunits to a single complex. The
completion of the trimer involves the same entropic cost term,
but the stabilizing contribution from the interface is doubled
because the final subunit forms two interfaces instead of just
one, providing a high level of stability. Cyclic oligomers are a
natural symmetry for membrane proteins that are constrained
to a planar bilayer. Indeed, AcrB is a cyclic trimer and appears
to also have a slow subunit dissociation rate.® As kinetic stability
is likely to be a favorable property for biochemical and
structural studies of membrane proteins, it might therefore
make sense to look for membrane protein homologues that are
higher order oligomers.

In the cell, proteins are often degraded by proteases that
recognize unfolded segments. Proteins that do not often sample
the unfolded state are resistant to proteolysis,*® and thus would
require some active mechanism of degradation. In E. coli, the
membrane-bound AAA protease FtsH is known to degrade an
unstable mutant of DGK, but not wild-type DGK.* It may also
be possible for membrane proteins to be cleaved at sites of local
unfolding, which may occur on a faster time scale than the
unfolding observed in our experiments. Whether active
mechanisms exist or are even needed in E. coli to degrade
kinetically stable proteins such as DGK is unknown.

Evolutionary pressure for high kinetic stability makes sense
for an enzyme like a-lytic protease that must operate outside
the cell under unforgiving conditions,* but the evolutionary
advantages of membrane protein kinetic stability is less clear.
Diacylglycerol kinase plays an important role in generating
membrane-derived oligosaccharides that protect cells against
osmotic stress conditions.>® Kinetic stability may therefore be
important for a protein that must remain active under harsh
conditions. In the milieu of the membrane where there is a high
concentration of protein, it may also be advantageous to avoid
unfolding that would provide opportunities for inappropriate
docking with other transmembrane helices. Helical bundles can
have slow rates of folding and unfolding due to frustrated
energy landscapes,®”*® which may also be a feature of
transmembrane helices, given the importance of van der
Waals packing*' that could lead to locally stable incorrect
conformations. For example Doura and Fleming showed that
the transmembrane helix of glycophorin A can dimerize in
multiple ways.* Differing structures of DGK solved by solution
NMR' and X-ray crystallography'” also suggest that it is
possible for the helices to pack in stable alternate
conformations. Kinetic stability may be a way to protect
against the formation of stable, but inactive structures.

How many kinetically stable membrane proteins exist is not
clear at this time. It is entirely possible that most of the
membrane proteins of known structure are kinetically stable
since proteins need to remain folded for the time required to
grow crystals or collect NMR spectra. Now that we know that
high kinetic stability can be obtained for membrane proteins, a
better understanding of the mechanisms of kinetic stability
could be of practical importance. It may allow for the
engineering of kinetic stability and expand the number of
proteins accessible to detailed scrutiny.
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Figure S1. Rapid initial binding of mSA to BM-DGKcysjess/isac. Size exclusion chromatograms are shown of
BM-DGKcysless/isac before (red) and after (black) incubation with mSA. Prior to chromatography, BM-
DGKeysiess/is3c Was incubated for 30 min with mSA and then further binding to BM-DGKcysjess/is3c Was

blocked by the addition of excess biotin.
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Figure S2. The weaker biotin binding mutant mSAgsa is capable of sterically trapping DGK. 0.2 uM BM-

DGKcystess/isac in 0.2 Xsps Without mSA (black) and with 1.8 pM mSAs,ss (orange) or wild-type mSA (gray).
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CHAPTER 3

Single-Molecule Measurement of Steric Trapping in
Lipid Bilayers



Moving assays into the single-molecule regime can open up new realms of study as well
as overcome some of the technical challenges of bulk experiments. Early single-molecule
fluorescence experiments measured the unfolding of chymotrypsin inhibitor 2 in denaturing
solvent (Deniz et al., 2000). The approach employs bright fluorophores attached to the protein
at residues close in the folded structure, but far apart in the primary sequence. The dyes exhibit
high Forster resonance energy transfer (FRET) from the donor dye to the acceptor dye under
folded conditions, but upon the titration of guanidine the dyes undergo a drastic loss of FRET.
Fluorescence from single-molecules is observed from freely diffusing protein at such a low
concentration that only a single protein is present in the confocal excitation volume at a time,
producing “bursts” of photons detected separately for donor and acceptor emission. While this
method can interrogate the unfolding and folding of a protein at a new level of detail, it is also
does not require a functional assays, is free of aggregation, and uses only a small amount of
protein. These advantages are especially enticing for membrane proteins that often do not have

functional assays, are prone to aggregate, and often suffer from low expression levels.

Instead of applying single-molecule FRET-based denaturant titration studies to
membrane proteins, we sought to merge a method for studying membrane protein folding under
native conditions with single-molecule measurements. The steric trap method utilizes the high
affinity of bulky monovalent streptavidin for a protein dual labeled with biotins that are only
accessible in the unfolded state (Blois et al., 2009) to drive unfolding within the context of the
lipid bilayer. While the steric trap method can measure membrane protein folding
thermodynamics and kinetics under native conditions, it has only been demonstrated on
membrane proteins with functional assays performed in bulk conditions (Chang and Bowie,
2014; Jefferson et al., 2013). Recent steric trapping studies of the E. coli rhomboid protease
GIpG have presented a pyrene-based fluorescence quenching assay that is generally applicable

to membrane proteins in the bulk condition (Guo et al., 2016).
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To translate this method into the single-molecule regime, we proposed monitoring
protein unfolding by measuring the fraction of doubly bound species. This new method
necessitates that the binding of monovalent streptavidin (mSA) be measured instead of assaying
for unfolding through a characteristic change in the membrane protein itself. Our scheme
directly labels mSA with two colors of bright single molecule dyes. By using a 1:1 mix of donor
and acceptor labeled mSA, half of the doubly bound population will display coincident bursts
under saturating conditions. Because the confocal volume is alternately excited by each laser on
a us timescale, photons detected in the acceptor emission channel during donor excitation are
attributed to the donor dye. At single-molecule concentrations, concerns regarding scattering
from lipid vesicles are irrelevant. The main challenge arises from the need to use a high
concentration of streptavidin to drive membrane protein unfolding, which creates a
heterogeneous mixture of molecules (Figure 3-1). Provided a sufficient amount of unbound
streptavidin can be removed before measurement, then the proteoliposomes containing bound
species can be separated from free fluorescent streptavidin by burst duration because the system
is diffusion based. The average time a large vesicle resides in the excitation volume will be
considerably larger than for monovalent streptavidin. Similar to previous steric trap
experiments, the titration of streptavidin will produce an unfolding curve that will be

proportional to the increasing fraction of coincident vesicle bursts.

To demonstrate the steric trap method under single-molecule conditions, we used
bacteriorhodopsin, a well-studied membrane protein that has been steric trapped in bicelles
(Chang and Bowie, 2014). Efforts to steric trap bacteriorhodopsin in lipid vesicles have been
challenged by the need to measure absorbance of the retinal chromophore, which requires a
high amount of protein and lipid. While bR is not hard to purify in large quantities, the high
concentration of vesicles presents a scattering problem for absorbance measurements. To

remedy this, the vesicles are solubilized in detergent just before reading. Thus, while the
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membrane protein is incubated in a native bilayer, the measurement necessitates the
destruction of that environment. By moving this method to a single-molecule measurement we
hoped to avoid the challenges of bulk vesicle measurements, as well as generalize the technique

for a broader array of targets.
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Figure 3-1 Schemes for preparing steric trapped membrane protein in vesicles for single-molecule measurements.
(A) Scheme for preparing steric trapped vesicles for single-molecule measurement using biotin-agarose beads.
Representation of the reaction mixture is shown below. Inactive streptavidin is depicted by gray circles. Fluorophore-
labeled monovalent streptavidin is differentiated by acceptor (red) and donor (green) dyes. (B) Scheme for preparing
steric trapped vesicles for single-molecule measurement using desalting spin columns of Sephacryl S-400 HR resin.
Representation of the reaction mixture is shown below. Streptavidin representation is same as in panel A. (C)
Example single-molecule bursts. Scale bar represents a burst intensity of 10 photons/ms. Photons are binned in 1
ms intervals. Short bursts that do not pass the duration constraint for bound proteoliposomes are marked with a gray
background. Long bursts passing the duration constraint are marked with a black background.
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Preparation of Single-Molecule Vesicles and Dye-

Conjugated Streptavidin for Steric Trapping

Bacteriorhodopsin (bR) was purified as described (Chang and Bowie, 2014). The same
double-cysteine background (D36C/F230C) was used for biotin attachment. Wild-type bR is
too stable in 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) vesicles, so the protein
was destabilized with a point mutation (M20A) to enable steric trapping on a reasonable
timescale. 2 pl of purified bRpssc/r230c/M20a in purple membrane was solubilized in 34 pl of 20
mM sodium phosphate (pH 6.0), 1% 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC): 3-
[(3-Cholamidopropyl)dimethylammonio]-2-hydroxy-1-propanesulfonate (CHAPSO) 1:1 (w/w)
and treated with 2 ul of 40 mM tris(2-carboxyethyl)phosphine (TCEP) (ThermoFisher
Scientific) for final concentrations of ~10-20 UM bRusoa and 2 mM TCEP. After reducing the
cysteines for 2 h at room temperature, 2 pl of 20 mM N-(biotinoyl)-N"-
(iodoacetyl)ethylenediamine (Biotium) to a final concentration of 1 mM. The labeling reaction
was incubated overnight with shaking at room temperature. Unreacted label was removed by
0.5 ml 40K MWCO Zeba Spin Desalting Columns (ThermoFisher Scientific). Desalting columns
were washed three times with 300 ul of 20 mM sodium phosphate (pH 6.0), 1% DMPC:CHAPSO
1:1 (w/w) before desalting the labeling reaction. The eluted biotinylated bRm2oa (bRm204-BE5)

was used promptly for incorporation into vesicles.

To yield vesicles with only a single bRm20a-BE., the incorporation of protein was
statistically skewed by mixing 1 bRum2oa-BE- per ten 0.1 um POPC (Avanti Polar Lipids) vesicles.
Most of the resulting vesicles will be empty of protein, but 97% of the non-empty vesicles will
only contain a single bacteriorhodopsin protein, according to a Poisson distribution where the

probability of incorporation into a vesicle is the number of bRm20a-BE. molecules divided by the
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volume of the membrane phase, analogous to the probability of capturing a single molecule

within a vesicle (Okumus et al., 2004).

In a typical incorporation, 34 nM bRm20a-BE. was added to 500 pul of 33 mM POPC
dissolved in 20 mM sodium phosphate (pH 6.0), 4% n-octyl-B-D-glucopyranoside (OG). The
protein and lipid solution was dialyzed against 3 exchanges of 500 ml of 20 mM sodium
phosphate (pH 6.0) in a 50 kD MWCO dialysis bag at 4 °C. The formed multilamellar vesicles
were extruded through a 0.1 um Nucleopore track-etched polycarbonate membrane (Whatman)
15 times in a mini-extruder (Avanti Polar Lipids) to create a monodisperse distribution of

unilamellar vesicles.

A cysteine variant of streptavidin (A35C) was created by site-directed mutagenesis for
the attachment of fluorescent dyes. Active mSAuxgsc variants were purified as previously
described (Hong et al., 2009), except that 1 mM TCEP was added to all buffers after refolding
the streptavidin with inactive subunits to prevent cysteine oxidation. Purified aliquots were
snap frozen in liquid nitrogen and stored at -80 °C. Inactive streptavidin (dSA) was made by
concentrating a refolded solution of inactive subunits and passing it over a HiTrap Q anion
exchange column (GE Healthcare Life Sciences). The flow-through was collected, concentrated

again, and stored at 4 °C.

Prior to labeling, ~20 uM streptavidin was treated with 1 mM fresh TCEP for 2 h at room
temperature. Iodoacetamide-derivatized dyes (donor: ATTO 532 (ATTO-TEC), acceptor: LD650
(Lumidyne Technologies)) were added to a final concentration of 1 mM in a 40 pl reaction and
incubated with shaking overnight at room temperature. Unreacted dye was removed by
separation on a Superdex 200 10/300 GL size-exclusion chromatography column (GE

Healthcare Life Sciences). Streptavidin labeled with donor and acceptor dyes were mixed to give
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an equal concentration of dyes, and thus a maximum probability of doubly bound unfolded bR

producing coincident bursts.

To create steric trapped bRm2oa-BE., single-molecule proteoliposomes were diluted to 1-
30 nM and incubated with varying concentrations of dye-labeled streptavidin in 20 mM sodium
phosphate (pH 6.0) for 1-2 days to equilibrate. 0.1 mg/ml dSA was added to block nonspecific
binding of dye-conjugated streptavidin to membranes and reaction vessels. In addition to dSA,
we attempted to prevent loss of bound proteoliposomes to adsorption, either to plastic and glass
surfaces or to the membranes themselves. The bright fluorophores used for single-molecule
experiments are particularly hydrophobic (Hughes et al., 2014) and at the measured
concentrations (low pM) the fraction lost to adsorption is significant. To protect against
adsorption, pipette tips, plastic reaction tubes, and the glass chamber used for single-molecule
measurements were coated with siliconizing fluid (AquaSil, ThermoFisher Scientific) to create a
non-interactive surface. Using siliconized equipment helped preserve fluorescent material and
yielded more observed bursts at identical dilutions compared to non-siliconized materials

(Figure 3-2).

Single-molecule recordings were made on a previously described setup (Kapanidis et al.,
2004). Samples diluted to measureable concentrations were sealed in a chamber made by two
glass coverslips around an adhesive silicone gasket. The sample did not contact the gasket
material. Excitation intensities were 100 uW at 532 nm for the donor fluorophore and 150 yW
at 638 nm for the acceptor fluorophore. The alternation period was 50 pus. Donor emission was
detected through a 580 df 60 nm filter. Acceptor emission was detected through a 697 df 45 nm
filter. Background rates were determined by fitting the histogram of interval times between
subsequent photons to a negative exponential curve. Bursts were defined by a sliding window of
10 photons that achieved a threshold rate of 6 times above the background rate. Data analysis

was performed using homebuilt LabVIEW software (National Instruments).
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Figure 3-2 Comparison of vesicle bursts with and without siliconization. Orange circles are bursts from fluorophore-
labeled mSAxssc in the presence of bRw20a-BE2 POPC vesicles previously saturated with unlabeled WT mSA. Blue
circles are bursts from fluorescent WT mSAassc bound to bRwz0a-BE2 POPC vesicles. Brown circles are bursts from
bRm20a-BE2 POPC vesicles incubated with the same concentration of fluorescent WT mSAassc, but incubated, diluted,
and recorded with siliconized materials.

Efficient Removal of Free Streptavidin

While single-molecule diffusion experiments can inherently separate vesicle bursts from
free protein, it is still crucial to remove most of the free protein so the population of bound
species is not drowned out by unbound bursts. The excess mSA must be removed quickly so
that doubly bound complexes do not dissociate into singly bound or unbound species due to the
off-rate of streptavidin variants. Off-rates were measured using a fluorescein biotin conjugate,
biotin-4-fluorescein (ThermoFisher Scientific) that is quenched upon binding. Recovery of the

quenched biotin-4-fluorescein upon dissociation was monitored after competing with excess
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free biotin. While the wild-type monovalent streptavidin has an extremely slow off-rate with a
half-life of ~38 d, mutants with modulated affinity that can be used for binding curves have half-
lives from 4.5 h to 11.6 h (Figure 3-3). Though some dissociation will occur over the course of a
20-30 min measurement, the off-rate remains linear within this time frame, which will not alter

the final shape of the binding curves.
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Figure 3-3 Dissociation kinetics of mSAassc variants and biotin-4-fluorescein. mSA variants were bound to an
equimolar amount of biotin-4-fluorescein for 10 min. Fluorescence recovery was monitored after addition of 100-fold
excess free biotin and normalized to free biotin-4-fluorescein. Inset: Expanded zoom of first two hours of
fluorescence recovery after addition of excess free biotin.

Initially, attempts to remove free streptavidin used biotin-agarose beads (Sigma Aldrich)

to pull down unbound streptavidin immediately prior to single-molecule measurements. The
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beads have a high binding capacity of 30 mg/ml avidin in a 1:1 slurry, so only a small amount of
beads needs to be added to the vesicle incubations. 1 part bead slurry was added to 4 parts of
the steric trapped vesicles. The beads were suspended during the pull down with a vortex on
medium-low speed for 15 min. The reaction volume was 40 uL and the tubes were fastened

upright to the vortex and protected from ambient light to prevent photobleaching.
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Figure 3-4 Fluorescent bursts after removing free streptavidin with DMSO-washed biotin-agarose beads.
Fluorophore-labeled WT mSAassc were added to bRw20a-BE2 POPC vesicles saturated with unlabeled WT mSA.
Gray circles represent bursts after removing mSA with biotin-agarose washed with DMSO 10 days prior. Orange
circles represent bursts after removing mSA with biotin-agarose freshly washed with DMSO.

After optimizing the pulldown conditions, bursts from free dye-labeled streptavidin still
remained. Hypothesizing that a small amount of biotin could be dissociating from the agarose

and prevents complete removal of free streptavidin, the beads were washed with 20 CVs of
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dimethyl sulfoxide (DMSO) using a gravity column. The beads were left in DMSO overnight and
then washed again with 20 CVs of DMSO. The DMSO helped solubilize free biotin and wash it
away while only biotin attached to the agarose beads remained. The streptavidin removal was
much improved and left only a small number of short bursts that could be removed by a

duration constraint of ~30 ms (Figure 3-4).

While improved, mSA removal via biotin agarose bead pulldowns was still imperfect.
Using a duration constraint to select for vesicle bursts only eliminates many bursts because,
although vesicles will diffuse slower due to their relative size, most molecules will skirt the edges
of the confocal volume and thus have typically short burst duration times. With better removal
protocols, we can include more bursts without separating by duration. Instead of using the
affinity of free streptavidin for biotin, we employed desalting spin columns that would remove
free streptavidin based on size in a timely manner. Custom spin columns were made with Pierce
spin columns and 600 pl of 1:1 Sephacryl S-400 HR resin slurry (GE Healthcare Life Sciences).
Spin columns were washed with 300 pl of 20 mM sodium phosphate (pH 6.0) three times before
use. To isolate bound single-molecule vesicles, 25 ul of steric trapped vesicles were added to a
washed spin column and eluted by centrifugation at 3000 rpm for 2 min. The eluent was
discarded and another 25 ul of 20 mM sodium phosphate (pH 6.0) was added to the same spin
column to elute the peak fraction of vesicles. To clean up the vesicles for single-molecule
measurement, this second elution fraction was passed through two more spin columns of
washed Sephacryl S-400 HR resin. Removing free streptavidin by desalting spin columns
provided a superior protocol for isolating bound vesicles, leaving only small bursts in the
unbound control, which could be removed by a small size constraint of 20 photons without a

duration constraint (Figure 3-5).
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Figure 3-5 Removal of free streptavidin by desalting spin columns. Blue circles represent bursts from bR POPC
vesicles bound with fluorophore-labeled WT mSAassc. Red circles represent bursts recorded after mSA removal with
3 spin columns of Sephacryl S-400 HR resin from the same concentration of fluorescent WT mSA in the presence of
bRm20a-BE2 POPC vesicles previously saturated with unlabeled WT mSA. A size constraint of 20 photons was used
to eliminate most of the bursts left after removal.

Defining Coincident Bursts

Calculating the fraction bound from single-molecule measurements of desalted steric
trapped bRuzoa/ps6c/F230c in POPC vesicles was based on simple stoichiometry of the burst. The
number of photons from the donor fluorophore is divided by the total number of photons from
both fluorophores gives a stoichiometry term for the burst, S. If S=1, the burst is from a donor-

only molecule. If S=0, the burst is from an acceptor-only molecule. A stoichiometry of 0.5
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indicates a burst from a molecule with both a donor and acceptor fluorophore. Burst
stoichiometries are rarely so clean-cut due to photophysical properties of the fluorophores, their
attachment to the protein, their trajectory through the excitation volume, and the detectors. To
account for the variability of burst stoichiometry we created single-bR vesicles bound with only
donor-only or acceptor-only streptavidin. The stoichiometries of those control bursts served as
negative controls for coincident bursts, while coincident bursts were defined as those with

stoichiometries between the donor-only and acceptor-only extremes (Figure 3-6).
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Figure 3-6 Negative controls for stoichiometry of coincident bursts. Histograms of burst stoichiometry from bRwm2oa-
BE, POPC vesicles saturated with acceptor fluorophore-labeled mSAassc (red) or donor fluorophore-labeled mSAassc
(black). Coincident stoichiometries were bounded by the Gaussian fits to acceptor burst stoichiometry +5 o and
donor burst stoichiometry -5 o.

Employing a stoichiometry-only constraint to define coincident bursts, a binding curve

was constructed with wild-type streptavidin. The high affinity of WT mSA (4.8 x 104) (Howarth
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et al., 20006) is expected to create a stoichiometric binding curve. The fraction of coincident
bursts increases with fluorescent mSA concentration until about 15 nM where the fraction of
coincident bursts plateaus. However, due the imprecise measurement of the actual doubly-
biotinylated incorporated bR after vesicle formation and extrusion, the protein concentration
was overestimated and the resultant curve lacks data points below the maximum observed
coincidence. The fraction coincident was averaged from three separate steric trap incubations
and showed good agreement, but the maximum fraction of coincident bursts is much lower than
expected at 5-7% of vesicle bursts being coincident. While coincidence is not expected to be the
ideal 50% due to incomplete fluorophore labeling of mSAassc and biotinylated bR, the observed

plateau was significantly lower than the expected 20-25%.

A second set of steric trap incubations was measured at lower streptavidin
concentrations to fill in the unsaturated slope of the binding curve. No stoichiometric binding
curve appeared and instead of a plateau of maximum coincidence, the observed coincidence
resembled an intrinsic baseline of coincident bursts independent of streptavidin concentration.
The burst stoichiometry histograms show a non-zero but essentially constant level of bursts in
the range of coincident stoichiometry (Figure 3-7). We hypothesized that the coincident bursts
were not actual doubly bound complexes, but rather singly bound folded bR that happened to
enter the excitation volume at the same time as another singly bound bR of the opposite color.
If this was true, then the bR incorporated into POPC vesicles was not unfolding, perhaps due to
the lack of aggregation at single-molecule concentrations that could help destabilize the
membrane protein at bulk concentrations. We then sought to create coincident bursts by other
means that would help define truly coincident complexes from random coincidence of two

different fluorescent vesicles.
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Figure 3-7 Comparison of burst stoichiometry for titrations of fluorophore-labeled WT mSAassc. bRmzoa-BE2 POPC
vesicles were incubated with increasing concentrations of fluorescent WT mSAassc. As a control for random
coincidence of acceptor vesicles with donor vesicles, a 1:1 mixture of bRw20a-BE2 POPC vesicles saturated with
acceptor-labeled WT mSAassc and donor-labeled WT mSAassc.

We attempted to create positive controls from unfolded bR, dimerized streptavidin,
double-stranded DNA, and direct labeling of the bR cysteine mutant. To ensure an unfolded bR,
we titrated in a molar ratio of fluorescent streptavidin to SDS-unfolded bR. Without removal of
free streptavidin, the coincidence reaches a maximum when there is one mSA per biotin binding
site, and higher ratios of streptavidin drown out the coincidence to give a lower fraction of
coincident bursts. (Figure 3-8) While the fractional coincidence increases around the ratio of
mSA:bR for binding all biotin sites, the coincidence does not display a very prominent peak

beyond the baseline level.
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Figure 3-8 Fraction of coincident bursts from unfolded bRm2oa-BE2. bRm20a-BE2 solubilized in DMPC:CHAPSO
micelles was titrated into a constant concentration of fluorophore-labeled WT mSAassc in 0.63 Xsps. MSA was
allowed to bind for 1 h at RT before recording bursts. Error bars are standard error from triplicate measurements.
Due to incomplete biotinylation, all biotin sites are expected to be bound at a mSA:bR ratio of 0.59.

To avoid using a mix of streptavidin and biotinylated membrane protein that can yield
unsaturated bRu2oa-BE. or excess free streptavidin, we attempted to create self-dimers of mSA
using a bifunctional linked biotin. The formation of dimers was imperfect, even at a 1:2 molar
ratio of linker to monovalent streptavidin, but the dimeric species was purified by size exclusion
chromatography on a Superdex 200 10/300 GL column. However, even with purified dimers of
dye-conjugated monovalent streptavidin, coincident bursts were still only observed at

background levels.
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Failing coincident bursts from dye-conjugated monovalent streptavidin dimers, we
conjugated dyes to complimentary DNA oligos. Separate labeling of the complimentary strands
creates double-stranded DNA with one of each donor and acceptor dye. To attach our custom
single-molecule fluorophores, we used thiol modified oligos, which limited our labeling

efficiency. Even with modest labeling, there was still no clear coincident population of bursts.

Finally, we tried directly attaching both dyes directly to the double cysteine mutant of
bR. Labeling with an equimolar ratio of both dyes should yield a mixture of labeled bR similar
to bR steric trapped with fluorescent streptavidin. This method suffers from incomplete
labeling and differential labeling efficiencies of each cysteine residue, so, perhaps

unsurprisingly, did not produce measureable coincident bursts.

Alternate Detection of Steric Trapped Protein

Due to the lack of coincident bursts in steric trapped proteoliposomes and a robust
positive control, we sought other means of detecting the unfolded fraction. It is possible to
sterically trap under single-molecule conditions and then pool the protein and detect unfolding
in a bulk assay, albeit still with high sensitivity. Recently, the Hong lab has advanced the steric
trap method with reporter biotin labels conjugated to the nitroxide EPR probe, fluorescein, or
pyrene. Though fluorescein is not bright or photostable enough for single-molecule
measurements, in aggregate fluorescein is a useful probe. We took advantage of the large size
and detergent resistance of streptavidin to separate doubly bound unfolded bR from singly
bound folded bR by SDS-PAGE. The gels can then be fluorescence scanned for only bands
containing biotin-fluorescein labeled bR, ignoring excess streptavidin and unlabeled bR bands.
While significantly less technically complex than observing single molecules in solution, this gel-

shift method provides the advantage of measuring multiple incubations in parallel on the same
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gel. This method would also offer a quick way to measure membrane protein stability without

the need for expensive specialized equipment.

Labeling of bRmaoa/ps6c/r230c With biotin-fluorescein-iodoacetamide (Gift from H. Hong
Lab, Michigan State University) and steric trap incubations were similar to those for single-
molecule measurements, with minor changes. The concentration of fluorescein-labeled bRuzo0a
(bRm20a-BF,) was ultimately too low to be observed with a fluorescence scanner when
incorporated at a ratio of 1 bRum20a-BF2 molecule per 10 vesicles, so ratio of 1:5 was used instead.
This ratio still ensured that 94% of the proteoliposomes contained only a single bRy2oa-BF-
molecule. This method requires destruction of the vesicles in SDS for gel electrophoresis, which
denatures bR and allows all biotin sites to become accessible. To prevent complete binding of
every biotin site during SDS-PAGE, an excess of biotin was added in the gel loading buffer to
block all free streptavidin. Gels were run at 140 V on ice to keep the steric trapped complexes

intact.

Initial tests with WT mSA contained contaminating fluorescent bands from free
streptavidin. The streptavidin used was not fluorescent, so the bands appeared from a small
amount of free biotin-fluorescein label that remained after desalting and dialysis during vesicle
formation. A size-exclusion chromatography step was added after the desalting column to
remove any remaining unreacted label. The label was tightly associated with bRu20a-BF> and
eluted only marginally later than the protein in 0.2% n-dodecyl-p-D-maltoside on a Superdex
200 10/300 GL column. Lower concentrations of detergent were ineffective at separating the
free label. Unreacted dye mixed with bRwm-0a in detergent separates cleanly, so the limited
separation after the labeling reaction is likely due to the label embedding in the protein micelle
after the long reaction times. Once purified, the labeled bRy20a-BF. was then incorporated into
liposomes by dialysis as before. The resulting incubations were free of any fluorescent

streptavidin bands.
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Figure 3-9 Measuring unfolding bRwz20a-BF2 with WT mSA by gel-shift. (A) Fluorescence scan of SDS-PAGE after
incubation of bRu20a-BF2 POPC vesicles with WT mSA. mSA lane is WT mSA bound to biotin-4-fluorescein. bR lane
is bRu20a-BF2 alone. (B) Quantification of the fraction of unfolded bRwu20a-BF2 calculated from band intensities in
Image Lab software (Bio-Rad Laboratories). Error bars are standard error from three gels.
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WT mSA titrations produced a clear stoichiometric binding curve. (Figure 3-9) There
were bands from singly bound and unbound bRwm.0a-BF- even at saturating concentrations of
streptavidin. At first, these caveats were attributed to inconsistent labeling of the cysteines that
yields bR with a single label that can only be singly bound, and inward facing bR whose biotin

labels are inaccessible to streptavidin and ultimately unbound.

However, attempts to create a binding curve with weaker affinity streptavidin mutants
were unable to capture the same levels of unfolded bRu2oa-BF.. The S27A mutant of mSA has a
half-life of dissociation from free biotin-4-fluorescein of 6.44 h, so most steric trapped
complexes should stay intact during the gel electrophoresis. Even with high concentrations of
mutant streptavidin as used in bulk experiments, doubly bound unfolded bRm20a-BF. was
undetectable and singly bound bRum20a-BF. bands were significantly reduced in intensity from
WT mSA. (Figure 3-10 A) To confirm the streptavidin off-rate in a more relevant context, the
dissociation rate from bound bRmsoa-BE. to free biotin-4-fluorescein was measured in SDS and
non-denaturing detergent. Surprisingly, the off-rate of S27A monovalent streptavidin from
biotin conjugated to bR was found to be 30.9 times faster in 0.2% n-dodecyl-§3-D-
maltopyranoside and 74.3 times faster in 2% SDS (Figure 3-10 B). To prevent dissociation, we
tried to observe gel shifting with native PAGE in non-denaturing detergent without excess
biotin. Though the streptavidin dissociation may still be fast from the membrane protein
micelle complex, the complexes could reform without the need for excess free biotin, provided
the gel electrophoresis separation did not physically prevent re-association. The slow migration
rate of the membrane protein complexes by native PAGE was mitigated with blue-native PAGE,

but neither clear-native nor blue-native PAGE displayed doubly bound unfolded bR bands.
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Figure 3-10 Dissociation of mutant mSA from steric trapped complexes. (A) Fluorescence scan of SDS-PAGE after
incubation of bRw20a-BF2 POPC vesicles with S27A mSA. mSA lane is WT mSA bound to biotin-4-fluorescein. bR
lane is bRm2oa-BF2 alone. WT lane is bRu20a-BF2 POPC vesicles incubated with 500 nM WT mSA. (B) Dissociation
of S27A mSA from bRw20a-BE2. bRm20a-BE2 was bound with a 2-fold excess of S27A mSA in 2% SDS to ensure all
biotin sites were bound. mSA was competed with an excess of biotin-4-fluorescein and the fluorescence quenching
was monitored.
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The accelerated off-rate of monovalent streptavidin from biotin-conjugated membrane
proteins is a significant technical challenge for single-molecule steric trapping in which the
steric trapped protein must be isolated from the bulk of excess monovalent streptavidin,
whether for single-molecule diffusion measurements or gel electrophoresis. Bulk experiments
are measured at equilibrium, and as such the off-rate problem is not a concern. The pyrene
quenching steric trap assay developed by the Hong lab provides a sensitive and general method
for interrogating membrane protein folding (Guo et al., 2016). In the single-molecule realm,
force spectroscopy offers a robust alternative for reversibly unfolding single membrane proteins

(Min et al., 2015, 2016; Serdiuk et al., 2016; Thoma et al., 2015).
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Mapping the energy landscape for second-stage
folding of a single membrane protein

Duyoung Min"245, Robert E Jefferson3®, James U Bowie3* & Tae-Young Yoon'2*

Membrane proteins are designed to fold and function in a lipid membrane, yet folding experiments within a native membrane
environment are challenging to design. Here we show that single-molecule forced unfolding experiments can be adapted
to study helical membrane protein folding under native-like bicelle conditions. Applying force using magnetic tweezers,
we find that a transmembrane helix protein, Escherichia coli rhomboid protease GlpG, unfolds in a highly cooperative manner,
largely unraveling as one physical unit in response to mechanical tension above 25 pN. Considerable hysteresis is observed,
with refolding occurring only at forces below 5 pN. Characterizing the energy landscape reveals only modest thermodynamic
stability (AG = 6.5 k;T) but a large unfolding barrier (21.3 k;T) that can maintain the protein in a folded state for long periods
of time (t,/, ~3.5 h). The observed energy landscape may have evolved to limit the existence of troublesome partially unfolded

states and impart rigidity to the structure.

two major stages'?. The first stage is initial insertion of trans-

membrane helices, which appears to be largely governed by
the water-membrane partitioning of free energy®. In the second
stage, the protein completes folding to its final native structure.
Thus, once insertion occurs, membrane protein folding and unfold-
ing occurs within the membrane. Ideally, studies of the second stage
of folding would be performed in a membrane environment, yet
folding studies require a means for altering the energy landscape to
favor the unfolded state, which is hard to achieve in a membrane.
One method, called steric trapping, drives unfolding by using a
protein that binds preferentially to the unfolded state**. Atomic
force microscopy (AFM) has been extensively used to study forced
unfolding of membrane proteins from bilayers®-*. The AFM studies,
however, apply force parallel to the membrane normal so that
the proteins are physically pulled out of the membrane. To study
the more physiological process of folding within a membrane, it is
necessary to apply force along the membrane plane.

Here we developed a new method to observe the forced unfold-
ing and refolding behavior of a single membrane protein within a
lipid bilayer environment. By adapting techniques pioneered for
soluble protein folding'®", we hold a single membrane protein in
a magnetic trap and provide a bilayer environment for the protein
using bicelles, self-assembled bilayer discs wrapped by detergent
molecules'> ', We use this magnetic trapping strategy to study fold-
ing and unfolding of a helical membrane protein, GlpG. GlpG is an
E. coli rhomboid intramembrane protease that has six transmem-
brane o-helices'>'* and cleaves other transmembrane substrates in
a lipid bilayer'*-%. Previously reported extensive bulk equilibrium
and kinetic folding studies on GlpG mutants in detergent provide a
useful comparison**%. Because GlpG has an even number of helices,
the pulling direction is exactly defined along the membrane plane
when the N and C termini of GlpG are pulled.

We found a remarkably high degree of cooperativity and a high
barrier to unfolding, so large forces were required to unfold the
protein at an appreciable rate. To see refolding at a measurable
rate, we must return to much lower forces. Thus, we were unable to
observe reversible folding directly. Nevertheless, we could construct

| | elical membrane protein folding can be broken down into

a putative energy landscape by extrapolating the observed fold-
ing and unfolding rates to zero force. We found that GlpG is held
close to its native state by a deep energy well near the folded
conformation. The energy landscape is ideal for preventing the
formation of misfolded states both during insertion and after
the protein is synthesized.

RESULTS

Cooperative unfolding and refolding of GIpG in bicelles
Single GlpG proteins were covalently linked to two DNA handles
(512 base pairs each) at the N- and C-terminal ends'****" (Fig. 1a
and Suppl y Results, Suppl ary Fig. 1). One DNA
handle was anchored to a PEG-coated surface via biotin-avidin
binding, and the other handle was attached to a magnetic bead.
As a pair of magnets approaches, the magnetic bead experiences
increasing force of up to tens of pN, which is then delivered to
the tweezed GlpG protein”-*. The change in the bead height (i.e.,
the extension value) as a result of the force application can be mea-
sured (Fig. 1a). With this experimental scheme, we are able to apply
tension in a direction vertical to the membrane normal vector,
allowing the GlpG protein to unfold and refold within the lipid
membrane (Supplementary Fig. 2). The experiment is free from
nonspecific interactions with the surface because the DNA handles
completely separate the GlpG protein from the surface.

Gradual pulling experiments with GlpG, in which the force
was slowly increased as the magnets approached the sample at a
constant speed (0.1 mm s, corresponding to an average force-
loading rate of ~0.5 pN s7'), revealed a high degree of unfolding
cooperativity (Fig. 1b). The GlpG protein remained intact until
the magnetic force was increased to ~25 pN and then showed one
abrupt unfolding event with a step size of 40 nm (Fig. 1b). The
observed 40-nm increase was very close to the expected value
when a fully folded GlpG was unfolded to a completely unstruc-
tured polypeptide at 25 pN (Supplementary Fig. 3). Thus, although
unfolding was initiated in a bicelle environment, driving unfold-
ing with a reasonable probability required such high force that the
entire protein ultimately unraveled. Our observation suggests highly
cooperative unfolding of the entire GlpG protein.

'National Creative Research Initiative Center for Single-Molecule Systems Biology, KAIST, Daejeon, South Korea. 2Department of Physics, KAIST, Daejeon,
South Korea. *Department of Chemistry and Biochemistry, University of California-Los Angeles, Los Angeles, California, USA. “Present address:
Department of Chemistry and Biochemistry, University of California-Los Angeles, Los Angeles, California, USA. *These authors contributed equally

to this work. *e-mail: bowie@mbi.ucla.edu or tyyoon@kaist.ac.kr
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We observed a large refolding hysteresis. The unfolded GlpG
protein only refolded when we decreased the force to a few pN
so the unfolding and refolding cycle had a force gap of more than
20 pN (Fig. 1b). At these low forces, the transmembrane helical
structure could be restored before refolding, allowing refolding
within a protein-bicelle complex (Supplementary Fig. 3).
The unfolding and refolding cycle could be repeated up to tens
of times in a very reproducible manner, indicating that, in spite of
the hysteresis, the protein completely refolded using our experi-
mental setup.

The experimental system was remarkably robust. We removed
the bicelles by buffer exchange, leaving the hydrophobic poly-
peptide in an aqueous environment (Fig. 1b and Supplementary
Fig. 4). Under these conditions, we saw a single unfolding event
at low (5 pN) forces, and the large hysteresis completely vanished
(Fig. 1b and Supplementary Fig. 5d). When the bicelle condi-
tion was restored by another round of buffer exchange, however,
the unfolding and refolding behavior of the GlpG protein was fully
restored (Fig. 1b). Moreover, addition of detergent molecules alone,
instead of bicelles, substantially decreased the unfolding force and
made its distribution much more heterogeneous (Supplementary
Fig. 5). These observations indicate that the bicelle condition
has a crucial role in the cooperative unfolding and refolding of

Force

rzw

30

Inlemledla(e—*

25

o
4%
—
-3
8
{4
o
Force (pN)

NATURE CHEMICAL BIOLOGY pot: 10

8/NCHEMBIO.1939

GIpG and also point to the advantage of the single-molecule
tethering approach for studying the folding of membrane proteins
that are so prone to irreversible aggregation.

Intermediates in C- to N-terminal unfolding of GIpG
Although unfolding of GlpG was essentially a cooperative pro-
cess, we noticed transient intermediates, or pauses, during unfold-
ing (Fig. 1c). We sought to identify where these unfolding pauses
occurred. In the pulling experiment shown in Figure 1, however,
where mechanical tension was gradually increased, the unfold-
ing events stochastically occurred at different force levels, which
precluded direct comparison of observed step sizes. We therefore
designed a ‘force-jump’ experiment where the magnetic force
was rapidly increased and maintained at a predetermined value?”
(Fig. 2). In such force-jump experiments, unfolding of GlpG was
induced at a constant force level, and the observed extension
increases could be pooled together to elucidate the structure of
unfolding intermediates*-¢,

When we employed force jumps to 21 pN, we were able to observe
four different patterns in the unfolding of single GlpG proteins
(Fig. 2a and Supplementary Fig. 6). In about 60% of the total
unfolding trajectories (n = 295), no intermediates were resolved
with our time resolution. In one-third of the trajectories, one

unfolding intermediate was detected. The

extension distribution of these intermediates

showed two Gaussian peaks with one peak

at ~10 nm (1)) and the other at ~20 nm (1,).

In 7.8% of the trajectories, we observed two

intermediates. These two intermediates almost

¥ exactly overlap with the I, and I, intermedi-
ates observed for the one-intermediate cases,
suggesting that I, and I, do not represent two
independent pathways but two intermediates
along one unfolding pathway (Supplementary
Fig. 6). Finally, we measured the dwell times in
I, and I, (7, and 7,) and compared these dwell
times with the total unfolding time, 7, which

b Buffer Buffer

exchange

Bicelle Without bicelle

Extension (nm)

exchange

was the time elapsed between the force jump to
21 pN and the moment of complete unfolding
(Fig. 2b). Both 7, and 7, were <2% of 7, quan-
titatively showing that the unfolding process of
GlpG had essentially one rate-limiting step and
paused only briefly in the I, and I, intermedi-

Bicelle

30

| Unfolding — -

Slve(chmgf JRelaxatlon

Unfolding/
refolding

LY

Force (pN)
&

— -
Unfolding

ate states after the rate-limiting step (Fig. 2c).
In fact, no intermediates were observed in
60% of the unfolding trajectories with our
current time resolution. This dwell-time analy-
sis quantitatively illustrates again that the
intermediates are very transient compared to
the total unfolding; thus, the unfolding of the
entire GlpG protein is highly cooperative.

We reasoned that the observed unfold-
ing is a unidirectional process beginning at
either the N or C terminus (Supplementary

Extension (nm)

e PP

Figure 1| Coop g and refolding of GIpG in bicell

. (@) Schematic of the single-

Fig. 7). To determine the directionality of the
unfolding process, we examined the unfold-
ing of GIpG"'*** and GlpG***¢ (refs. 24,25),

molecule magnetic tweezers experiment for studying unfolding and refolding of a single GlpG
protein. (b) Representative force-extension curves in each buffer condition. After several cycles of
unfolding and refolding in bicelles (left), the bicelles were removed and the unfolding and refolding
cycles were repeated (middle). In the buffer condition without bicelles, a very small amount of
CHAPSO (0.0038%) was added to prevent nonspecific binding. After up to tens of pulling cycles,
the bicelle condition could be restored by another round of microfluidic buffer exchange (right),
and the unfolding behavior seen previously in bicelles was fully restored. (¢) Representative
force-extension curves showing multiple-step unfolding of single GIpG proteins. Inb and c,

scale bar represents 50 nm.
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whose N- and C-terminal parts are respec-
tively destabilized by their mutation (Fig. 2d,e
and Supplementary Fig. 8). For the L155A
mutant, the observation probability of the I,
intermediate was selectively reduced com-
pared to the wild type (WT) (Fig. 2d and
Supplementary Fig. 8). Thus, this N-terminal
mutation lowered the stability of the region
that was unfolded in the I, to U step, and the
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corresponding unfolding step (from I, to U) became accelerated.
In contrast, for the A206G mutant, the observation probability
of the I, intermediate was selectively increased (Fig. 2d and
Supplementary Fig. 8). Thus, the C-terminal mutation of A206G
accelerated the N to I, step by lowering the stability of the cor-
responding region. These observations collectively suggest that
mechanical unfolding of GlpG starts at the C terminus and pro-
pagates toward the N-terminal end.

We next pinpointed the residues comprising the unfolding inter-
mediates. Using the Marko-Siggia formulation of the worm-like
chain model (Supplementary Fig. 9), the I, intermediate was found
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to extend to approximately residue 221, which corresponds to the
unfolding of helices 5 and 6 (Fig. 2e,f). The I, intermediate was
found to extend until approximately position 177, corresponding to
the unfolding of helices 3 and 4. These results suggest that mechani-
cal unfolding of GlpG at high forces takes place in units of helical
hairpins, two helices at a time.

Characterization of folding and unfolding kinetics

Our observations of the unfolding and refolding of GlpG
collectively point to the existence of one main energy barrier that
separates the folded and unfolded states (Fig. 2g), with minor
energy barriers separating the I, and I, inter-
mediates located between the primary energy
barrier and the unfolded U state. Crossing
of the main energy barrier becomes the rate-
limiting step for unfolding, and, once crossed,
7% L the unfolding process only briefly pauses in
19% the I, and I, states.

To characterize the main unfolding energy
barrier in a quantitative way, we studied the
unfolding and refolding kinetics. We first
ue revisited the gradual pulling experiments
of Figure 1 (Fig. 3a). As noted above, each
unfolding event stochastically occurred at a
different force level, meaning that we could
study the unfolded fraction as a function of
force (Fig. 3b). Fitting this unfolding prob-
ability (Online Methods) yielded a kinetic rate
for GlpG unfolding at zero tension (k) of
5.64 x 10 s7' and a distance from the folded
state to the transition state (Ax,') of 1.48 nm.

Normalized t by t,, (%)

B One intermediate with /,
M One intermediate with I,

WT LI55A  A206G

U unfolding (s)
355nm 30
mﬁw«J - o 15
N puos £ 20 5=016s 5
S o 5
g
0 g
One intermediate: 33.2% 0 02 04 06 2
] Dwell time at I; (s) 8
I, 4 238 nm 30 g
N e 10.4 nm s
€ 20 5=018s 22
1, ] 257 nm 3 0
N 9.2nm
= 0
0 02 04 06 08
u Dwell time at I, (s)
I, 4 16.6 nm
N 18.0 nm e Intermediate position Iy
= ]
2 9167
N 206 m U35 N terminus

Two intermediates: 7.8%

=
N
N
E!,

I
12142 nm A206

?
,«:‘ 2, A206 .
7{‘% Lipid bilayer 0
Sm——————————————.

Cyioplasm To characterize the opposite side of the energy
barrier, we repeated the refolding experiments
but varied the force levels during refolding
(Fig. 3c). After waiting 3 min, we checked the
folding status by pulling the GIpG protein at
21 pN to determine whether the extension

N ot W ggtom C terminus reflected the U or N state. We studied the
Intemediate postion'y folded fraction (within the given 3 min) as a

f i 8 21N |so.0% function of mechanical tension. By extrapola-
- B tion, we estimated the kinetic rate for folding

2 i at zero tension (kg) to be 3.91 x 10 s”' and

€ terminus h 2 N terminus the distance from the unfolded state to the
P P lm Er- @ ) transition state (Ax,') to be 3.56 nm (Fig. 3d
........................... i and Online Methods). These data reporting

%% \é’ﬁ"g g; E%:n: Main energy barrier ,z' unfolding and refolding kinetics as a function

2 oo 7 Bazm of force are analogous to chevron plots in bulk

Residue Extension at 21 pN

Figure 2 | C- to N-terminus unfolding of single GIpG with two intermediates. (a) Representative
extension traces at 21 pN for unfolding events (n = 295) with no intermediates (59.0%),

one intermediate (33.2%) and two intermediates (7.8%). Statistics of unfolding step sizes

are in Supplementary Figure 6. Scale bars, 1s. (b) Dwell time analysis (n = 295). 1, is the
waiting time until complete unfolding (blue), and t, and 7, are the dwell times in the intermediate
states I, (green) and I, (yellow). (¢) Dwell times in the intermediates normalized by 7.

(d) Comparison of the normalized proportion of unfolding patterns with one intermediate
between the WT and the L155A and A206G mutants. The normalized proportion is defined by
P(X)/P(WT), where P(X) means the proportion of each unfolding pattern in the total number

of traces for X = WT (n = 295), L155A (n = 81) or A206G (n = 97). The histograms for one
intermediate with /, or I, are shown in red and blue, respectively. (e) GlpG structure showing

the intermediate positions /; and I, (black). The mutation sites Leu155 and Ala206 are shown

in ball-and-stick representation. Left, cytoplasmic view; right, side view showing a lipid bilayer.
(f) Schematic diagram showing the mapping of Gaussian peak values to the intermediate
residue positions. Arrow indicates unfolding direction. (g) Conceptual folding energy

landscape at 21 pN. The arrows denote the structural transitions among the native state (N),

the intermediate states (/, and /,) and the unfolded state (U).

,'j membrane protein folding studies in detergent
that report kinetic parameters as a function
of denaturant concentration. Our reaction
coordinate (x) is conceptually a thermally
averaged end-to-end distance of GIpG mea-
sured at zero force along the pulling direc-
tion, and the distance (Ax) indicates how x
changes**. Thus, the mechanical tension and
distance to the transition state are analogous
to the denaturant concentration and its dena-
turant power (reflected in the m values) used
in the bulk folding studies, but the mechanical
parameters have direct physical implications.
To test whether the kinetic rates we deter-
mined were affected by the specific bicelle
conditions, we repeated the unfolding mea-
surements at different lipid/detergent ratios
and temperature conditions (Supplementary
Fig. 10 and Supplementary Tables 1 and 2).
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When the lipid/detergent ratio was increased from 2.2:1 to 2.8:1, the
kinetic rates and the distance to the transition state were largely unaf-
fected (with only a 0.6 k,T difference; Supplementary Table 1), indi-
cating that the edge effects of the detergent belt surrounding the bicelle
structure were negligible. The gel phase melting temperature of 1,2-
dimyristoyl-sn-glycero-3-phosphocholine (DMPC)/1,2-diheptanoyl-
sn-glycero-3-phosphocholine (DHPC) bicelles (analogous to our
DMPC/3-((3-cholamidopropyl)dimethylammonio)-2-hydroxy-1-
propanesulfonate (CHAPSO) bicelles) is 21 °C (ref. 39), which is
close to the temperature (22 °C) used in our experiments, so we tested
whether increasing the temperature would have any effect. When we
increased the measurement temperature up to 25 °C, however, we
did not see any obvious change in the kinetic rates or the transition

NATURE CHEMICAL BIOLOGY ool
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state distance (Supplementary Table 2). Thus, our results do not
seem highly sensitive to small changes in the bicelle conditions.

Folding energy landscape of GlIpG

In characterizing the unfolding and refolding kinetics, we needed
to use different force ranges (Fig. 3b,d) because of the large hyster-
esis observed in the unfolding and refolding cycle of GlpG (Fig. 1).
Nevertheless, we believe that we can reconstruct an energy land-
scape at zero force within bicelles by extrapolation if we assume that
the transition state for the unfolding induced by high force levels
is the same as that of the refolding pathway observed at low force
levels. We believe this is a reasonable assumption because: (i) We
do not see discontinuities in the unfolding and refolding rates as a
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Figure 3 | Folding energy landscape of GlpG. (a) Representative gradual pulling experiments measuring the unfolding force of single GlpG proteins.
Scale bar, 50 nm. (b) Unfolded fraction versus force (n = 233) from which the zero-force unfolding rate (k) and the distance from the native state to the

transition state (Ax;") were obtained. (c) Representative extension traces in

force-cycle experiment for obtaining the folding kinetics. After unfolding at

21pN, the force was lowered back to 0.9-7.3 pN and maintained for 3 min. The extent of refolding was then determined by restoring the 21-pN force and

comparing the observed extension with the extensions observed for the nati
lines, respectively). (d) Folded fraction versus force (n = 125), which was us

ive and unfolded states (N, and U, , are shown as blue and red dashed
ed to obtain the folding kinetic rate at zero force (k;,) and the distance from

the unfolded state to the transition state (Ax,"). (e) Putative folding energy landscape of GIpG. The energy difference between the native state and the
unfolded state (AG) and the energy barriers (AG,!, AG,") are denoted with red arrows. The error of the AG represents s.e.m., and the error of the energy

barriers represent the error of the frequency factor k,, (Online Methods).
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Table 1| Summary of kinetic and thermodynamic properties of WT and mutant GlpG

Ax' (nm) Ax," (hm) By ko (s kio (s™) AG,' (kgT) AG' (kgT) AG (k)
WT 148(0.03) 356(0.24) 0.29(0.02) 5.64(091)x10° 391(0.54)x102  2130(2.30) 14.75(2.30) 6.54 (0.21)
L155A 126 (0.09) 299(034) 0.29(0.03) 173(0.81)x10*  137(018)x10%  20.18(230)  15.80(2.30) 4.37 (0.48)
A206G 168 (010)  3.57(0.17) 0.32(0.02) 117(0.44) x10*  2.42(019)x102  20.57(230)  15.23(2.30) 5.33(0.38)

Numbers in parentheses indicate error. For AG, and AG,', error represents the error of the frequency factor k,, (Online Methods). All other error values represent s.e.m.

function of force that would imply a change in pathway (Fig. 3b,d).
The two force regions used for unfolding (13-33 pN) and refold-
ing (1-7 pN) are separated only by 6 pN. (ii) Even though the
GlpG-bicelle complex must ultimately become highly distorted as
GIpG is unraveled to an unstructured polypeptide at high forces,
unfolding is initiated within the bicelle structure, and the distance
to the transition state is only 1.5 nm (Figs. 1b and 3b). Thus, unfold-
ing rates reflect unfolding within a bicelle. (iii) Helical structure is
restored at low forces, indicating that refolding occurs again within
the protein-bicelle complex (Supplementary Fig. 3). (iv) Finally,
we find that our measured thermodynamic values (AG and AAG)
for the WT and mutants are largely consistent with the values
from the bulk equilibrium unfolding experiments described below
(Supplementary Table 3).

With the assumption we made above, we constructed a putative
folding energy landscape of GlpG (Fig. 3e and Table 1). The ratio
of the unfolding and folding rates at zero force led to an unfold-
ing free energy of AG = —k,T x In(k,/k) = 6.54 k;T. Bulk SDS
unfolding experiments report AG values from 7.08 kT to 13.88 kT
(refs. 24,25), which is in reasonable agreement considering the
completely different methods for driving unfolding, the different
environments and the uncertain extrapolations in SDS unfolding

studies’ (Supplementary Table 3). Our measured refolding rate
of 3.91 x 102 s~ is very similar to the rate measured in the deter-
gent refolding experiments (2.7 x 1072 s7'), a parameter that does
not require much extrapolation. The main discrepancy occurs in
the unfolding rates (1.0 x 107 s™! versus 5.64 x 10~ s7!), but this
involves a large extrapolation. Using the Kramer equation (Online
Methods), the height of the energy barrier encountered during
GlpG folding (AG") was estimated to be 14.76 k,T, rendering the
folding process slow (t,,, ~18s). We also mapped the transition state
onto the normalized reaction coordinate x/(Ax;"+Ax,"), where the
Ax;" and Ax,' are respectively from the folded and unfolded state
to the transition state. Notably, the transition state turned out to
be much closer to the native state than to the unfolded state (i.e.,
Br= Ax//(Ax+Ax,") = 0.29), consistent with our observations that
the six transmembrane helices were tightly coupled and essentially
worked as one unit when GlpG was folded and unfolded.

We also studied how the L155A and A206G mutations affected
the energy landscape (Fig. 4 and Table 1). As in our previous study
of unfolding patterns (Fig. 2d), kinetic measurements of the two
mutants revealed detailed changes in the unfolding and refolding
probabilities as a function of force (Fig. 4a,b). These data recon-
firm that our measurements do not simply measure disruption and
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Figure 4 | Comparison of kinetic and thermodynamic properties between WT and mutant GlpG. (a,b) Unfolded fraction (a) and folded fraction (b) as a
function of force for the WT and mutant GIpG proteins. The total number of unfolding and refolding events are n = 233 and n =125 for WT; n =77 and

n = 58 for the L155A mutant; and n = 95 and n = 87 for the A206G mutant. Fitting the data (Online Methods) yields kinetic rates for unfolding and folding
at zero tension (k,, and ko) and distances from the folded (and unfolded) state to the transition state (Ax,' and Ax,"). (¢) Comparison of the distance
values (left, Ax,"; middle, Ax,") and the transition state positions (right, B;) of the WT and the mutants. (d,e) Comparison of the unfolding rate (d) and
refolding rate (e) for the WT and mutant proteins, normalized to the WT rate. (f) The change in unfolding free energy of the mutants relative to the

WT observed in forced unfolding experiments (AAG = AGy; - AG,,...)- All error bars represent s.e.m.
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unfolding unit. The folding of bacteriorhodop-
sin and GlpG also seems to be highly coopera-
tive when studied by SDS unfolding®, so it
is possible that this is a common property of
membrane proteins. Although cooperativity is
not theoretically required, there may also be
evolutionary pressure favoring cooperativity
in membrane proteins as in soluble proteins®.
Cooperativity would prevent the formation of
structure before complete insertion, thereby
limiting the development of stable, albeit
incorrect partial structures before the entire
protein is available for structure formation

s cknldad

Figure 5 | How the folding energy landscape of GIpG may p g

Cooperativity can limit the formation of stable off-pathway structures before completion of
translation. The high kinetic barrier near the folded state prevents folded GlpG from returning to
the unfolded state on a biologically relevant time scale, imparts rigidity and limits the existence of

partially unfolded states that might be prone to inappropriate interactions.

association of bicelle complexes but rather reflect subtle differences
in the energy landscapes of the mutants. At the same time, how-
ever, the general shapes of the energy landscape were essentially
preserved for the two mutants. The position of the transition state
(B;) remained at the normalized distance of 0.3, close to the native
folded state (Fig. 4c). The unfolding and the refolding rates were
modestly changed for the two mutants. The unfolding rates at zero
force (k,,) were increased by a factor of two or three, corresponding
to lowering of the unfolding energy barrier (AG,") by ~1 kT (Fig. 4d
and Table 1). Although the force values reaching 50% unfolding
were similar to those of the L155A mutant and the WT (Fig. 4a), the
difference in the unfolding curve slopes gave a smaller Ax;' for the
L155A mutant (Fig. 4c), which in turn led to a higher k,, (Fig. 4d).
The refolding rates were decreased by almost the same factors, indi-
cating that the refolding energy barrier was increased as much as the
unfolding energy barrier was decreased (Fig. 4e and Table 1). The
calculated destabilizing extents, AAG (calculated as AGyy; — AG,,, 00>
were thus in the range of 1-2 k,T (Fig. 4f), consistent with the
values obtained from the bulk SDS unfolding experiments?*?
(Supplementary Table 3). Thus, our method of reconstructing
energy landscapes is sensitive to modest changes in the intrinsic
stability of GlpG.

DISCUSSION

Overall, the primary features of the folding energy landscape for
GIpG we observe are (i) high cooperativity, (ii) low thermodynamic
stability, (iii) a high kinetic barrier and (iv) a transition state that
is structurally closer to the folded state than the unfolded state.
As there is still limited information on the folding of large helical
membrane proteins, particularly under native conditions, it is
unclear how common these characteristics of GlpG folding will be
for membrane proteins in general.

In contrast to what we see for GlpG, the transition states found
with SDS-driven unfolding of bacteriorhodopsin, DsbB and even
GIpG are all placed closer to the unfolded state than the folded
state?>*41, It is possible that the difference simply reflects folding
and unfolding in the more native-like bicelle. In contrast, it could
reflect different requirements for structural flexibility. The close
proximity of the energy barrier to the folded state would imply high
local curvature of the energy landscape around the folded state,
which could impart structural rigidity to GlpG.

The high degree of cooperativity in mechanical unfolding for
a helical membrane protein was surprising to us. Individual trans-
membrane helices are stable within a bilayer!, so we expected
that helices could be pulled off one at a time. Instead, the six

states. (Fig. 5). Once formed, these misfolded struc-
tures might be difficult to unravel. Thus, it
makes evolutionary sense to select an energy
function that requires the protein to wait until
complete insertion before adopting a stable
structure. There is evidence for some struc-
ture formation during biological insertion**
and for preferred folding from the N terminus®*, but it is unclear
whether partially inserted states can generate stable enough struc-
tures to direct folding.

A high kinetic barrier for unfolding, as signified by our obser-
vation of cooperative unfolding, represents another mechanism for
limiting the existence of aggregation-prone unfolded states (Fig. 5).
Although GIpG is not very thermodynamically stable, once folded,
the 3.5-h unfolding half-life (because of the high AG," of 21.30 k,T)
implies that an E. coli cell will rarely see a GlpG unfold on the time
scale of a cell division. Very slow unfolding has also been observed
for both diacylglycerol kinase and bacteriorhodopsin®#, It is
not known how slowly DsbB unfolds under native conditions, but
it refolds from an SDS-denatured state on a similar time scale to
bacteriorhodopsin and GlpG*. Slow folding may reflect a rugged
energy landscape for membrane proteins*.

Like soluble proteins, it is likely that there will be wide variation
in the folding behavior of membrane proteins. We need to see more
examples of well-characterized folding landscapes under native
conditions to learn about structural correlations with folding prop-
erties. The approach described here may now allow us to expand
our analysis of membrane protein folding to more proteins.

Received 13 July 2015; accepted 14 September 2015;
published online 19 October 2015

METHODS
Methods and any associated references are available in the online
version of the paper.
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ONLINE METHODS

Protein expression and purification. The membrane domain of the E. coli
GIpG gene (residues 87-276) was amplified from the genome of E. coli XL1-
Blue strain by PCR. The PCR primers included codons to add cysteine residues
at both the N and C termini. The amplification primers were:

FWD: 5-GGAAAGAGCTCTGTGCCGCCTTGCGTGAACGCG-3'
REV: 5-CCCTTAAGCTTTTAACATTTTCGTTTTCGCGCATTGAGCG-3".

The amplified gene was cloned into the pTrcHisB vector at the Sacl/HindIII
restriction sites, thereby adding an N-terminal His, tag. The natural cysteine at
position 104 was changed to alanine, and the N-terminal cysteine was shifted
two residues away from the N terminus using site-directed mutagenesis with
PfuUltra IT Fusion HS DNA polymerase (Agilent Technologies) to give the
following protein construct, GIpGe,, 1yy.cy.» Which includes residues 89-276 of
E. coli GlpG between the two cysteines.

MGHHHHHHELAACLRERAGPVTWVMMIAAVVVFIAMQILGDQE
VMLWLAWPFDPTLKFEFWRYFTHALMHFSLMHILENLLWWWYLGG
AVEKRLGSGKLIVITLISALLSGY VQQKFSGPWFGGLSGVVYALMGY
VWLRGERDPQSGIYLQRGLIIFALIWIVAGWFDLFGMSMANGAH
IAGLAVGLAMAFVD SLNARKRKC.

GIpGeys ricynissa A GIPGiy, 1y ywazns; Were created by site-directed muta-
genesis of Leul55 to alanine (residue position 80 in our construct) and Ala206
to glycine (residue position 131 in our construct).

The GlpG protein constructs in BL21-Gold (DE3) were grown in LB
medium at 37 °C and induced with 0.5 mM IPTG at 0.7 OD,, and cells
were harvested after an additional 3 h incubation. Cells were resuspended
in 50 mM Tris-HCI, 1 mM EDTA, 1 mM PMSE 1 mM DTT and 2 pg/ml
DNAse I (pH 8.0) and lysed by two passes through an Avestin EmulsiFlex-C3
at 15,000 psi. Cell debris was removed by centrifugation at 25,000g for 15 min.
The membrane fraction was collected by centrifugation of the supernatant
at 100,000g for 90 min at 4 °C. The pellet was resuspended in 25 mM Tris-
HCI, 1.25% n-decyl-B-p-maltopyranoside (DM, Affymetrix) and 1 mM TCEP
(pH 8.0) (5 ml per liter of culture) with the aid of a dounce homogenizer.
Membranes were further solubilized with gentle rotation for 45 min at room
temperature. The soluble fraction was collected after centrifugation at 100,000g
for 30 min at 4 °C. 4 M NaCl and 5 M imidazole were added to the superna-
tant to a final concentration of 300 mM and 10 mM, respectively. The super-
natant was incubated for 1 h at 4 °C with Ni-NTA (0.5 ml resin per liter of
culture) that had been preequilibrated with 20 mM Tris-HCl, 300 mM NaCl,
10 mM imidazole, 0.2% DM and 1 mM TCEP (pH 8.0). The resin was packed
into a column by gravity and, after collecting the flow-through, washed with
5 column volumes of 10 mM and 30 mM imidazole before eluting with
300 mM imidazole in 20 mM Tris-HCI, 300 mM NaCl, 0.2% DM and 1 mM
TCEP (pH 8.0). Elution fractions containing protein (detected by absorbance
at 280 nm) were pooled, concentrated to 3 ml using a 10,000 MWCO Amicon
Ultra centrifugal filter (Millipore) and buffer exchanged into 25 mM Tris-HCI,
0.2% DM, 1 mM TCEP (pH 8.0) using an Econo-Pac 10DG column (BioRad).
The protein was then passed over a 1-ml HiTrap Q HP ion exchange column
(GE Healthcare Life Sciences) equilibrated with 25 mM Tris-HCI, 0.2% DM,
1 mM TCEP (pH 8.0). The flow-through was collected and bound to Ni-NTA
(0.5 ml resin per liter of culture) equilibrated with 20 mM Tris-HCI, 150 mM
NaCl, 0.2% DM and 1 mM TCEP (pH 7.5). The resin was packed into a column
by gravity and washed with 0.2% DM before washing with 10 column volumes
0f 0.5% n-dodecyl-B-p-maltopyranoside (DDM) to exchange GlpG into DDM
micelles. The resin was washed with 0.1% DDM to return to a low concen-
tration of detergent and eluted with 300 mM imidazole. Protein-containing
fractions of 1 ml volume were pooled and exchanged into 50 mM Tris-HCI,
150 mM NaCl and 0.1% DDM (pH 7.5) with an Econo-Pac 10DG desalting
column to remove TCEP and imidazole. Aliquots of purified GIpG,, ¢, and
GIpGeyont.cysnassa Were flash frozen in liquid nitrogen and stored at ~80 °C.
Fresh aliquots were used for activity assays and 2,2’-dithiodipyridine (DTDP,
Sigma-Aldrich) derivatization.

The GlpG substrate, SN-Spitz, was a modified version of SNGpATM, which
contains staphylococcal nuclease fused to the transmembrane segment of
glycophorin A transmembrane domain and a C-terminal His tag*. To convert

SNGpATM into a GlpG substrate, the transmembrane segment was modified
by Quickchange mutagenesis to include the sequence of Spitz (ASIASGA),
which is a known cleavage site for E. coli GlpG*.

MATSTKKLHKEPATLIKAIDGDTVKLMYKGQPMTFRLLLVDT
PETKHPKKGVEKYGPEASAFTKKMVENAKKIEVEFDKGQRTDKYG
RGLAYIYADGKMVNEALVRQGLAKVAYVYKPNNTHEQHLRKSE AQAK
KEKLNIWSEDNADSGPERVQLAHHFSEPGASIASGAVMAGVIGTI
LLISYGIRRLIKKLEHHHHHH.

SN-Spitz was expressed and purified in DDM as previously described
for SN-GpA*.

GIpG activity in detergent and bicelles. Bicelles for activity assays were
composed of 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and
3-((3-cholamidopropyl)dimethylammonio)-2-hydroxy-1-propanesulfonate
(CHAPSO, Avanti Polar Lipids) and prepared as described'>**'. To prepare
a stock solution of GIpG, 1y, in bicelles, 53 UM GIpGe,, 1y, in 50 mM
Tris-HCI, 150 mM NaCl, 0.1% DDM (pH 7.5) was mixed 16.5:1 with
35% DMPC/CHAPSO (2.8:1, w/w) to give a final concentration of 50 uM
GlpGey,myr.cys in 2% DMPC/CHAPSO. The mixture was then incubated on ice
for 30 min followed by 2 h at room temperature before use. We also prepared a
stock solution of GIpG,, 1y, in detergent which contained 50 UM GIpGe, 1yy.cys
in 50 mM Tris-HCI, 150 mM NaCl, 0.1% DDM (pH 7.5). A stock solution of
SN-Spitzwas prepared containing 200 WM SN-Spitzin 50 mM Tris-HCI, 150 mM
NaCl and 0.1% DDM (pH 7.5). Reactions were initiated by adding 1.6 ul of
the GIpGey, 1y ¢, stock, 1 pl of the SN-Spitz stock,17.4 pl of 50 mM Tris-HCI
and150 mM NaCl and then were incubated at 37 °C for 18 h. Reactions were
stopped by adding 10 pl of 4x SDS sample buffer and heating for 10 min at 65 °C.
The cleaved product was visualized by SDS-PAGE using a 4-12% NuPAGE
BisTris gradient gel (Life Technologies) run in MES SDS running buffer
(Supplementary Fig. 1a).

DNA handle attachment to bicelle-incorporated protein. The bicelle stock was
made with DMPC lipid (Avanti Polar Lipids) and CHAPSO detergent (Sigma-
Aldrich or Affymetrix) in the deionized water'>*!. The molar ratio of lipid to
detergent ranged from 2.2:1 to 2.8:1 with a final bicelle concentration of 8.8%.
To dissolve the lipid and detergent, cycles of cooling on ice, brief vortexing,
freezing at —80 °C, brief heating to 33 °C and vortexing were performed. Finally
a quick spin at 4 °C with a tabletop centrifuge helped remove any remaining
powders. The bicelle stock solution was stored at —80 °C.

Purified GIpGey, 1y, Was derivatized with DTDP by mixing 250 ul of
27 UM GIpGmy.cy in 50 mM Tris-HC, 150 mM NaCl, 0.1% DDM (pH 7.5)
with 20 pl of 67 mM DTDP dissolved in acetonitrile for a final concentration
of 25 uM GlpG and 5 mM DTDP. The reaction was incubated on a rotator for
1 h at room temperature. Unreacted DTDP was removed using a BioRad
Econo-Pac 10DG desalting column equilibrated with 50 mM Tris-HCI,
150 mM NaCl, 0.1% DDM (pH 7.5). Protein was collected in 250-ul frac-
tions. The peak fractions were pooled and concentrated to 200 ul of 26 uM
DTDP-derivatized GlpG. Complete labeling of GlpG was verified by LC/MS
as described using an orifice potential of 90 V (ref. 52). We added the bicelle
stock solution to the DTDP-derivatized GlpG in a 1:4 (v/v) ratio while keep-
ing it on ice and gently pipetted the contents up and down until the solution
became clear and homogenous'>*'. We incubated the mixture onice for 1 h to
allow for complete reconstitution of GlpG into bicelles and kept the bicelle-
GlpG mixture on ice until it was used in the next step.

Two types of 512-bp DNA (biotin- and digoxigenin-modified han-
dles) were PCR-amplified using a ADNA template, the forward primer
CATGTGGGTGACG CGAAA witha 5 thiol-modified C6 S-S and the reverse
primer TCGCCACCATCATTTCCA with either 5’ biotin or 5" digoxigenin
modification (each 0.4 ml and 2 ml). The thiol modifications of the PCR prod-
ucts were activated by adding 100 mM DTT final concentration and incubating
for 1 hat 37 °C. The products were purified using a PCR purification column,
eluted into 50 mM Tris-HCI (pH 7.5) and concentrated to 3-10 uM in a final
volume of ~30 ul using a 10K Amicon centrifugal filter (Millipore). The DNA
handles were stored at 80 °C.

To maximize the likelihood of two different handles attaching to a
GlpG protein, the handles were attached sequentially, maintaining the bicelle
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concentration as 0.5-2% during the whole attachment reaction. First, about
20-fold excess of the protein (14 M) was reacted with the biotin-modified
DNA handle (0.8 uM) in 40 mM Tris-HCl, 80 mM NacCl, 1.3% bicelle
(pH 7.5) for >12 h at room temperature. Repetitive buffer exchange into 50 mM
Tris-HCl, 100 mM NaCl, 2% bicelle (pH 7.5) were then performed using a
100K Amicon centrifugal filter. Then the GlpG attached to the biotin-modified
handle (0.2 uM) was reacted with about 40-fold excess of digoxigenin-
modified DNA handle (7.5 uM) in 50 mM Tris-HCI, 150 mM NaCl and 0.5-1%
bicelle (pH 7.5) for >20 h at room temperature. The bicelle-incorporated
GlpG covalently linked to the respective DNA handles (bicelle-GlpG-DNA)
was diluted tenfold with 50 mM Tris-HCI, 150 mM NaCl and 1.3% bicelle
(pH 7.5) and stored at —80 °C. The bicelle-GlpG-DNA sample was ana-
lyzed by 6% SDS-PAGE stained with SYBR Safe DNA Gel Stain (Invitrogen)
(Supplementary Fig. 1b).

Single-molecule magnetic tweezers experiment. A single-molecule magnetic
tweezers apparatus was built on an inverted microscope (Olympus, 1X73) as
previously described”*, in which force can be easily controlled by changing
the vertical distance of a pair of magnets from the sample. The imaging room
of the magnetic tweezers was maintained at constant humidity and constant
temperature (22 °C) to prevent an undesirable bicelle phase transition at higher
temperature. The sample chamber was a ~20 pl volume channel, constructed by
putting together a 24 x 40 mm cleaned coverslip and 24 x 50 mm polyethylene
glycol-coated coverslip with double-sided tape. The bicelle-GlpG-DNA sample
was injected into the sample channel and then attached to the bottom coverslip
by biotin-neutravidin binding and to 2.8-im magnetic beads by dig-antidig
binding. The buffer condition in the sample channel was 50 mM Tris-HCI,
150 mM NaCl, 1.3% bicelle (pH 7.5). We can exchange various buffer solutions
by capillary force into the channel. By approaching the pair of magnets to the
experiment sample, we can apply a few to tens of pN force to the single GlpG
protein and then measure the change of extension, i.e., the end-to-end distance
in the bicelle-GlpG-DNA molecule (Fig. 1a). The extension change is obtained
from the change of diffraction patterns of attached magnetic bead captured in
60 Hz CCD camera (JAI). We corrected vertical drifts of microscope stage by
maintaining the vertical position of a nonmagnetic reference bead immobi-
lized directly on the bottom surface every 500 ms.

In the gradual pulling experiments (Fig. 1 and Fig. 3a), the force-loading
rate at every moment is far below 1 pN s~!, which is near equilibrium condi-
tion during protein unfolding and folding. In the force-jump and force-cycle
experiments (Fig. 2 and Fig. 3¢), the unfolding step sizes were measured as the
difference between arithmetic mean values of extensions over the appropriate
intervals before and after the unfolding event and then statistically analyzed as
Gaussian distributions by collecting them (further analysis is described below).
We can assess the relevant error in the step-size measurement (0,,,,) with the
equation Oy, = ,/criz /N, +07 /Ng, which illustrates that o,,., is a s.e.m. because
the s.d. of extension trace (o, o) is divided by the number of data points
(N, Np). Because the fluctuation of extension traces is typically less than 5 nm
and we include more than 300 data points for each measurement, o, is less
than ~0.4 nm, indicating that we can estimate the step size with an accuracy
down to the level of a few A2,

Extension analysis for finding intermediate positions. To map the
extension values measured in the force-jump experiment to the correspond-
ing residue positions (Fig. 2), we analyzed the expected extension when a
GIpG protein unfolds from the native state to specific residues®”
(Supplementary Fig. 9). The total extension is described as the sum of
three terms:

N M
x=2xpvn+2xh‘"+Ad (1)
n=1 n=1

where x,, is the extension expected for the n™ helix or linker that has lost
its secondary structure (i.e., an unstructured polypeptide) as calculated
by the Marko-Siggia formula; x,, is the extension for the n" helix as
calculated by Kessler-Rabin formula®; and Ad is the axial length change of
the tertiary structure between DNA handles calculated from the GlpG

structure information'>'¥,

The extension for unfolded polypeptide (x,) is obtained using the Marko-
Siggia formula of the worm-like chain (WLC) model:

p="B—T{—‘ Z+"—P-l] @
B, |40-x,/L,Y "L, 4

where F is the applied tension; k, T is the thermal energy; L, is the contour
length of polypeptide, which is the number of unfolded residues (N,) times
the average residue step size (I,) of 0.36 nm (ref. 6); and P, is the persistence
length of polypeptide (measured as 0.39 nm; described in the next section).
Equation (2) can be applied when the contour length of a polymer is much
greater (by at least a factor of five) than its persistence length. Therefore,
a-helices are not well described by equation (2) because the persistence length
of the helices (tens of nm) is greater than the contour lengths of each helix
(a few nm). Thus the extension for the helical part (x,) is estimated by the
Kessler-Rabin formula (KR model), which is applicable for any arbitrary ratio
between persistence length and contour length:

1 b A 221 e ST g 3)
2f ftanh2y tanhfL, 3f (tanhfL, sinhfL,

Xp =

where f = FIk,T, x =y fli,/4R, , L, is the contour length of helix that is the
number of residues in the helix (N,) times the average helical rise per amino
acid (I,) of 0.16 nm, and P, is the persistence length of helix (measured as
9.17 nm; described in next section). Finally, from the GlpG structure infor-
mation, the axial length change of Ad can be obtained as Ad = d - d,, where d
is the axial width of the partially folded structure up to specific residue and
d, is the axial width of the fully folded structure (Supplementary Fig. 9a).

In analyzing the Gaussian peaks of the extension distribution measured in
the force-jump experiment (Fig. 2), equation (1) can be reduced to

x=x,+Ad (4)

because we observe that a helix-coil transition occurs at about 18 pN; thus, all
of the helices can be assumed to be unraveled upon unfolding at the 21-pN
force used. Thus, with equations (2) and (4), we calculated the expected
extension value for a GlpG protein unfolding up to a specific residue position
(Supplementary Fig. 9b). In this calculation, we compared two versions of
extension estimation from two different GlpG structures: one in detergent
condition'® and the other in lipid bilayer condition'®. The difference in pro-
tein structures is reflected in the structural factor Ad in equations (1) and (4),
but we did not see any obvious difference between the two estimations
(Supplementary Fig. 9b).

Helix-coil transition. By pooling the unfolding data (unfolding force F, and step size
AL,) fromall traces in the gradual pulling experiments (Supplementary Fig. 3a),
we produced a scatter plot showing the unfolding force against the step size
(Supplementary Fig. 3b). When the six transmembrane helices are completely
unraveled to polypeptide coils upon unfolding, the data points are expected
to be distributed along the line of equation (2) (WLC model; Supplementary
Fig. 3b). We observed a definite deviation from the WLC model below 20 pN,
which indicates that the helix-coil transition in the corresponding force range
(Supplementary Fig. 3b,c). This is further supported by the observation that in
the force-jump experiment (Fig. 2a and Supplementary Fig. 6), the observed
step size of ~35 nm corresponds to unfolding of GlpG to the completely unstruc-
tured state with no o-helical content (Supplementary Fig. 9b).

To obtain the persistence length of the polypeptide (P,), we fitted the data
only for the region over 20 pN with the WLC model,

2kl 1 (x+dy) 1 ®)
By [40-(x+dp)/L,) L, 4

which is derived from equations (2) and (4) with d = 0 because there is no
tertiary structure (Supplementary Fig. 3b). The average residue step size (/,) of
0.36 nm was used®. The persistence length determined for the GlpG polypep-
tide (P, = 0.39 nm) is consistent with what was reported for a similar helical
membrane protein (P,=0.4nm) (ref. 6).

64



© 2015 Nature America, Inc. All rights reserved.

@

For the persistence length of helix (P,), we fitted the data for the region
below 17 pN with the WLC-KR model

_ Lz L 22 1 Ly

x=xp=dy +6x{-§7- ftanh2y * tanh fLy _?[tanh Sy N sinh? fL, _l]]

(6)
(Supplementary Fig. 3b). Equation (6) is derived from the simplified
equation (1), x =x, + 6-x;, - d,, and equation (3). The extension for loop regions
between helices (x,) is calculated by equation (2). The estimated persistence
length for helices of GlpG (P, = 9.17 nm) is broadly consistent with the known
value for a helix in a coiled coil (P, =25 nm) (ref. 54). The fact that the persist-
ence length for the coiled coil is somewhat larger seems reasonable because of
the tight association of two helices in the coiled coil.

Quantitative analysis of the folding energy landscape. To obtain a quantitative
picture for the folding energy landscape, we measured unfolding and folding
kinetics. We used the gradual pulling experiment to obtain the unfolded frac-
tion (U) as a function of force (F) (Figs. 3a,b and 4a), from which we deter-
mined the kinetic rate constant for unfolding at zero force (k) and the distance
from the native state to the transition state (Ax;’) (Table 1). To this end, we used
the following equation,

1
U= l—exp[——kz‘i‘:{ FrleMe /T (7)
f

where k,T is the thermal energy and A is the proportional constant of
dF/dt = AF. The constant A is determined from the data of force calibration
with magnet heights, which is approximated as a single exponential function in
the analyzed force range. Equation (7) is derived from the first-order rate
equation, dN/dt = -k,N, and the Bell equation, k, = k,, exp(-FAx'/k;T),
where N represents the folded fraction and k, represents the unfolding
kinetic rate at a given force. Equation (7) can be derived from

i i
1-U=N= exp(—J'dlkuoeFAxflkBT ] = exp[—_[dF k—}‘__%mx‘ IkBT]

Fax eaxd Ikt
e —IdFk“—"e'Ax‘IkBT wep _kuOkBTF—lE’A"f/kB7
AF AAx]

For folding kinetics, we performed refolding experiments at lower forces
ranging from 0 pN to 8 pN (Figs. 3¢,d and 4b). At these forces, the thermal
noise is too high to detect the individual refolding events. Hence after unfold-
ing at 21 pN, we lowered the force to specified levels, waited for 3 min and
increased the force to 21 pN to see whether GlpG was refolded during the
3-min waiting time (Fig. 3c). From the folding probability (N) as a function of
force (Figs. 3d and 4b), we measured the kinetic rate for folding at zero force
(ky) and the distance from the unfolded state to the transition state (Ax,';
Table 1). The fitting equation

i
N=1 —exp(—Arkune'FA"““‘BT] ®

in which At is the waiting time at specific force for refolding, is likewise
derived from the first-order rate equation dU/dt = —k,U, and the Bell equation,

k= ky, exp(=FAx,' / k;T), where k;is the folding kinetic rate at arbitrary force.
The formula derivation is developed as

i i
I-N=U= exp(-jdtkme'm"“’k“r] = exp(—Atkme'FA‘““‘“T)

at constant force.

From the kinetic rate constants (k,, k;,), we obtained the unfolding free
energy (AG) and the kinetic energy barriers (AG,', AG,") (Fig. 3e and Table 1)
by the Kramer equation

AG, = —kyT In(kyy /k,,) )
AG = —kyT In(kg /k,) (10)
AG =AG, -AG{ =~ kT In(kyy/kgy) (€3]

where k,, is the frequency factor in the range of 10°~10° s~ (refs. 55-60), which
is why the energy barriers are measured with an error of 2.3 k, T. The unfolding
free energy (AG) indicating the thermodynamic stability of protein is more
reliably measured with an error of 0.2 k; T because it is obtained only from the
ratio of k,, to kg, regardless of the frequency factor.

49. Urban, S. & Wolfe, M.S. Reconstitution of intramembrane proteolysis
in vitro reveals that pure rhomboid is sufficient for catalysis and specificity.
Proc. Natl. Acad. Sci. USA 102, 1883-1888 (2005).

. Faham, S, Ujwal, R., Abramson, J. & Bowie, J.U. in Membrane Protein
Crystallization 1st edn. Vol. 63 (eds. DeLucas, L.J.) 109-125 (Academic Press,
2009).

51. Ujwal, R. & Bowie, ].U. Crystallizing membrane proteins using lipidic bicelles.
Methods 55, 337-341 (2011).

. Whitelegge, ].P. et al. Toward the bilayer proteome, electrospray ionization-
mass spectrometry of large, intact transmembrane proteins. Proc. Natl.
Acad. Sci. USA 96, 10695-10698 (1999).

53. Kessler, D.A. & Rabin, Y. Distribution functions for filaments under tension.
J. Chem. Phys. 121, 1155-1164 (2004).

. Schwaiger, I, Sattler, C., Hostetter, D.R. & Rief, M. The myosin
coiled-coil is a truly elastic protein structure. Nat. Mater. 1, 232-235
(2002).

55. Schuler, B., Lipman, E.A. & Eaton, W.A. Probing the free-energy surface

for protein folding with single-molecule fluorescence spectroscopy.
Nature 419, 743-747 (2002).

56. Yang, W.Y. & Gruebele, M. Folding at the speed limit. Nature 423,
193-197 (2003).

57. Rhoades, E., Cohen, M., Schuler, B. & Haran, G. Two-state folding
observed in individual protein molecules. . Am. Chem. Soc. 126,
14686-14687 (2004).

58. Kubelka, J., Hofrichter, J. & Eaton, W.A. The protein folding ‘speed limit’
Curr. Opin. Struct. Biol. 14, 76-88 (2004).

59. Chung, H.S., Louis, ].M. & Eaton, W.A. Experimental determination
of upper bound for transition path times in protein folding from
single-molecule photon-by-photon trajectories. Proc. Natl. Acad. Sci. USA
106, 11837-11844 (2009).

60. Gebhardt, J.C.M., Bornschlogla, T. & Rief, M. Full distance-resolved folding
energy landscape of one single protein molecule. Proc. Natl. Acad. Sci. USA
107, 2013-2018 (2010).

5

=]

5

~

5

-~

65



Supplementary Information

Mapping the energy landscape for second-stage folding of a single

membrane protein

Duyoung Min">*3, Robert E. Jefferson®>, James U. Bowie®" and Tae-Young Yoon'**

! National Creative Research Initiative Center for Single-Molecule Systems Biology, KAIST,
Daejeon, South Korea

2 Department of Physics, KAIST, Daejeon, South Korea

3 Department of Chemistry and Biochemistry, University of California-Los Angeles, Los
Angeles, California, USA

% Present address: Department of Chemistry and Biochemistry, University of California-Los
Angeles, Los Angeles, California, USA

5 These authors contributed equally to this work.

* e-mail: bowie@mbi.ucla.edu or tyyoon@kaist.ac.kr

66



Supplementary Results

Supplementary Figure 1 | Characterization of GlpG activity and stability.

Supplementary Figure 2 | Comparison of forced unfolding of a single membrane protein in

AFM and magnetic tweezers.
Supplementary Figure 3 | Helix-coil transition of GlpG.

Supplementary Figure 4 | Schematic diagram of the single-molecule magnetic tweezers

experiment with microfluidic buffer exchanges.
Supplementary Figure 5 | Unfolding forces of GlpG in various reconstitution conditions.
Supplementary Figure 6 | Unfolding step sizes at 21 pN
Supplementary Figure 7 | Argument for unidirectional unfolding of GlpG.

Supplementary Figure 8 | Comparison of the proportion of four different unfolding patterns
between wild-type and mutant GlpG.

Supplementary Figure 9 | Extension analysis.

Supplementary Figure 10 | Unfolding kinetics of GlpG with different bicelle and temperature

conditions.

Supplementary Table 1 | Unfolding kinetics of GlpG with different lipid to detergent ratios.
Supplementary Table 2 | Unfolding kinetics of GlpG at different temperatures.

Supplementary Table 3 | Comparison of thermodynamic values of GlpG between the prior
bulk unfolding measurements and our single-molecule forced

unfolding measurement.
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Supplementary Figure 1 | Characterization of GlpG activity and stability. (a) Activity
assays of wild-type GlpG incubated in either 0.1% DDM or 2% DMPC:CHAPSO bicelles.
Activity was measured after 0, 1, 2, 3, and 5 days of incubation at room temperature (lanes 1-
10). The activity is lost after several days of incubation in DDM, but remains fully active after
5 days in bicelles. Thus, the protein is quite stable to inactivation in bicelle environment.
Activity of bicelle-incorporated wild-type GlpG was also measured 1 day after flash-freezing
in liquid nitrogen and thawing to room temperature (lane 11). The protein remains fully active
after freezing. The molecular weight ladder (BioRad Precision Plus Protein Standard) shows
bands at 20, 25, 37, and 50 kD (lane L). (b) 6% SDS-PAGE for analyzing the crosslinking
chemistry of DNA handle attachment to bicelle-reconstituted GlpG protein. To visualize the
DNA, this gel was stained with DNA-staining dye (see Online Methods for more details).
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Supplementary Figure 2 | Comparison of forced unfolding of a single membrane protein

in AFM and magnetic tweezers. (a,b) Schematic diagrams showing single-molecule
unfolding and refolding processes in previous AFM studies (a) and our magnetic tweezers

experiment (b). The main differences are the direction of mechanical tension relative to the

lipid membrane and its application rate (i.e., force-loading rate).
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Supplementary Figure 3 | Helix-coil transition of GlpG. (a) Representative gradual pulling
experiment showing how the increased extension (AL,) and the unfolding force (F.) are
measured from force-extension traces. (b) Scatter plot of the unfolding data in the plane of AL,
and F, (n=233). The fitting lines show the step size expected when GIlpG is unfolded to
unstructured polypeptide (red line, based on the WLC model) or when GlpG is unfolded with
alpha-helical structures retained (blue line, based on the WLC-KR model) (see Online

Methods). The distribution of the individual unfolding events between the two fitting lines
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show the helix-to-coil transition at around 18 pN. (¢) Representative single-molecule traces
showing the coil-to-helix transition during the relaxation phase. To visualize the transitions
more clearly, the traces were median-filtered with a 200 ms window (left panels) and the
extension difference between the relaxation and stretching phases were plotted (right panels).
The relatively steep decreases in the extension difference at ~18 pN indicate the coil-to-helix

transitions.
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Supplementary Figure 4 | Schematic diagram of the single-molecule magnetic tweezers
experiment with microfluidic buffer exchanges. After several cycles of GlpG unfolding and
refolding in bicelles (left), the bicelles were removed and the unfolding and refolding cycles
were repeated (middle). After up to tens of pulling cycles, the bicelle condition was restored
by another round of microfluidic buffer exchange (right). Representative force-extension

curves in each buffer condition are shown in Fig. 1b.
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Supplementary Figure 5 | Unfolding forces of GlpG in various reconstitution conditions.
(a-d) Distributions of the unfolding forces when GlpG proteins are reconstituted in 1.3%
bicelle (n=233) (a), 1.3% CHAPSO micelle (#»=66) (b), 0.1% DDM micelle (»=71) (c) or a
minimal amount of detergents (0.0038% CHAPSO) (»=74) (d).
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Supplementary Figure 6 | Unfolding step sizes at 21 pN. (a-c) Step size distributions of
unfolding events with no intermediates (59.0%) (a), one intermediate (33.2%) (b), and two

intermediates (7.8%) (c). Corresponding extension traces are shown in Fig. 2a. The total

number of observations is #=295.

74



N-terminus =N

C-terminus =C

Middle part = M
d
Unfolding order
N(C) = M — C(N)
b c One intermediate with I}
Unfolding order Unfolding order (49 of 295 traces) 2t AR
M —= N(C) = C(N) N(C) = C(N) == M " ~10nm MN(:)*C‘N)
One intermediate with /3 One intermediate with I One intermediate with I;

(49 of 295 traces)
<15 nm N b e A

~20nm rv C(N)
N(C}+M

~25nm | N+C ~150m | A
~10 nm M ~20nm | N+C

\ \ V

Two intermediates Two intermediates Two intermdiates
bl 15nm H (23 of 295 traces)
) ¥ H ~15nm
~tonm (= C(N) ol M ' o o
~10nm [~ N(C) S V) : o [
.. N(C) -

Experimentally observed

Supplementary Figure 7 | Argument for unidirectional unfolding of GlpG. (a) GlpG
structure from a cytoplasmic view showing three distinct domains. Each structural domain is
presumed to correspond to one of the three steps observed in the unfolding events. The N-
terminal, middle and C-terminal parts of GlpG are denoted by N, M and C, respectively. (b-d)
Possible sequences of unfolding of the three domains and the consequential observation
probability of specific unfolding patterns. For example, in the case where N-domain unfolding
is directly followed by that of the C domain (or vice versa), one-intermediate unfolding events
require the simultaneous unfolding of the N and C domains within our time resolution of 16
ms, which are structurally distal to each other and stochastic (b,c). Thus, one-intermediate
unfolding should be less probable than two-intermediate unfolding (b,c). However, the

observation probabilities of one-intermediate unfolding with /; (or 12), turned out to be higher
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than that of two-intermediate unfolding (d), thereby defying the scenarios described in (b) and
(c). We are only left with the possibility that M-domain unfolding intercalates between
unfolding of the N and C domains, which points to unidirectional unfolding of GlpG.

76



69.1

70 4

50 4
= . '
S 04 Il No intermediate
£ B One intermediate with I;
e 304 Bl One intermediate with I
o ; :
a I Two intermediates

20 4 16.6 16.6

10 4

Wild-type L155A A206G

Supplementary Figure 8 | Comparison of the proportion of four different unfolding
patterns between wild-type and mutant GIpG. The total number of observations is #=295
for wild-type, n=81 for L155A and n=97 for A206G.
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Supplementary Figure 9 | Extension analysis. (a) Cartoon describing an increased extension
due to the unfolding of GlpG up to a specific residue. The expected extension increases were
estimated as x = x;, + Ad, where x, is the extension of unraveled polypeptide calculated with the
worm-like chain model and Ad is the axial length change (d-do) due to the rotational motion of
remaining tertiary part calculated from the known GlpG structure (see Online Methods). (b)
Extension increase at 21 pN when GlpG is unfolded to the given residue position. The

estimations are shown for detergent (red) and lipid (blue) conditions.
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Supplementary Figure 10 | Unfolding Kkinetics of GlpG with different bicelle and
temperature conditions. (a,b) Unfolded fraction as a function of force when the lipid to
detergent ratio is 2.5:1 (»=63) (a) and 2.8:1 (»=80) (b). (c) Unfolded fraction as a function of
force when the temperature is 25 °C (n=65). Fitting the data (see Online Methods) yields a
kinetic rate for unfolding at zero tension (kw) and a distance from the folded state to the
transition state (Ax"). The measured kinetic data are summarized in Supplementary Tables 1
and 2.
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Lipid : detergent ratio Ax' [nm] ko [s] AG," [ksT]

22:1 1.48 (0.03) 5.64 (0.91) x 107 21.30 (2.30)
25:1 1.41 (0.11) 4.96 (2.88) x 107 21.42 (2.30)
28:1 1.44 (0.06) 3.03 (0.99) x 107 21.92 (2.30)

Supplementary Table 1 | Unfolding kinetics of GlpG with different lipid to detergent
ratios. Numbers in parentheses indicate error. The errors of Ax¢" and kuo represent s.e.m. and

the error of AG," represent the error of the frequency factor ky (Online Methods).

Temperature [°C] Ax” [nm] ko [s™] AG. [ksT]
22 1.48 (0.03) 5.64 (0.91) x 107 21.30 (2.30)
25 1.44 (0.09) 3.02 (1.53) x 107 21.92 (2.30)

Supplementary Table 2 | Unfolding kinetics of GlpG at different temperatures. Numbers
in parentheses indicate error. The errors of Avi” and kuo represent s.e.m. and the error of AG,"

represent the error of the frequency factor Ay (Online Methods).
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Methods AG [ksT] AAG [ksT]
Bulk SDS unfolding in detergent micelle® 7.08 (1.35) -
Bulk SDS unfolding in detergent micelle® 13.88 (2.41) -
Wild-type
Bulk SDS unfolding in detergent micelle® 12.46 (0.34) -
Single-molecule forced unfolding in bicelle 6.54 (0.21) -
Bulk thermal unfolding in detergent micelle®  6.28 (1.60)  0.80 (2.09)
L155A Bulk SDS unfolding in detergent micelle® 10.72 (0.43)  1.74 (0.27)
Single-molecule forced unfolding in bicelle 437(0.48) 2.17(0.52)
Bulk thermal unfolding in detergent micelle®  6.99 (1.64)  0.09 (2.12)
A206G Bulk SDS unfolding in detergent micelle® 10.69 (0.39)  1.77 (0.19)
Single-molecule forced unfolding in bicelle 5.33(0.38) 1.21 (0.43)

2 Equilibrium data from ref. 1
® Equilibrium data from ref. 2
¢ Kinetic data from ref. 2

4 Obtained from the fitting curve of T versus AG in Supplementary Dataset of ref. 1

Supplementary Table 3 | Comparison of thermodynamic values of GIpG between the

prior bulk unfolding measurements and our single-molecule forced unfolding

measurement. Numbers in parentheses indicate error as s.e.m.
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Chapter 5

A simple DNA handle attachment method for single

molecule mechanical manipulation experiments

83



THE
PROTEIN
SOCIETY

B

METHODS AND APPLICATIONS

A simple DNA handle attachment method
for single molecule mechanical
manipulation experiments

Duyoung Min, Mark A. Arbing, Robert E. Jefferson, and James U. Bowie*

Department of Chemistry and Biochemistry, UCLA-DOE Institute, Molecular Biology Institute, Los Angeles, California

Received 20 April 2016; Accepted 23 May 2016
DOI: 10.1002/pro.2952
Published online 24 May 2016 proteinscience.org

Abstract: Manipulating single molecules and systems of molecules with mechanical force is a
powerful technique to examine their physical properties. Applying force requires attachment of the
target molecule to larger objects using some sort of molecular tether, such as a strand of DNA.
DNA handle attachment often requires difficult manipulations of the target molecule, which can
preclude attachment to unstable, hard to obtain, and/or large, complex targets. Here we describe
a method for covalent DNA handle attachment to proteins that simply requires the addition of a
preprepared reagent to the protein and a short incubation. The handle attachment method devel-
oped here provides a facile approach for studying the biomechanics of biological systems.

Keywords: forced unfolding; magnetic tweezers; optical tweezers; SpyTag; SpyCatcher; protein fold-

ing; membrane protein

Introduction

Single-molecule mechanical manipulation techniques
have been widely utilized for studying mechanical
properties of proteins in diverse areas such as pro-
tein folding, binding, translocation, degradation, and
enzymatic catalysis.' 2 Polyprotein or DNA handles
are typically affixed to the target of interest so that
the molecule can be readily attached to chamber
surface or beads/tips so that force can be applied.
The molecular handles prevent undesirable nonspe-
cific adhesion of target proteins to the surfaces, and
their well-characterized force responses validate the
single molecule conditions. Although polyprotein
handles can be conveniently encoded, they are often
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not suitable for more complex targets like membrane
proteins or ribosomes where they may prevent pro-
tein expression or assembly.'®'® Oftentimes, DNA
handles are more convenient because they can be
attached after expression and assembly. Moreover,
DNA handles can provide longer spacers between
surfaces or beads and are therefore more appropri-
ate for larger complexes.

A simple approach for coupling DNA handles to
proteins is to introduce cysteine residues at the
point of attachment, allowing covalent linkage using
thiol chemistry.'”*® Thiol coupling imposes limita-
tions, however, because all the other reactive cys-
teines must be removed, which is not always
possible, and it becomes increasingly difficult with
larger proteins that have more cysteines. HaloTag
has been used, but requires the addition of a large
protein domain to the target, which can limit its
utility.'%#%2% A clever ybbR tag method was devised
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Figure 1. Handle attachment procedure for single molecule manipulations. The DNA handles are first linked to the MBP-
SpyCatcher fusion using the traditional thiol chemistry approach. Separately the target protein (in this case SpyTag-GlIpG) is
prepared with added SpyTag peptides (genetically encoded). Upon simple mixing, SpyTag-GIpG becomes covalently linked to
the MBP-SpyCatcher-DNA via an isopeptide bond (see box inset). For unfolding experiments with GIpG, we employ bicelles to
provide bilayer conditions, which are fully compatible with the attachment method. The DNA-conjugated GIpG can then be teth-
ered between the glass support and magnetic bead via the biotin/neutravidin and dig/antidig linkages, and subject to mechani-

cal force.

to attach DNA handles to green fluorescent protein
or the enormous ribosome.?*** In this method, a
short ybbR peptide tag was inserted into the target
proteins, and Sfp phosphopantetheinyl transferase
was then used to connect an ~20 to 30 base oligonu-
cleotide linked to the thiol on the pantothenate moi-
ety of Coenzyme A. Once the oligonucleotide was
attached, longer handles could then be appended by
ligation. While this method can clearly be used for
handle attachment to complex molecules, all the
manipulations and incubations required for attach-
ment must be performed on the target itself, which
is fine for abundant and highly stable targets like
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ribosomes, but can be difficult if the target is hard
to obtain in large quantities or is unstable as is the
case for many membrane proteins.

Here we describe an approach using a SpyTag/
SpyCatcher system in which all the difficult DNA
attachment chemistry is performed on the easy to
obtain SpyCatcher protein. Once the SpyCatcher-
DNA conjugate is made, attachment to the target
only requires a short incubation at room temperature.
Thus, the method should be suitable for DNA handle
attachment to a wide variety of complex and sensitive
target molecules. We tested the approach on a previ-
ously characterized membrane protein GlpG®* and



show that the attachment method does not signifi-
cantly alter the mechanical properties of the system.

Results

The handle attachment method is outlined in Figure
1. First SpyCatcher-DNA conjugate reagents are
prepared, bearing either biotin or digoxigenin (dig)
affinity tags that can be attached to the chamber
surface or beads. The target protein encoding the 13
amino acid SpyTag peptide sequence is then mixed
with the SpyCatcher-DNA conjugate allowing cova-
lent attachment to the SpyTag via an isopeptide
bond between a Lys side chain in SpyCatcher and
an Asp side chain in the SpyTag.?>3¢

For convenient purification of the protein and
the DNA conjugate, we expressed SpyCatcher as a
fusion to maltose binding protein (MBP-Spy-
Catcher). We introduced a unique Cys into the
MBP-SpyCatcher protein to which 512 bp DNA han-
dles could be attached using maleimide chemistry.
The MBP-SpyCatcher-DNA conjugate could be con-
veniently purified away from unconjugated DNA or
protein by employing anion exchange chromatogra-
phy to select for molecules that possess DNA moiety,
and then by amylose affinity chromatography to
select for molecules that possess MBP moiety.
Although MBP is a relatively large affinity tag, we
found that DNA conjugation prevented affinity puri-
fication using a simple 6xHis tag. Moreover, because
both the target protein and DNA attachment points
are within the SpyTag/SpyCatcher domain (i.e.,
MBP is not on the mechanical pulling axis), the
MBP purification tag will not experience a force dur-
ing the pulling experiments, so it is not necessary to
remove it. Note that the complex manipulations
needed to prepare and purify the MBP-SpyCatcher-
DNA conjugate are all performed on the simple and
easy to prepare MBP-SpyCatcher protein. Once the
conjugate is prepared, it can simply be used as an
added reagent to attach to any target possessing a
SpyTag sequence.

To test the method, we employed the rhomboid
protease GlpG as a target protein. GlpG is a mem-
brane protein with six transmembrane helices. Pre-
viously, we had extensively characterized the
mechanical unfolding of GlpG using DNA handles
coupled using traditional disulfide attachment to
introduced Cys residues at the N- and C-termini,??
allowing us to test whether the new method affected
the observed mechanical properties.

SpyTag peptides (AHIVMVDAYKPTK)**¢ were
appended to the N- and C- termini of GlpG (SpyTag-
GIpG) to allow for linkage to the MBP-SpyCatcher-
DNA conjugate. Figure 2(a) shows the progress of the
linkage reaction when we added a nominal 13:1 molar
ratio of SpyTag-GlpG to MBP-SpyCatcher-DNA (1.2
wM SpyTag-GlpG, 0.09 pM MBP-SpyCatcher-DNA).
We obtained ~80% linkage in only 5 min and nearly
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Figure 2. Kinetics and gel analysis for DNA handle attach-
ment to GIpG. (a) Percent ratio of GlpG-coupled DNA to total
DNA as a function of time. The percent ratios are estimated
from triplicate gels. The reaction was performed at 22°C and
pH 7.5. (b) SDS-PAGE gel showing the attachment of DNA
handles to GIpG after 1 h incubation. The upward shifts from
the MBP-SpyCatcher-DNA band indicate the coupling of
GIpG to one or two DNA handles. The gel is stained with
nucleic acid gel stain.

quantitative linkage after 1 h at 22°C. Both singly
and doubly conjugated SpyTag-GlpG were observed in
an approximately 1:1 ratio [Fig. 2(b)]. We were sur-
prised that we needed to add such a large excess of
SpyTag-GlpG relative to MBP-SpyCatcher-DNA, but
it is possible that at these low concentrations SpyTag-
GIpG could stick to microcentrifuge tube surfaces so
that the effective concentration is much lower than
the nominal concentration. Regardless of the cause, it
is a simple matter to perform a titration to determine
the appropriate concentration ratios.

There are many possible products from the con-
jugation reaction. In addition to singly conjugated
forms, there are three possible doubly conjugated
forms (two biotin tags, two dig tags, or a mixture),
yet all are invisible to the magnetic tweezer experi-
ment except the form with both a biotin tag and a
dig tag, which can bind to both a neutravidin
treated glass surface and an antidig treated mag-
netic bead (Fig. 1, bottom).

The tethered GlpG proteins were subjected to a
slow force ramp (~0.3 pN/s) by approaching a pair of
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Figure 3. Single-molecule forced unfolding experiments for tethered GlpG. (a) Representative force-extension curves showing
the repetitive unfolding events of a single GlpG linked using the SpyTag/SpyCatcher system described here. The symbols N
and U denote the folded and unfolded states respectively. (b) Unfolded fraction as a function of force (n = 91). Fitting yields
unfolding rate at zero force. (c) Unfolding step size distribution at a constant 21 pN (n = 67). (d) Folded fraction as a function of

force (n = 88). Fitting yields folding rate at zero force.

magnets to magnetic beads. As a response to the
force, the extension, i.e., the end-to-end distance of
the GlpG-DNA conjugate increased in a gradual
manner as the DNA stretches and around 25 pN
abrupt jumps in extension occurred, indicating the
highly cooperative unfolding of the GlpG protein
(Fig. 3).

To test whether the new tethering method
altered the observed mechanical unfolding/folding
properties of GlpG, we measured the folding and
unfolding rates and step size for the unfolding events
as described previously*® (Fig. 3 and Table I). As
shown in Table I, the results were similar to those
found previously with a direct disulfide tethering
method (P> 0.05). These results indicate the MBP-
SpyCatcher-DNA handles do not significantly alter
the observed mechanical unfolding events. Moreover,
the SpyTag/SpyCatcher complex has high mechanical
stability®® and did not provide any additional rupture
events at forces up to ~45 pN, a typical force regime
in protein mechanical responses (Fig. 3).

Discussion
Our approach for protein/DNA conjugation has sev-
eral advantages for the mechanical manipulation of

proteins. (1) The hard protein chemistry of DNA
handle coupling and purification steps can be done
on the well-behaved and less valuable SpyCatcher
protein rather than a precious target protein. (2)
The rapid, spontaneous attachment reaction is a
major advantage for proteins sensitive to thermal
stress and vulnerable to aggregation. (3) The rapid,
spontaneous reaction also allows us to use low con-
centration (tens of nM) of DNA conjugate, which is
hard to obtain in large amounts. (4) The binding of
SpyTag and SpyCatcher is not a thiol chemistry, and
thus we can study native proteins without engineer-
ing out the native cysteines of the target proteins.
(5) The high mechanical rigidity of the SpyTag/Spy-
Catcher complex allows for observations of unfolding
transitions without complications from additional
rupture events from the complex. A limitation of the
method is that it would be difficult to attach handles
in the middle of a protein for pulling with different
geometries. It is not impossible, however, as the Spy-
Tag peptide can also be internally encoded.*® The
new handle attachment method established here
should be generally applicable for the mechanical
manipulation of highly complex and sensitive
systems.
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Table 1. Step Size and Rates for GlpG Unfolding /[ Folding from Two Linkage Methods

Unfolding size (nm)

Unfolding rate (X107 % s~ %)

Folding rate (X102 s 1)

SpyTag 36.10 (0.05)
Disulfide 35.63 (0.09)
P 0.1385

8.53 (1.43) 3.56 (0.53)
5.64 (0.91) 3.91 (0.54)
0.0900 0.6442

Numbers in parentheses indicate standard deviation for the step size and standard error for the rate constants. The P val-

ues were assessed by Welch’s ¢-test.

Materials and Methods

Cloning, expression, and purification of SpyTag-
GlpG

The GlpG protein employed here corresponds to resi-
dues 87 to 276 of E. coli GlpG.%* The SpyTag peptide
(AHIVMVDAYKPTK)* and a linker (GSGESG)
were added to both N- and C-termini by two sequen-
tial PCR amplifications. The prior GlpG construct in
a pTrcHisB vector?” was used as a template for the
first PCR reaction. We employed the following pri-
mers that include the SpyTag and a linker (anneal-
ing regions underlined): FWD: 5-AATGGTCGA
TGCGTATAAACCGACGAAAGGTTCAGGAGAGTCA
GGCGCCGCCTGTTTGCG-3, REV: 5-GGCGTCCA
CCATCACGATGTGGGCACCACTTTCACCACTACC
ACATTTTCGTTTTCGCGC—3. The gel-purified
product was then used as the template for the sec-
ond PCR reaction. The second primers completed
the SpyTag sequence and include a 24 to 29 bp over-
lap with Sacl/HindIII digested pTrcHisB. Second PC
R primers were (annealing regions underlined):
FWD: 5-ATGGGGCATCATCATCATCATCATGAGCTC
GCTCATATTGTAATGGTCGATGCGTATAAACC -3,
REV: 5-CTCATCCGCCAAAACAGCCAAGCTTAC
TCCTTCGTCGGCTTGTAGGCGTCCACCATCACG-3'.
The gel-purified PCR product was cloned into
pTrcHisB vector at the Sacl and HindIII sites, preserv-
ing the N-terminal 6xHis-tag to generate the
SpyTag-GlpG construct shown in Figure 4(a). The
SpyTag-GlpG protein was expressed in E. coli
BL21-Gold (DE3) and purified as previously
described.?® Aliquots of the purified GlpG (~15 pM) in
50 mM Tris (pH 7.5), 150 mM NaCl, 0.1% DDM were
flash frozen in liquid nitrogen, and stored at —80°C.

Cloning, expression, and purification

of MBP-SpyCatcher

A DNA segment encoding the maltose binding pro-
tein (MBP) tag was PCR-amplified from the pMAL-
¢2X vector (New England Biolabs) using the pri-
mers, FWD: 5-TTTAACTTTAAGAAGGAGATATAC-
ATATGAAAATCGAAGAAGGTAAACTGGTAATC and
REV: 5-ATGGTGATGGTAGTACGACATGCCATTAG-
TCTGCGCGTC. The gel-extracted DNA fragment
was inserted into Ndel-linearized pDEST14-Spy-
Catcher vector®™ using the Gibson ISO assembly pro-
cedure.’” The resulting plasmid was then modified
using a PCR-based mutagenesis strategy, which
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replaced the three amino acids (Ala-Met-Val) follow-
ing the TEV protease site with the sequence Gly-
Cys-Gly to allow for DNA conjugation. Briefly, the
MBP-containing SpyCatcher plasmid was used as
the template for PCR-amplification with the primers,
FWD: 5-GGTGGTTGTGGTGATACCTTATCAGGTT-
TATCAAGTGAGCAAG and REV: 5-CTGAAAATACA-
GGTTTTCGGTCGTTG, the reaction was then treated
with Dpnl restriction enzyme and subsequently with
polynucleotide kinase and T4 DNA ligase, before
transformation into competent E. coli DH5a. Putative
positive transformants were mini-prepped and their
sequence confirmed by DNA sequencing (Genewiz) to
ensure that the final expression plasmid, pMBP-
SpyCatcher, encodes a fusion protein with the follow-
ing organization of MBP, 6xHis, TEV protease site,
Cys-containing linker, and SpyCatcher shown as in
Figure 4(b).

The expression plasmid was transformed into E.
coli BL21(DE3) and an overnight culture was used
to inoculate four Ultra Yield flasks (Thomson Instru-
ment Company) each containing 1 L of Terrifie broth
supplemented with ampicillin (100 pg/mL). The cells
were grown with shaking at 37°C until they reached
an OD600 of ~1.0 at which point the temperature
was lowered to 30°C and protein expression induced
with 0.75 mM IPTG. Growth was continued for an
additional 4 to 5 h and the cells harvested by centrif-
ugation. The cell pellet was frozen pending cell lysis.
After thawing, the cell pellet was resuspended in
lysis buffer (50 mM Tris (pH 8.0), 200 mM NaCl,
1 mM EDTA, 1 mM DTT, 1 mM PMSF) supple-
mented with a cocktail of protease inhibitors (Sigma-
Aldrich). The cells were lysed using an EmulsiFlex
C3 cell homogenizer (Avestin) and the lysate was cen-
trifuged at 39,000g for 40 min at 4°C. The superna-
tant was decanted, filtered using a 1.0 um
polyethersulfone membrane, and loaded on a 5 mL
MBPTrap column (GE Healthcare Bio-Sciences) equi-
librated in 50 mM Tris (pH 8.0), 200 mM NaCl,
1 mM TCEP (Buffer A) at 2 mIL/min. The column
was washed extensively with Buffer A and then
bound proteins were eluted with a step gradient to
10 mM maltose in Buffer A. The fractions containing
the fusion protein were pooled and concentrated, and
the fusion protein was further purified by size exclu-
sion chromatography using a Sephacryl S-100 column
(GE Healthcare Bio-Sciences) equilibrated in 50 mM
Tris (pH 8.0), 150 mM NaCl, 1 mM TCEP at a flow



SpyTag-GlpG
SpyTag GIpG (87-276)
MGHHHHHHELAHIVMVDAYKPTKGSGESGAACLRERAGPVTWVMMIAAVVVFIAMQILGD
QEVMLWLAWPFDPTLKFEFWRYFTHALMHFSLMHILFNLLWWWYLGGAVEKRLGSGKLIVI
TLISALLSGYVQQKFSGPWFGGLSGVVYALMGYVWLRGERDPQSGIYLQRGLIFALIWIVAG
WFDLFGMSMANGAHIAGLAVGLAMAFVDSLNARKRKCGSGESGAHIVMVDAYKPTKE
SpyTag

MBP-SpyCatcher
Maltose binding protein (MBP)
MKIEEGKLVIWINGDKGYNGLAEVGKKFEKDTGIKVTVEHPDKLEEKFPQVAATGDGPDIIF
WAHDRFGGYAQSGLLAEITPDKAFQDKLYPFTWDAVRYNGKLIAYPIAVEALSLIYNKDLLPN
PPKTWEEIPALDKELKAKGKSALMFNLQEPYFTWPLIAADGGYAFKYENGKYDIKDVGVDN
AGAKAGLTFLVDLIKNKHMNADTDYSIAEAAFNKGETAMTINGPWAWSNIDTSKVNYGVTV
LPTFKGQPSKPFVGVLSAGINAASPNKELAKEFLENYLLTDEGLEAVNKDKPLGAVALKSYE
EELAKDPRIAATMENAQKGEIMPNIPQMSAFWYAVRTAVINAASGRQTVDEALKDAQTNGM
SYYHHHHHHDYDIPTTENLY FOGGCGDTLSGLSSEQGQSGDMTIEEDSATHIKFSKRDEDGK
ELAGATMELRDSSGKTISTWISDGQVKDFYLYPGKYTFVETAAPDGYEVATAITFTVNEQGQV

TVNGKATKGDAHI
SpyCatcher

Figure 4. Amino acid sequences for (a) SpyTag-GlpG and (b) MBP-SpyCatcher. The SpyTag and SpyCatcher are shown in
red, GIpG and MBP in blue, 6xHis-tag in green, and TEV protease site in yellow. The unique cysteine residue in MBP-

SpyCatcher for DNA handle conjugation is underlined.

rate of 1 mL/min. Fractions containing pure MBP-
SpyCatcher proteins were pooled, concentrated to
~150 pM, aliquots flash-frozen with liquid nitrogen,
and stored at —80°C pending use.

Conjugation of DNA to MBP-SpyCatcher

A 512 bp DNA possessing a distinct binding tag (bio-
tin or digoxigenin), was PCR-amplified from a A
DNA template (final 2.5 pg/mL; New England Biol-
abs, N3011S) using forward primer CATGTGGGT-
GACGCGAAA modified with 5 amine group, and
reverse primer TCGCCACCATCATTTCCA modified
with either 5 biotin or digoxigenin (final 1 uM each;
Integrated DNA Technologies). 4 mL of each PCR
product was purified using a HiSpeed Plasmid Maxi
Kit (Qiagen, 12662), eluted into ~1 mL of 0.1M
sodium bicarbonate (pH 8.4), and then mixed to total
~2 mL (each ~1.5 pM final concentration).

To attach a maleimide functional group to the
amine-modified end, we used the SM(PEG)2 reagent
(Thermo Fisher Scientific, 22102), which is a hetero-
bifunctional crosslinker with N-hydroxysuccinimide
(NHS) ester and the desired maleimide group [Fig.
5(a)l. 8 pL of 250 mM SM(PEG)2 crosslinker (dis-
solved in dimethyl sulfoxide) was added to the
~2 mL DNA mixture and incubated for 20 min at
room temperature (RT). The sample was then
divided into two ~1 mL samples for purification
with the HiSpeed Plasmid Maxi Kit, each eluted
into ~1 mL of 0.1M sodium phosphate (pH 7.3),
150 mM NaCl, and then combined to yield ~2 mL of
~1.1 pM DNA conjugate mixture. To attach the
DNA handles to the MBP-SpyCatcher protein, we

89

mixed 200 pL of the purified MBP-SpyCatcher pro-
tein to the ~2 mL DNA handle with final concentra-
tion of ~14 M and ~1 pM each, and incubated the
mixture for 2 h at RT [Fig. 5(a)].

To separate unconjugated SpyCatcher proteins
and DNA in the SpyCatcher/DNA mixture, we first
employed an anion exchange column. The mixture
(DNA and MBP-SpyCatcher-DNA) was bound to a
1 mL HiTrap Q HP column (GE Healthcare Bio-
Sciences, 29-0513-25) equilibrated with 20 mM Tris
(pH 7.5), and then eluted using a gradient to 1M
NaCl (gradient volume =25 mL). The eluted sample
was collected in 1 mL fractions, and peak fractions of
the DNA constructs were pooled. Unreacted DNA
was further removed by employing an amylose affin-
ity resin that only captures the construct with MBP
tag, i.e., MBP-SpyCatcher-DNA. We loaded the pooled
sample onto a column charged with ~1 mL amylose
resin (New England Biolabs, E8021S) and incubated
for 2 h at RT with slow tilt rotation. We washed the
column with ~60 mL of 50 mM Tris (pH 7.4),
200 mM NaCl, 20 mM imidazole (Buffer B), and
then eluted the MBP-SpyCatcher-DNA from the
amylose resin by applying 10 mM maltose in Buffer
B. Using 30K Amicon Centrifugal Filter Unit (EMD
Millipore, UFC803024), the MBP-SpyCatcher-DNA
construct was concentrated to ~100 nM of ~300 pL
and stored at —80°C in 10 pL aliquots. The covalent
conjugation of MBP-SpyCatcher and DNA was con-
firmed by separation by 4 to 20% SDS-PAGE (Gen-
Seript, M42015) with staining for DNA molecules
with GelRed nucleic acid gel stain (Biotium, 41003)
[Fig. 5(b)].
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Figure 5. Linking DNA to MBP-SpyCatcher. (a) Schematic diagram of the conjugation process. The amine-modified 512 bp
DNA were activated with a maleimide group and then conjugated to MBP-SpyCatcher protein by maleimide-cysteine crosslink-
ing chemistry. The purification of MBP-SpyCatcher-DNA construct was performed sequentially by ion exchange and MBP-tag
affinity chromatography. (b) SDS-PAGE gel showing successful conjugation. The upward shift from the DNA band indicates the
MBP-SpyCatcher coupling to DNA. The gel was stained with a nucleic acid gel stain.

DNA-SpyTag-GipG sample preparation

1 L of ~15 pM SpyTag-GlpG and 11 pL of ~100 nM
MBP-SpyCatcher-DNA were mixed so that the final
solution contained 45 mM Tris (pH 7.4), 150 mM
NaCl, 2 mM TCEP, 15 mM imidazole, 7 mM malt-
ose, and 0.1% DDM. After 1 h incubation at RT, 9
pL. of the mixture was diluted to ~800 uL with
50 mM Tris (pH 7.5), 150 mM NaCl, 2 mM TCEP,
1.3% bicelle to make the final DNA concentration
~1.0 nM, and stored at —80°C in 10 plL aliquots.
The bicelle mixture consisted of DMPC lipid (Avanti
Polar Lipids, 850345P) and CHAPSO detergent
(Affymetrix, C317) at a 2.5:1 molar ratio as previ-
ously described.??

Coating of magnetic bead with antidigoxigenin

We used N-hydroxysuccinimide (NHS) ester cross-
linking chemistry to coat magnetic beads with anti-
digoxigenin (antidig). With a magnetic concentrator
(Thermo Fisher Scientific, 12321D), 34 pL of 2.8 ym
carboxylated magnetic beads (Thermo Fisher Scien-
tific, 14305D) were equilibrated in 1 mL of 0.1M
MES (pH 6.0), 0.5M NaCl, 0.1% Tween 20. To acti-
vate the carboxylic acids with NHS esters, we added
100 pL of a solution of 50 mM 1-ethyl-3-(3-dimethy-
laminopropyl)carbodiimide and 100 mM sulfo-NHS
and incubated for 15 min at RT with gentle mixing
on a rotator. The activated magnetic beads were
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equilibrated in 1 mL of 0.1M sodium phosphate (pH
7.3), 150 mM NaCl, 0.1% Tween 20 using the mag-
netic concentrator. We then added 60 pL of 1.1 pM
antidig (Sigma-Aldrich, 11333089001) and incubated
for 3 h at RT with gentle mixing on a rotator. To
quench unreacted NHS esters, we equilibrated the
beads in 1 mL of 0.1M Tris (pH 8.5), 0.1% Tween 20
and incubated for 10 min at RT with gentle mixing
on a rotator. The antidig coated magnetic beads
were washed with 0.1M sodium phosphate (pH 7.3),
150 mM NaCl, 0.01% Tween 20, resuspended in 34
uL of the same buffer, and then stored at 4°C.

PEG/biotin coating of glass coverslip

We coated the surface of glass coverslips (25 X
50 mm, No 1.5; VWR) with a combination of two dif-
ferent NHS ester-functionalized polyethylene glycols
(PEG-NHS),*3%? i e., 125:1 molar ratio of methylated
PEG-NHS (mPEG; Laysan Bio, MPEG-SVA-5000)
and biotin-conjugated PEG-NHS (biotin-PEG; Lay-
san Bio, Biotin-PEG-SVA-5000) using amine-NHS
ester crosslinking chemistry. The mPEG molecules
prevent nonspecific binding events of beads and pro-
teins whereas the biotin-PEGs specifically bind
DNA-conjugated GlpGs via biotin-neutravidin link-
age. The coverslips were first cleaned with 1M KOH
in a sonication bath for 20 min, washed with dis-
tilled water, and then functionalized with amine



groups (silanization reaction) using a solution of N-
(2-aminoethyl)—3-aminopropyltrimethoxysilane
(UCT, A0700), acetic acid and methanol in a 1:5:100
volume ratio. The coverslips were incubated with
the silanization solution for 12 min at RT, sonicated
for 1 min in the sonication bath, and incubated for
an additional 20 min at RT. The coverslips were
washed with methanol, then distilled water, and
then dried with nitrogen gas. PEGs were coupled by
incubating 60 pL of a PEG-NHS solution (40 mM
PEG mixture in 0.1M sodium bicarbonate, pH 8.4)
between two coverslips for 4 to 5 h at RT in a
humidity chamber. The coverslips were washed with
distilled water, dried with nitrogen gas, and stored
at —20°C.

Single-molecule microscope sample chamber

A sample chamber of ~15 pL channel volume (=1
CV) was constructed by putting together a PEG/bio-
tin-coated coverslip (see above) and a KOH-cleaned
coverslip (24 X 40 mm, No 1.5; VWR) with double-
sided tape. 1 pLi of 1.0 pm sized polystyrene beads
coated with streptavidin (Polysciences, 24162) were
washed and equilibrated in 300 pL of 0.1M sodium
phosphate (pH 7.4), 150 mM NaCl, 0.1% Tween 20
by repeated centrifugation and resuspension. We
injected 1 CV of the bead solution into the ~90 pm
thick channel by capillary action and incubated for
90 s at RT. The nonmagnetic polystyrene beads bind
to PEG/biotin-coated surface via biotin-streptavidin
linkage and are used to correct vertical and lateral
drift of sample stage. The chamber surfaces were
further passivated by flowing through three CVs of
100 mg/mL bovine serum albumin, and then washed
with 50 mM Tris (pH 7.5), 150 mM NaCl. The sam-
ple chamber was then equilibrated in 50 mM Tris
(pH 7.5), 150 mM NaCl, 2 mM TCEF, 1.3% bicelle
(Buffer C). The bicelle mixture consisted of DMPC
lipid and CHAPSO detergent at a 2.5:1 molar ratio
as described above.

To bind the DNA-linked GlpG constructs to the
PEG/biotin-coated surface, we first attached neutra-
vidin (NTV) molecules to the biotin-modified DNA
handles. We added 1 pL of 167 nM NTV (Thermo
Fisher Scientific, A-2666) to 10 pL of the DNA-
linked GlpG stock described above and incubated for
20 min at RT (NTV: biotin-DNA = 30: 1). The NTV-
bound GlpG sample was then diluted to 22 pL total
volume with Buffer C (i.e., ~100 pM of NTV-biotin-
DNA-GlpG-DNA-digoxigenin), and 1 CV of the
diluted sample was injected into the chamber and
incubated for 10 min at RT to allow binding to the
PEG/biotin-coated glass surface. The vacant biotin
binding sites of the neutravidin/streptavidin mole-
cules were blocked by washing with three CVs of
short 30 nt DNA oligonucleotides modified by biotin
(10 pM in Buffer C) and incubating for 5 min at RT.
The chamber was then equilibrated in 50 mM Tris-
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HCI (pH 7.5), 150 mM NaCl, 1.3% bicelle (Buffer D).
With the magnetic concentrator (the same one used
above), 1 uL of antidig-coated magnetic beads were
washed with 300 pL of 50 mM Tris (pH 7.5),
150 mM NaCl once and with 50 pL of Buffer D
twice. One CV of the magnetic beads, resuspended
in 50 pL Buffer D, were introduced into the cham-
ber, and incubated for 30 min at RT to bind surface-
tethered GlpGs having digoxigenin-DNA handles
(Fig. 1, bottom).

Magnetic tweezer instrumentation

The magnetic tweezer apparatus was custom-built
as previously described.??*#%*! The tweezer setup
was constructed on an inverted microscope (Olym-
pus, IX73) with a motorized XY stage (ASI, MS-2000
XY Automated Stage). Magnetic beads in a glass
sample chamber were illuminated by 455 nm light-
emitting diode (Thorlabs, M455L3) and diffraction
pattern images from the beads were captured at 60
Hz frame rate by a charge-coupled device camera
(JAI, CM-040GE). We track the lateral (x,y) and ver-
tical (z) motions of the beads by analyzing the dif-
fraction images using customized software programs
written in LabView (National Instruments).??-2240-41
The lateral movement was tracked by calculating
the maximum self-convolution for diffraction pattern
intensity profiles (I(x), I(y)). The vertical movement
(extension change) was tracked by calculating the
minimum »* estimate of a radial intensity profile
(I(r)) with precalibration data, i.e., a stack of the
radial intensity profiles as a function of bead height.
The calibration data was measured by moving the
focal plane in known increments with a nanoposi-
tioning piezoelectric stage (Mad City Labs, Nano-
F100S). Thermal drift of the microscope stage was
corrected by simultaneously tracking the nonmag-
netic polystyrene beads immobilized on the chamber
surface.

To generate a magnetic field gradient, we
employed a pair of two permanent neodymium mag-
nets (10 X 10 X 12 mm) separated by 1 mm with
antiparallel alignment of magnetic moments. Verti-
cal and rotational motions of the magnet pair was
manipulated with a translation stage (Physik
Instrumente, M-126.PD1) and a rotation stage
(Physik Instrumente, DT-50). We calibrated the
mechanical tension applied to tethered molecules, as
a function of the magnet height. At each magnet
height, we measured the end-to-end distance (exten-
sion) of a tethered molecule (L) and lateral fluctua-
tion of a magnetic bead (5x%), and then calculated
the applied tension from an equation Fi., = kgTL/
dx® where kgT is the thermal energy. The equation
was derived by assuming an inverted pendulum for
the trapped molecule in the magnetic potential, **42
The force range of our magnetic tweezers is approxi-
mately 0.01 pN to 70 pN. We controlled the pair of



magnets with translational speeds of 0.1 mm/s dur-
ing the gradual force ramp [average ~0.3-0.4 pN/s,
Fig. 3(a)l. The representative traces shown in
Figure 3(a) were median-filtered with a 50-point
window size.
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Chapter 6

Methods for Understanding How Proteins
Fold Within a Membrane
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This chapter will be submitted as a review article in a special issue of the Journal of Molecular

Biology.

Abstract

Membrane proteins are uniquely constrained by their environment. They must interact
with the hydrophobic tails of lipids, charged headgroups, two discrete aqueous regions, and
other proteins, while carrying out critical functions. How these proteins maintain a specific fold
in the membrane is a major question of biology. Studying how membrane proteins fold in the
particular context of the lipid bilayer comes with its own technical challenges. The traditional
chaotropic denaturants for unfolding soluble proteins are not generally applicable to membrane
proteins and often do not recreate a biologically relevant unfolded state. To confront these
challenges, specialized methods have been developed to measure the thermodynamics and
kinetics of membrane protein folding under more relevant and native conditions. Chemical
denaturation, steric trapping, and force spectroscopy continue to be useful tools for

understanding the underlying principles of how full-length membrane proteins fold.

Despite the importance of understanding protein folding, membrane protein folding has
been neglected and research lags far behind that of soluble proteins. Membrane proteins are not
an unimportant or particularly niche topic, but have been plagued by technical challenges that
have impeded experiments. A simple publication search for “protein folding” turns up more
than 44,000 results, versus “membrane protein folding”, which finds just over 200

(http://www.ncbi.nlm.nih.gov/pubmed). While the search is blunt, the stark contrast in the
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number of publications underscores that membrane protein folding studies have a long way to

go to catch up with soluble proteins.

While both a-helical and -barrel membrane proteins have challenges for folding
studies, the approaches to examine their relevant folding and unfolding pathways must address
each separately. a-helical membrane protein folding can be divided into a two-step process
(Popot and Engelman, 1990). In the first step, the membrane protein is cotranslationally
inserted via a ribosome-SecYEG translocon complex driven by sequence features of the
transmembrane segment (Hessa et al., 2005). Once the topology is established, the
transmembrane helices can fold into a final structure in a second step. After insertion and final
folding in the membrane, membrane proteins dissociate from the insertion machinery and exist
in an equilibrium between the second-stage unfolded and folded state. This second-stage is our
primary focus for in vitro studies that measure the energetics of folding within the membrane
environment. While these two steps are not completely separate during insertion, it is
reasonable that second-stage folding can inform us about the tertiary interactions that drive

folding of nascent membrane proteins.

In contrast, 3-barrel outer membrane proteins in gram-negative bacteria are
cotranslationally passed through the SecYEG translocon into the periplasm and kept in an
unfolded conformation by chaperones for insertion by specialized outer membrane machinery,
referred to as the B-barrel assembly machinery (BAM) (Knowles et al., 2009). Related
apparatuses exist in mitochondria and chloroplasts (Paschen et al., 2003). Due to the nature of
the final barrel fold, the possibilities for non-sequential interactions are limited, and the two-
stage model is a poor descriptor of this folding process. In vitro folding studies of 3-barrel

proteins have commonly combined insertion and folding into a single step.
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Membrane protein folding experiments are perhaps most hindered by the difficulty
involved in recreating conditions in which we can test membrane protein folding in a
membrane. Recapitulating a membrane environment that is compatible with in vitro folding
studies has been a long-standing challenge. While soluble proteins can be examined in aqueous
solutions, membrane proteins require a membrane mimetic. Membrane mimetics range from
relatively convenient detergents, to lipid bilayer vesicles, and compromises in between.
Detergents permit solubilization of membrane proteins in solution by forming a micellar belt
around the hydrophobic surface. While micelles are a fairly easy to manipulate and can readily
mix with denaturants, there are caveats to detergent studies that prevent accurate
measurements of native folding conditions. Transient dissociation of detergents can expose
aggregation prone hydrophobic regions. Unfolded states of membrane proteins in detergent are
also not constrained to a 2-dimensional bilayer, but rather the individual helices can occupy a
larger space in solution. The increased entropy of the unfolded state can destabilize detergent-
solubilized membrane proteins. Furthermore, detergents do not accurately replicate the specific
lipid interactions with protein as the polar headgroups are dissimilar and they only have a single

hydrophobic acyl chain that is often shorter than a typical membrane lipid.

Bicelles recreate a bilayer environment in a disc bordered by detergent, offering a
compromise between a complete membrane and the technical ease of detergents (Sanders and
Prosser, 1998). The ratio of lipid to detergent, referred to as the q ratio, determines the radius of
the bicelle discs, permitting comparisons of bicelle size on folding and stability. They offer a
convenient bilayer alternative to the lipidic cubic phase for crystallization of membrane proteins
(Faham et al., 2005), and at low temperature, bicelle mixtures have low viscosity and are easy to
manipulate for homogenous incorporation of membrane proteins. However, bicelles transition

to a viscous gel at higher temperatures, prohibiting experiments at physiological temperatures.
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Though they do form a lipid bilayer, bicelles are still limited to certain lipid/detergent mixtures

that use saturated shorter acyl chains.

Ideally, all membrane protein folding studies could be performed in reconstituted
membranes. Lipid vesicles can be formed from a wide range of purified lipids to study effects of
lipid shape, headgroup charge, and chain length. Purified membrane proteins can be
incorporated into preformed vesicles spontaneously, or by detergent removal from a solubilized
mixture of protein and lipids (Rigaud et al., 1995). Membrane proteins can also be studied in
supported membranes (Sackmann, 1996), but this introduces interactions with the non-aqueous
support surface. One of the major roadblocks is establishing an unfolded state without
destroying the proteoliposome complex. Additionally, the large membrane structures formed by

lipids introduce light scattering that can interfere with spectroscopic assays of protein function.

Though no membrane mimetic is perfect, the methods covered in this review utilize
detergent micelles, bicelles, and lipid bilayers. Newer developments are helping to address the

challenges of studying membrane protein folding in native environments.

Equilibrium Unfolding with Denaturants

Once a native membrane mimetic has been established, it still requires a mechanism to
reversibly drive unfolding. To measure the unfolding energetics of proteins we need a method
to shift the equilibrium towards the unfolded state where there is a measurable fraction of
unfolded and folded protein, the “transition region.” (Figure 6-1) Free energies of unfolding
calculated from the transition region display a linear relationship with denaturant
concentration, which can be extrapolated back to zero denaturant. Many soluble protein studies

have employed chemical denaturation with the chaotropes, urea and guanidium chloride
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(Jackson, 1998; Johnson and Fersht, 1995; Pace, 1986). Extrapolating experimentally
determined unfolding free energies in the transition zone back to zero denaturant have been
validated with theory and other experimental methods, such as hydrogen-deuterium exchange
(Huyghues-Despointes et al., 1999). Though urea has been successfully used for 3-barrel folding
from a soluble unfolded state, these denaturants are not generally applicable for reversible
unfolding of membrane proteins. For second-state folding of a-helical membrane proteins
sodium dodecyl sulfate (SDS) has become the eminent denaturant for reversible unfolding

within a membrane mimetic environment.
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Urea unfolding

Like soluble protein folding, studying membrane protein folding requires a method of
shifting the equilibrium to the unfolded state and back to the folded state. While urea is an
effective chaotrope to drive unfolding of soluble proteins, its success for reversibly unfolding

membrane proteins has been mostly limited to the [-barrel class. Early experiments
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demonstrated that 3-barrel membrane proteins can insert and adopt a native fold from a urea-
denatured state (Surrey and Jahnig, 1992). Further experiments investigated the kinetics of and
requirements for spontaneous 3-barrel incorporation (Kleinschmidt et al., 1999; Surrey et al.,
1996), but it was not until Hong and colleagues examined the insertion of OmpaA into lipid
vesicles that a fully reversible folding assay was demonstrated for -barrel proteins (Hong and
Tamm, 2004). OmpA completely unfolds in a high concentration of urea and refolds into
unilamellar vesicles upon denaturant dilution. The unfolded state is dissociated from the
membrane ionic repulsion of negatively charged phosphatidylglycerol (PG) lipids and basic pH
to negatively charge OmpA. Though this assay measures refolding from a soluble denatured
state, the native state is folded in a membrane, allowing stability comparisons between different
lipid compositions. OmpA exhibits a significant dependence on bilayer thickness and chain
saturation. Stability increases with lateral pressure from longer acyl chains and unsaturated
lipids. Folding of OmpaA into its hourglass shape can alleviate the intrinsic lateral pressure in
these membranes, demonstrating the importance of the lipid bilayer upon membrane protein

folding.

The ability to solubilize unfolded [-barrel membrane proteins with chaotropic agents
and spontaneously refold them into bilayers lead to further folding studies of other (3-barrel
membrane proteins. Later determinations of the free energy of unfolding for OmpW, OmpLA,
and PagP employed guanidine as a denaturant (Moon and Fleming, 2011; Moon et al., 2013).
Interestingly, stability of PagP was also measured in urea (Huysmans et al., 2010), which
created an unfolded state ensemble that was associated with the bilayer, instead of the fully
solubilized guanidine-denatured PagP, highlighting the importance of how denaturant choice
affects which folding pathway is being measured. The Fleming lab has proposed that the high
free energies of unfolding for OmpW, OmpLA, and PagP may help direct targeting of these outer

membrane proteins across the periplasm via chaperones, preventing off-pathway misfolding

101



such as aggregation (Moon et al., 2013). Additionally, high kinetic stability in the outer

membrane may be selected for due to the harsh environmental conditions

However, while urea and guanidine is a convenient denaturant for spontaneously
incorporating 3-barrel membrane proteins, it is problematic for refolding a-helical membrane
proteins. Urea poorly mimics the hydrophobic bilayer, though in rare cases it can be used to
study folding of certain helical membrane proteins. Studies of the small drug exporter EmrE
used a high concentration of urea to supplement SDS unfolding, and refolded the protein into
detergent micelles or lipid vesicles (Miller et al., 2009). The sugar transporter GalP can be
refolded from a urea-denatured state, but has exposed helical regions and a solvent accessible
ligand binding site that may make it particularly susceptible to equilibrium urea denaturation
(Findlay et al., 2010). Recently, the Booth lab has developed a method for refolding a GPCR into
n-decyl 3-D-maltoside (DM) micelles from a urea-denatured state on a solid support (Bartolo et
al., 2016), demonstrating that urea is still a useful tool for working with purified membrane
proteins. However, for a-helical membrane proteins, mixed micelle folding studies have offered
an alternative mode of chemical denaturation that is more tailored to the constraints of folding

within the lipid bilayer.
SDS unfolding

Early studies with bacteriorhodopsin (bR) demonstrated that helical membrane proteins
could be refolded from a chemically denatured state (Braiman et al., 1987; Huang et al., 1981;
London and Khorana, 1982). SDS was used to denature bacteriorhodopsin and refolding was
initiated by adding renaturing lipids, detergents, or mixed micelles of both detergent and lipid.
Refolding in a continuos micellar phase from harsh anionic detergent to a lipid-detergent
mixture permits the protein to refold in an entirely hydrophobic environment that is analogous

to second-stage folding in which pre-formed transmembrane helices can associate. Further
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studies of bR have examined refolding from SDS in detail. Paula Booth and colleagues were able
to identify intermediates in the process of membrane protein folding from an SDS-unfolded
state (Booth et al., 1995). The order and timescales of helix assembly and subsequent

chromophore binding provide a view of how the protein may fold in the natural lipid bilayer.

Thermodynamic measurement of a-helical membrane protein stability was established
by the Bowie lab using the membrane enzyme diacylglycerol kinase (DGK) (Lau and Bowie,
1997). Previous efforts to measure helical membrane protein stability using thermal
denaturation irreversibly unfold the protein. Similar to using urea or guanidine denaturation to
study soluble protein stability, SDS was titrated in to shift the equilibrium towards the unfolded
state, and could be refolded back to the native state in DM. Careful placement of tryptophan
residues allowed the stability of the transmembrane domain to be calculated separately from the
unfolding of the cytoplasmic domain. A similar approach has been applied to bR (Cao et al.,
2012; Chen and Gouaux, 1999; Faham et al., 2004) and the intramembrane protease GlpG
(Baker and Urban, 2012). The Booth lab has comprehensively investigated the thermodynamic
and kinetic stability of bR using SDS (Curnow and Booth, 2007). The transition regions for
DGK and bR occur between ~0.6 and 0.9 xsps and thus the unfolding free energies require a
fairly long linear extrapolation back to 0 ysps. Unfolding free energies for bR and the disfulfide
bond reducing protein B (DsbB) (Otzen, 2003) were also measured by refolding and unfolding
rates, the latter of which also require extrapolation back to zero denaturant. Until recent steric

trapping studies, these extrapolations had not been verified or refuted by experimental evidence.

Despite the developments of membrane folding studies in SDS detergent, there are still
only a handful of membrane proteins that have been probed in depth. Not all membrane
proteins can refold from an SDS-unfolded state and some membrane proteins are resistant to
SDS denaturation (Borgnia et al., 1999; Fujii et al., 1989; Hardie et al., 1996; Heginbotham et

al., 1997; Sargiacomo et al., 1995; Spelbrink et al., 2005; Yang et al., 1999). So while SDS is a
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useful tool for inspecting the membrane protein folding process, it will not work for every
membrane protein. Many membrane proteins also lack a easily assayable functional
characteristic to quantify the fraction folded during SDS denaturation. SDS unfolding has been
measured using changes in circular dichroism (CD) and ultraviolet absorbance spectroscopy
(Lau and Bowie, 1997), however, not all membrane proteins have measureable differences in
their secondary structure by CD or can be easily produced in the quantities necessary for

absorbance measurements.

Even for the membrane proteins whose folding has been studied in SDS, they are still
dependent on linear extrapolations back to non-denaturing conditions. While linear
extrapolations have been substantiated for soluble proteins, the denaturing effects of SDS at low
mole fractions of the micellar phase is unclear from folding studies dependent on measuring
stability in the transition region. Though non-denaturing detergents provide a convenient
membrane mimetic for the folded state, it is important to consider the SDS-unfolded state.
While SDS micelles preserve most of the a-helical content of membrane proteins, the
arrangement of those helices is much less entropically constrained than it would be in the plane
of the membrane. In high concentrations of SDS the protein can be solubilized in multiple
micelles in the ‘pear] necklace’ model, permitting each helical TM segment to occupy a separate
detergent micelle with three-dimensional flexibility in the loop regions. Ralf Langen and
colleagues carried out a study of the SDS-unfolded state of bR using pulsed electron
paramagnetic resonance to measure distances between specific locations in the protein
(Krishnamani et al., 2012). While tertiary interactions were largely disrupted, the majority of
end-to-end TM helix distances were similar, centered around the same distance as in the folded
condition, but the distance distributions were more broad in SDS, suggesting that some fraying
or unwinding of the helices may occur in the unfolded state. A study of peptides of the isolated

transmembrane segments of bR showed that TMs were more helical when incorporated into
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lipid vesicles versus SDS (Hunt et al., 1997). In the two-state model, the transmembrane helices
are expected to remain stable without tertiary interactions, however, the degree of local
unwinding and distortions in the absence of helical packing is unclear. Whether the helical
disruptions observed in SDS happen during unfolding of the full-length protein in the lipid

bilayer requires further study.

Even accepting the caveats of the SDS-unfolded state, folding studies in detergent
systems are still problematic. Micelles, though convenient, do not perfectly recapitulate the
lipid bilayer. Specific interactions between protein and lipids are lost, as are lateral packing
pressure and effects from thickness and curvature of the membrane. Detergents can also
introduce undesirable pathways of misfolding, such as aggregation, transient exposure of
hydrophobic patches, or irreversible inactivation (Zhou et al., 2001). The limitations of SDS

unfolding studies call for new methods suitable for measuring folding within a lipid bilayer.

Unfolding Membrane Proteins with a Steric Trap

To study how proteins fold in the membrane, the Bowie lab has pioneered a new method
to dissect this important process without disrupting the membrane environment. Instead of
altering the conditions using temperature, pressure, or chemical denaturants to unfold a
membrane protein, the Bowie lab established a method that uses a secondary protein that
preferentially binds to the unfolded state. The method, referred to as “steric trapping,” employs
the tight binding of a large tag-binding protein to a tagged protein of interest. (Figure 6-2) We
have exploited the high affinity of a chimeric monovalent streptavidin (mSA) for biotin
(Howarth et al., 2006). The protein subject to trapping is labeled such that the biotin tags are
close in the folded structure, but far apart in the primary sequence. If the tags are sufficiently

close, mSA can only bind one of the tags when the protein is folded because the second biotin
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site will be occluded by the steric bulk of the bound streptavidin. Only once the protein unfolds
does the second site become accessible for binding, upon which the protein becomes sterically
trapped in the unfolded state, thereby coupling unfolding with a measureable binding event.
The affinity for the second binding event is determined by the intrinsic mSA-biotin binding free
energy and the free energy of unfolding of the protein. Unfolding is driven by mSA affinity and
concentration, so the thermodynamics of protein folding can be calculated from a binding
isotherm. Steric trapping does not necessitate destroying the membrane or disrupting its
properties because the membrane protein of interest can be biotinylated in the soluble loops.
Depending on the placement of the affinity tags, the steric trap method can target specific

domains of the protein for unfolding.
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Figure 6-2 Steric Trap Unfolding. (A) Reaction diagram of steric trapping. The membrane protein (blue) is site-
specifically labeled with biotin (red). The first mSA (green) binding event is driven by the intrinsic affinity for biotin
(AGg), but the second binding energy is coupled to the unfolding free energy of the biotin-labeled membrane protein
(AGg + AGy). The color change to brown denotes the unfolded state. (B) Idealized binding curve showing the
fraction of folded protein over a range of mMSA concentrations.

As a proof of concept, this method has been used to study the soluble enzyme
dihydrofolate reductase (DHFR) (Blois et al., 2009). A double cysteine mutant of DHFR was
labeled with thiol-reactive biotin at two positions known to be close together and solvent

accessible from the atomic structure. Activity loss depended on biotinylation of both sites and
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correlated with increasing concentrations of mSA. The sterically trapped unfolded state was
also probed by limited proteolysis, demonstrating that sterically trapped DHFR is similarly
susceptible to proteolysis as chemically denatured proteins. The binding of wild-type mSA is
essentially irreversible, so the reverse refolding reaction necessitated a mutant of the active
subunit with weaker affinity and a greatly accelerated off-rate. Activity recovery after addition
of excess free biotin demonstrated that steric trap unfolding was reversible. The apparent msA
binding affinity was dependent on binding of a stabilizing cofactor to DHFR, indicating that the
steric trap is able to measure changes in protein stability. The unfolding free energy measured
by steric trapping agrees closely with that measured by urea denaturation, establishing the steric

trap method as a reliable tool for measuring protein stability.

The first test of steric trapping with a membrane protein examined the dimerization of
the single-span TM protein glycophorin A (GpATM) (Hong et al., 2010). The association energy
of GpATM had been studied extensively in micellar systems, but the equilibrium in lipid vesicles
was unclear. GpATM is an important model protein for studying transmembrane helix
oligomerization and the association of helices during membrane protein folding. To monitor the
association of the dimer, self-quenching pyrene fluorophores were attached near the TM close to
the biotin tag. While the dissociation constant determined in detergent agrees well with
previous measurements, the association of the GpATM is greatly enhanced in 1-palmitoyl-2-
oleoyl-sn-glycero-3-phosphocholine (POPC) bilayers. The high affinity of the GpATM dimer in
POPC bilayers would not have been measureable by dilution. Steric trapping offers a method of

accurately measuring helix association energetics in lipid bilayers.

The GpATM dimer was further explored by altering the lipid bilayer composition (Hong
and Bowie, 2011). One of the primary advantages of the steric trap method is the ability to study
the effect of different lipids on membrane protein folding. While the GpATM is highly stabilized

in POPC vesicles, the recreation of a natural membrane environment revealed that the
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association is only marginally stable in the cellular context. The dimerization is greatly
weakened by electrostatic interactions between lipid headgroups and protein side chains as well
as competition from the heterogeneous milieu of membrane proteins. These results illustrated
that membrane proteins are not necessarily always more stable in membranes than in detergent.
These unexpected effects of the membrane environment can be uncovered using the steric trap

method.

Attempting to measure the thermodynamic stability of a more complex membrane
protein lead to a surprising finding with DGK (Jefferson et al., 2013). DGK was biotinylated at a
single cysteine on each subunit near the axis of symmetry. The subunits must dissociate to be
susceptible to steric trapping. Dissociation disrupts the active sites shared between subunits, so
unfolding can be monitored by loss of activity. While attempting to establish steric trapped
DGK for thermodynamic measurements, the unfolding rate was found to be extremely slow in
octyl-glucoside with a half-life of 12.6 d. Without any SDS, unfolding is indistinguishable from
the intrinsic irreversible inactivation rate. The unfolding rate in a small amount of SDS could be
separated from the slow inactivation demonstrating that the protein is indeed trapped by mSA.
The steric trapped monomers were confirmed to be dissociated as they could be refolded with
SDS-unfolded mutant subunits. The steric trapping of the DGK trimer does not necessitate
complete unfolding of each subunit, and thus the complete unfolding of the protein may be even

slower.

Interestingly, the refolding rate of steric trapped DGK is much slower than refolding with
SDS-unfolded subunits, suggesting that unfolding pathways under native conditions may be
completely different from those generated with SDS. The steric trapped unfolded state is also
likely different from the SDS-unfolded state. In SDS, the transmembrane helices can be kept in
an extended conformation due to the repulsion of the anionic micelles, but in the non-

denaturing steric trapped state the helices are free to associate and misfold, forming
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energetically frustrated helical bundles with slow folding and unfolding rates similar to soluble
proteins (Wensley et al., 2010, 2012). The steric trapping of DGK, while demonstrating the

method on a complex polytopic membrane protein, is also notable for finding surprisingly slow
unfolding and refolding kinetics under non-denaturing conditions, not seen in previous studies

with SDS.

The thermodynamic stability of a multi-span membrane protein was first measured
under native conditions by steric trapping of bR (Chang and Bowie, 2014). bR is a convenient
model protein for its measureable absorbance in the folded state. These experiments challenged
the validity of the long linear extrapolations made from SDS unfolding measurements. The
unfolding free energies measured in low ysps conditions followed a non-linear trend and the
unfolding free energy at zero SDS is ~11 kcal/mol, far less than the 26 kcal/mol expected from
the linear extrapolation of SDS unfolding. The curve of unfolding free energies derived from
steric trapping appear to converge with those from previous SDS titration results around 0.45
¥sps suggesting that the two methods are measuring a similar unfolding process. The non-
disruptive nature of the steric trap method permits the adjustment of the lipid:detergent ratio to
change the local environment of the bicelle. bR is modestly stabilized in larger lipidic bicelles,

but not nearly to the degree suggested by linear extrapolation.

Later steric trap experiments on the transmembrane domain of the rhomboid protease
GlpG in n-dodecyl B-D-maltoside (DDM) corroborated the non-linear dependence of
thermodynamic stability on SDS mole fraction (Guo et al., 2016). While two proteins is a small
set, the non-linear relationship is not unique to either membrane protein. In contrast to the
unfolding free energies determined from steric trapping of bR, those for GlpG do not converge
with SDS titration results. Instead, steric trap unfolding free energies are nearly 4 kcal/mol
greater than those determined by SDS unfolding at a moderate SDS mole fraction. By

combining the steric trap method with dependence on SDS mole fraction, as done with bR
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(Chang and Bowie, 2014), m-values for two biotin pairs can be compared. The authors suggest
that the steeper m-value from steric trapping of the N-terminal half of GlpG exposes more
buried residues upon unfolding, whereas the C-terminal half undergoes subglobal unfolding
around the active site. While the interpretation of m-values for SDS denaturation are still up for
debate, these experiments demonstrate the utility of combining traditional harsh denaturation

with newer methods for studying membrane protein folding under native conditions.

The Hong lab improved upon the initial biotinylation labeling of proteins for steric
trapping by adding fluorescent and spin label reporter groups to a customized biotin label.
Double electron-electron resonance (DEER) measurements of the distance between labels in the
steric trapped state provide insight into the nature of the unfolded state. The DEER
measurements indicate that non-denatured steric trapped GlpG is not a compact unfolded state.
Steric trapped unfolded GlpG is even more expanded between the labels than the SDS unfolded
state, perhaps attributing the different unfolding free energies to different unfolded states. The
authors note that the increased distances are probably not soley due to steric repulsion because
alternate biotin pairs with similar C.-C, distances could be doubly bound with monovalent

streptavidin and still retain activity.

Additionally, the alternate biotin-pyrene label offers a generally applicable steric trap
method that does not rely on functional assays tailored to the protein of interest. By attaching
the quencher DABCYL to the monovalent streptavidin, binding can be measured readily and
sensitively. Fluorescence quenching measurements were confirmed with activity loss from the
same variant of monovalent streptavidin. The fluorescence measurements are well-suited to
high-throughput experiments, which Hong and colleagues took advantage of by examining the
effects of a large host of destabilizing mutants between two separate domains of the protein.
Provided suitable pairs of biotin labels can be placed throughout the membrane protein, steric

trapping can dissect cooperative interactions and subglobal unfolding within the full-length
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protein under native conditions. Perhaps the most powerful aspect of the steric trapping of
GlpG is the promise that these additions and refinements to the steric trap method hold for the

future of membrane protein folding studies.

Single-Molecule Force Spectroscopy

Perhaps the most detailed examination of the energy landscape is to completely pull
apart single membrane proteins by mechanical force. Several methods of exerting mechanical
force on polypeptide chains have come to prominence in recent years. These methods rely on
anchoring of the protein to a surface and then pulling one end of the protein away from the

surface and measuring the extended distance and force applied to the protein.
AFM-mediated unfolding

Early experiments demonstrated that macromolecules could examined by force
spectroscopy using a repurposed atomic force microscope (Rief et al., 1997, 1999), and the
technique was soon applied to pulling a membrane protein out of the bilayer (Oesterhelt, 2000).
Single-molecule force spectroscopy utilizes the AFM tip to pull on a single molecule of interest
found in the atomic force micrograph. In the case of bacteriorhodopsin, purple membrane was
adsorbed onto a flat surface and the AFM tip was adsorbed to a single protein at the C-terminus.
The stylus is then lifted off the surface of the membrane with increasing force. Following the
extension of the polypeptide chain with increasing force produces a force extension curve
(Figure 6-3 A) that reveals specific intermediates that correspond to sequential segments of the
polypeptide chain pulled up out of the membrane. Many attempts either fail to adsorb to the
protein or attach to a non-terminal cytoplasmic loop of bacteriorhodopsin. To compare a

collection of equivalent pulling events, only spectra that extended to the full length of
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bacteriorhodopsin before at the final rupture peak were analyzed. Additionally, the high-
resolution imaging of AFM can be employed to confirm the vacancy of the pulled protein. The
force peaks fit to a worm-like chain model for pairs of helices pulled out of the membrane from
the C-terminus. The amount of force required to unfold each segment decreases sequentially as
the removal of helices further destabilizes the remaining membrane-embedded segment.
Comparisons could be made between the relative stability of the transmembrane helix pairs,
however, the mode of unfolding orthogonally to the membrane is not a biologically relevant

process, fails to isolate second-stage unfolding, and is irreversible.

While AFM force spectroscopy experiments demonstrated that force could be used to
unfold membrane proteins, it was still untested whether a-helical transmembrane segments
could refold into the lipid bilayer. Further studies by the Gaub and Miiller labs were able to
reinsert two different a-helical membrane proteins after forced unfolding out of the bilayer
(Kedrov et al., 2004; Kessler et al., 2006). The proteins were extended to a length that stopped
before pulling the final segment before final rupture, so that the polypeptide chain was still
anchored to the membrane. The AFM tip was then lowered back to the bilayer surface.
Complete reinsertion of the full-length protein was confirmed by repeated unfolding which
displayed the same set of force peaks in the initial unfolding, demonstrating the robustness of
the force spectroscopy method. In the case of the sodium antiporter NhaA, the refolding trace
did not exhibit the same force peaks for each pair of helices, except for one pair that exerted a
small force on the stylus while refolding into the membrane (Kedrov et al., 2004). In contrast,
refolding of bacteriorhodopsin displayed “snap-in” force peaks for two pairs of refolding helices
(Kessler et al., 2006). Integrating these snap-in peaks provides a measure of the work
performed by the refolding protein against the AFM cantilever. However, this attempt to
quantify the free energy of refolding helices is convoluted by the fact that the speed of the

cantilever back towards the surface may be faster than the time for refolding, which can
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suppress refolding peaks (Kedrov et al., 2004), and it is unclear whether the helices are
undergoing a first-stage insertion or making tertiary contacts as well. Indeed, sometimes that
unfolding rupture forces were lower after refolding, suggesting that tertiary refolding does not

regularly occur.
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Figure 6-3 Single-molecule Force Spectroscopy for Membrane Protein Unfolding. (A) Scheme of forced unfolding
using atomic force microscopy. The AFM tip (gray triangle) is attached to a terminus of the folded membrane protein
(blue) in a supported bilayer. The AFM cantilever is moved upwards while measuring the tension force of the
polypeptide chain (left) until a segment ruptures out of the membrane (right). (B) Idealized force-distance curves of
membrane protein unfolding, refolding, and repeated unfolding from an AFM experiment. Initial unfolding produces
three force peaks. Refolding produces a single snap-in peak as refolding of the second-segment exerts a force on
the AFM cantilever. Repeated unfolding confirms refolding of the first segment, but indicates misfolding of the
membrane protein as a whole due to a force peak of a contour length not observed in the initial unfolding curve (red).
(C) Scheme of forced unfolding using magnetic tweezers. A magnet exerts force on a magnetic bead (purple)
tethered to a surface via DNA handles (pink) with an intervening membrane protein (blue). (D) Idealized overlay of
unfolding and refolding force-distance curves from a magnetic tweezers experiment. As the magnet descends closer
towards the bead, the increasing forces pull along the surface of the bilayer, stretching the DNA (red arrow) until an
unfolding event produces a distance jump (top blue arrow). Force is subsequently decreased (green arrow) until a
refolding event produces a distance contraction (bottom blue arrow).
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One of the advantages of force spectroscopy is the ability to recapitulate native
environments and study the effects of changes in lipid composition. LacY, having been unfolded
by force spectroscopy (Serdiuk et al., 2014) and known to exhibit an inverted topology in the
absence of phosphatidylethanolamine (Bogdanov et al., 2008), makes it a good candidate for
studying in different lipid compositions. AFM force spectroscopy helped pinpoint where in the
structure the topology was most effected by the change in the lipid bilayer environment (Serdiuk
et al., 2015). In 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylethanolamine (POPE): 1-
palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylglycerol (POPG) membranes, LacY unfolding force
extension curves exhibit predominantly 10 force peaks, and in rare cases, a new peak fits to a
contour length in the middle of the protein. The unfolding segments around central helices VI,
VII, VIII, and the loops between them are disrupted. The fraction of LacY that unfolds in this
second force extension pattern increases in pure POPG membranes. The force spectroscopy
experiments confirm the previous model of LacY inverted topology that leaves the N and C-
terminal halves of the protein intact, except for helix VII, which is exposed to the periplasm,
demonstrating the utility of force spectroscopy in zeroing in on specific segments of membrane
proteins that are structurally altered in different membrane environments without the need for

denaturants.

Further studies with LacY have studied the effect of chaperoned refolding (Serdiuk et al.,
2016). While spontaneous folding into the membrane from an unfolded state outside the
membrane is not the physiologically relevant process for a-helical membrane proteins, they do
insert from the N-terminus with the aid of translocon machinery, such as YidC. In this case,
AFM force spectroscopy is well suited to studying the chaperoning effects of a protein such as
YidC. In the presence of YidC, LacY refolding is promoted such that repeated unfolding exhibits
the same set of force peaks observed from the initial unfolding of native LacY. In the absence of

YidC, LacY misfolding dominates over time, while refolding does not improve with time. While
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these experiments lack a lot of the specialized cotranslational insertion apparatus for first stage
folding of a-helical membrane proteins, they highlight the importance of chaperoning for the

proper folding of this class of membrane proteins.

While this technique can be applied to a-helical membrane proteins, it is perhaps better
suited to proteins that fold into the lipid bilayer in a single-stage process, such as the outer
membrane protein [3-barrels. The first forced unfolding of a 3-barrel out of a membrane was
performed with OmpG (Sapra et al., 2009). Similar to a-helical membrane proteins unfolded by
single-molecule force spectroscopy, OmpG unfolds one pair of f-strands at a time. One of the
advantages of single-molecule force spectroscopy is observing the effects of changes in the
aqueous environment without disrupting the membrane. OmpG is a pH-gated pore and
changes in the force extension curve under pH 7 and 5 have highlighted specific pH-dependent

interactions that govern the pore loop (Damaghi et al., 2010).

Later studies with OmpA demonstrated the reversible folding with AFM force
spectroscopy (Bosshart et al., 2012). OmpA has a C-terminal peptidoglycan-binding domain, to
which the AFM tip can be non-specifically attached. OmpA unfolds through several
intermediates and refolds in a single force peak as the cantilever is relaxed back to the
membrane surface for ~2 s. In about 5 out of 200 refolding experiments, OmpA was
successfully refolded as confirmed by repeated unfolding. Interestingly, this mode of folding
and unfolding is particularly biologically relevant to OmpA as the periplasmic peptidoglycan-
binding domain can exert force on the (3-barrel to ultimately regulate the pore’s function.
Furthermore, the N-terminal {3 strand requires an unusually high amount of force to remove

from the membrane, suggesting that it may serve as an anchor for OmpA refolding.

While refolding $-barrel membrane proteins from the unfolded aqueous state is possible

for OmpA, assistance from chaperones is required for refolding of the larger barrel FhuA
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(Thoma et al., 2012, 2015). Without chaperones, repeated unfolding of FhuA after allowing
refolding produces new intermediates in the force extension curve, indicating misfolding or
failure to properly insert the (3 strands. However, in the presence of Skp and SurA, FhuA can be
refolded properly and reproduce the force extension curve upon repeated cycles of unfolding.
Refolding in the presence of Skp and SurA highlights the advantage of force spectroscopy for
studying membrane protein folding in a milieu of a defined lipid bilayer, native buffer, and
accessory chaperones. Confirmation of refolding was confirmed as in previous experiments by
checking repeated unfolding against the force peak “fingerprint” of the first unfolding. Without
chaperones, FhuA tends to misfold, displaying force peaks at contour lengths outside the
original unfolding fingerprint, or remains unfolds, showing no force peaks upon repeated
unfolding. Skp and SurA both have mitigating effects on the fraction of misfolded protein in
repeated refolding experiments, but by different means. Skp does not substantially promote
refolding of the B-hairpins, but removes many of the misfolded FhuA. On the other hand, SurA
encourages refolding and helps prevent misfolding. While the presence of both chaperones
stabilizes the unfolding of FhuA, inidicating the dominance of Skp to prevent misfolding by the
stabilization of unfolded FhuA. Because of the fine control over an individual protein in force
spectroscopy, the effect of chaperones can also be examined for refolding from different contour
lengths. The chaperones prevented misfolding equally for different lengths of the unfolded
polypeptide chain. FhuA was typically allowed to refold for only 1 s after relaxing the AFM
cantilever back to the membrane surface, but a study of extended refolding times showed that
the fraction of folded FhuA increases, as well as increasing the force required to unfold the
refolded B-hairpins to that of native FhuA, suggesting that FhuA needs longer than 1 s to fully
stabilize its f-barrel to the native conformation. So while “refolded” classes of FhuA pulling
experiments reflect a pairwise insertion of 3 strands, they often likely only reflect a partially

folded state that is on-pathway to the native state.

117



The stepwise refolding of B-barrel outer membrane proteins by -hairpins is suggested to
be the in vivo mechanism. The Omp insertion machinery is proposed to function by first
interacting with the C-terminal § strand of an unfolded Omp (Gruss et al., 2013; Kim et al.,
2012; Noinaj et al., 2013, 2014). Thus the individual refolding of subsequent 3-hairpins in AFM
force spectroscopy measurements may reflect a more native mechanism of insertion and folding
than the tilting mechanism of -barrel refolding from a urea denatured state (Huysmans et al.,
2010). Single-molecule force spectroscopy still relies upon pulling membrane proteins out of
the bilayer, preventing the observation of second-stage folding within the membrane
environment. AFM refolding experiments also require part of the protein to remain in the
membrane to act as a tether, so only the refolding of all but one or two transmembrane

segments is observed.
Single-molecule tweezers for second-stage folding

In contrast to force spectroscopy via AFM, optical and magnetic tweezers offer a method
to pull membrane proteins along, instead of orthogonal to, the plane of the membrane (Figure
6-3 B). Seminal work from the Marqusee and Bustamante labs demonstrated that single
proteins could be force unfolded to examine stability and intermediates in folding pathways
(Cecconi et al., 2005). Optical and magnetic tweezers exert force on a bead that is tethered to a
surface via DNA handles and a single protein of interest. E. coli GlpG was the first protein to be
studied by single-molecule tweezers (Min et al., 2015). GIpG is a six transmembrane segment
rhomboid protease that has been studied by SDS denaturation (Baker and Urban, 2012; Guo et
al., 2016), and now also by steric trapping (Guo et al., 2016), making it a good point of
comparison for protein folding studies. Attachment of the DNA handles at the N and C termini
of the transmembrane domain of GlpG places the mechanical unfolding force along the surface

of the membrane. Cycles of unfolding and refolding in 1,2-dimyristoyl-sn-glycero-3-

118



phosphocholine (DMPC): 3-[(3-Cholamidopropyl)dimethylammonio]-2-hydroxy-1-
propanesulfonate (CHAPSO) bicelles exhibits a large hysteresis in the force extension curve.

The repeated extensions confirmed that GlpG was completely refolded at low force and the
extended polypeptide chain formed helical structure before refolding, indicating that the
observed refolding is reflective of transmembrane segment association within the context of a
lipid bilayer. Although GlpG tended to completely unfold in a single force jump at ~25 pN, there
were rare cases where unfolding passed through intermediate states. One of the advantages of
magnetic tweezers is the ability to exert a constant magnetic force on the protein. In a “force-
jump” experiment the force was quickly brought to 21 pN and held until GlpG completely
unfolded. Though the pauses were brief relative to the total unfolding time, the partial
unfolding to two distinct intermediate states was more clearly measured when not unfolding
with increasing force. The extension distance of the intermediates corresponds to segment
lengths that are roughly pairs of helices, however, in constrast to the directional pulling of AFM
force spectroscopy, it was unknown which end of the protein is unfolded first. To answer this
question, destabilizing mutations were made in either end of the protein. In the case of the N-
terminal mutation L155A, the transition from the second intermediate to the complete unfolding
was accelerated. Correspondingly, the C-terminal mutation A206G accelerated unfolding to the
first intermediate. Therefore GlpG unfolds directionally from the C- to N- terminus under

mechanical force.

To map out the energy landscape of GlpG folding, the folding and unfolding energy
barriers were calculated by measuring the folding and unfolding probabilities for a range of
forces. The unfolding events occurred stochastically at different force levels, so unfolding
probabilities were calculated from hundreds of repeated unfolding events. The unfolding rate at
zero tension was extrapolated from the probability curve. Refolding at low forces (below ~8 pN)

was confirmed by unfolding GlpG after 3 min of refolding time. Extrapolating the refolded
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fraction yielded the folding rate. The free energy of unfolding calculated from the unfolding and

folding rates at zero force is 6.54 kgT.

Though GlpG ultimately unfolds to a fully extended polypeptide chain, the energy
landscape is indicative of physiological second-stage folding in the membrane. Though the
structure and geometry of the protein-bicelle complex as it unfolds is uncertain, the hysteresis of
the unfolding and refolding cycle is assumed to represent the same pathway, as the folding and
unfolding kinetics, measured only 6 pN apart, do not exhibit any discrepancies that would imply
altered pathways. The unfolding jump is initiated in the bicelle environment and helical
transmembrane segments are formed prior to the refolding jump, showing that the transitions
occur primarily in the protein-bicelle complex. Also, the measured free energy of unfolding is
fairly consistent with recent steric trapping of GlpG in DDM that measured 9.8 kgT and 7.9 kgT
for the N and C domains (Guo et al., 2016), and corroborates the overestimation of linear

extrapolations from SDS unfolding of the same construct.

Further optimization of the magnetic tweezer method was made by simplifying the
attachment chemistry. Compared to the nonspecific attachment of the AFM tip, tweezers
require precise handle attachment at specific cysteine residues. The labeling of cysteines can be
inefficient and requires the removal of other native cysteines, which can be technically
prohibitive for large membrane proteins. The Bowie lab employed the SpyTag-SpyCatcher
system to get around these challenges (Min et al., 2016). By adding SpyTag segments flanking
the membrane protein of interest, DNA handles conjugated to an easy to prepare MBP-
SpyCatcher fusion will bind after a short incubation, after which the protein is ready for
attachment to the surface and magnetic bead for tweezing. Repeating GlpG pulling experiments
with this new regime duplicated the previous results, demonstrating that the addition of MBP-
SpyCatcher-SpyTag to the handles does not alter the observed unfolding of the membrane

protein of interest. This updated method makes an already generally applicable method easier

120



to apply to more membrane proteins, and introduces the possibility of tweezing proteins in
natural membranes without the need for purification due to the high affinity SpyTag-SpyCatcher

complex.

Between equilibrium unfolding with urea or SDS, the steric trap method, and single-
molecule force spectroscopy, a variety of methods for interrogating the membrane protein
folding process are available. These methods balance technical simplicity with molecular detail.
While these methods are compatible with a variety of detergent-aided membrane mimetics,
newer technologies for studying membrane protein folding hold much promise for their general
applicability and will likely pave the way towards understanding how proteins fold within the

biological membrane.
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