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ABSTRACT OF THE DISSERTATION 

 

Uncovering Membrane Protein Stability Under Native Conditions 

 

by 

 

Robert Everett Jefferson 

Doctor of Philosophy in Biochemistry and Molecular Biology 

University of California, Los Angeles, 2016 

Professor James U. Bowie, Chair 

 

 Membrane proteins are a neglected, but important class of proteins throughout the 

biological world.  They carry out critical roles in the cell due to their unique location, such as 

transport across a membrane, transduction of exterior signals, and interaction between discrete 

aqueous regions.  Despite the importance of these proteins, understanding of how they fold has 

lagged far behind that of soluble proteins.  One of the primary challenges to studying membrane 

protein folding is developing methods that interrogate folding in the native environment of the 

lipid bilayer.  Our lab has developed a method for measuring membrane protein stability under 

native conditions using a secondary protein that preferentially binds the unfolded state, 

obviating the need for harsh denaturants.  Employing this method with a multimeric polytopic 

membrane protein, we measured an extremely slow unfolding rate, demonstrating that α-helical 
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membrane proteins can have high kinetic stability under non-denaturing conditions.  Efforts 

were made to expand the steric trap method for single-molecule fluorescence measurements in 

lipid vesicles, but were ultimately stymied by the inability to preserve the trapped complexes for 

measurement.  Our lab has also applied single-molecule techniques to membrane protein 

folding.  We were able to map the energy landscape of a membrane protein in a lipid bilayer 

using forced unfolding driven by magnetic tweezers.  Further advancements to this technique 

simplified the attachment chemistry to ready the protein for tweezing.  These techniques can be 

applied to a wide array of membrane proteins in a broad spectrum of membrane environments. 
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CHAPTER 1 
 

Dissecting the Determinants of  

Membrane Protein Folding 
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 At the border of every biological compartment lies a membrane, a complex environment 

at which certain molecules cross, signals are transduced, and interactions are made between 

otherwise isolated regions.  A dismissive observer may see membranes as simply edges that 

serve to define and differentiate subcellular volumes, but of course these biological borders are 

composed of a diverse array of lipids in which a functionally broad group of proteins associate 

with and span the membrane, all to carry out critical functions within, at, and across the lipid 

bilayer.  Those proteins that span the membrane experience unique constraints at the center of 

this complex where they must interact with the hydrophobic tails of lipids, their charged 

headgroups, two different aqueous regions, and other proteins both in and out of the lipid 

bilayer. 

How these proteins form and maintain a specific fold in the membrane is a major 

question of biology whose importance cannot be overstated.  Our lab has sought to study 

membrane protein folding under native conditions by reconstituting purified components in 

lipid bilayer mimics that closely approximate the natural cellular membrane.  Our methods aim 

to circumvent the use of harsh denaturants to drive unfolding and instead use strategies to 

unfold membrane proteins under conditions as close as possible to the physiological 

environment.  We seek to quantify the thermodynamics and kinetics of membrane protein 

folding with these in vitro studies.  The research discussed herein is concerned with the 

unfolding kinetics of a trimeric membrane protein and mapping the folding energy landscape of 

single membrane proteins. 
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Membrane Protein Folding: In the shadow of soluble 

protein folding 

 Protein folding is a fundamental process in biology.  Our understanding of this complex 

structural rearrangement of polypeptide chains opens up avenues to curing misfolding diseases, 

predicting structure, and engineering proteins for new functions.  Many disease-causing 

mutations are known to affect protein assembly and trafficking rather than function (Sanders 

and Myers, 2004).  Small changes in primary structure, such as single amino acid substitutions, 

can alter the folding landscape and destabilize the native fold or create kinetically trapped 

intermediates.  Mutations can also affect the folding of other wild-type proteins during 

oligomerization or aggregation, further illustrating how a small alteration can have drastic 

effects.  Studies of soluble protein folding have developed to where misfolding diseases can be 

treated with small molecules that can prevent aggregation of specific proteins (Cohen and Kelly, 

2003; Hammarström et al., 2003) and alter the overall proteostasis network of the cell (Balch et 

al., 2008). 

 In addition to directly addressing misfolding diseases, our ability to predict what 

secondary, tertiary, and quaternary structures will form from a given primary sequence has 

advanced substantially for soluble proteins.  De novo computational folding has been achieved 

for small soluble proteins (Bradley et al., 2005) with RMSDs from crystal structures as low as 1 

angstrom.  Powerful modern computers are now able to simulate the atomistic folding of small 

proteins (Piana et al., 2012).  Only recently have computational algorithms for membrane 

protein folding developed to accurately predict structure (Kim et al., 2014), but there is still 

plenty of room for improvement as accurate prediction is limited to small alpha-helical 

monomers.  These models also require a set of experimentally derived known structures and are 

not directly simulated from quantum mechanics. 
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 A detailed understanding of how proteins fold also opens up the possibility of 

engineering proteins of new folds.  David Baker and colleagues have demonstrated the design of 

a novel protein fold (Kuhlman et al., 2003) and developed a set of design principles for sculpting 

soluble proteins (Koga et al., 2012).  Protein design has been applied to making monodisperse 

self-assembling protein cages of various sizes and oligomeric states (King et al., 2012; Lai et al., 

2012).  These protein scaffolds are open to the wide variety of amino acid chemistries to create 

custom molecular machines with novel functions.  Membrane protein design is still in early 

stages (Perez-Aguilar and Saven, 2012), but notable examples include functional helical bundles 

that transport electrons across the membrane (Korendovych et al., 2010) and a Zn2+/H+ 

antiporter (Joh et al., 2014). 

 Increasing understanding of the principles behind membrane protein folding is the key 

to solving biological misfolding problems and engineering useful structures.  The Bowie lab has 

sought to create new methods for studying membrane protein folding under native conditions 

and developing tools for alleviating the challenges of studying membrane proteins in vitro.  

While there are two distinct classes of membrane proteins, those with α-helical transmembrane 

segments (TMs) and those with β-barrel structures, our research is primarily concerned with α-

helical membrane proteins, which make up a much larger fraction of membrane protein genes. 

 α-helical membrane protein folding can be divided into a two-step process (Popot and 

Engelman, 1990).  In the first step, the membrane protein is cotranslationally inserted via a 

ribosome-translocon complex, and once the topology is established, the transmembrane helices 

can fold into a final structure in a second step (Figure 1-1).  Once inserted and folded in the 

membrane, these proteins exist in equilibrium between their unfolded and folded state.  The 

second-stage folding is our primary focus for in vitro folding studies (Figure 1-1).  While these 

two steps are not completely separate during insertion, it is reasonable that second-stage folding 

can inform us about the initial folding of nascent membrane proteins. 
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One of the major limitations for in vitro folding studies is the need for large amounts of 

purified protein.  Attempting to over-express a spectrum of integral membrane proteins has had 

limited success, and those that do over-express in E. coli tend to be smaller proteins with fewer 

transmembrane segments (Korepanova et al., 2005).  The nature of membrane protein 

expression has an additional set of complexities to those facing soluble proteins stemming from 

the mechanism of cotranslational insertion.  A proteomics study showed that overexpression of 

several membrane proteins in E. coli affected several chaperone and protease systems that 

overexpression of a soluble protein did not (Wagner et al., 2007).  The fact that overexpression 

of the selected membrane proteins limited expression of other secretory proteins, may indicate 

that particular secretory chaperone systems and translocation machinery are easily saturated 

with the overexpression target.  In addition to adjusting expression conditions, such as 

temperature, media, time, and induction levels, progress has been made by engineering 

bacterial strains specifically tailored to overexpress membrane proteins.  Miroux and Walker 

selected for genomic mutations that improved expression of membrane proteins by limiting 

their toxic effects (Miroux and Walker, 1996).  Later investigations of the genome of those 

“Walker strains” found that improved expression stemmed from a mutation in the promoter for 

T7 RNA polymerase (Wagner et al., 2008), leading to a modified strain of BL21(DE3) that can 

tune T7 RNA polymerase for overexpression of membrane proteins under control of the T7 

promoter (Schlegel et al., 2012).  The Miroux and Walker selection strategy was further 

improved upon by Massey-Gendel and colleagues by specifically selecting for mutations that 

improved the expression of properly trafficked membrane protein up to 75-fold (Massey-Gendel 

et al., 2009). 

Despite advances in overexpression, the purification process can still be disruptive due to 

the need to extract membrane proteins from cell membranes using solubilizing detergents 

before incorporating purified protein into a more native environment for in vitro studies.  
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Detergents permit easy manipulation of membrane proteins in solution by masking 

hydrophobic transmembrane regions with a micellar belt, but without recreating all the 

structural features of the membrane, such as lateral pressure or topology.  Transient 

dissociation of detergents can expose aggregation-prone hydrophobic regions.  Detergent-

solubilized membrane proteins are also not constrained to a two-dimensional bilayer, and thus 

have an entropically favorable unfolded state.  Development of amphipathic polymers 

(amphipols) (Popot, 2010) and tandem facial amphiphiles (Chae et al., 2010) have attempted to 

alleviate some of these caveats by creating a more stable micelle, but are not typically efficient at 

solubilizing proteins from the membrane, and thus still must be extracted with solubilizing 

detergents that are less suitable for long-term stability in solution.  Another approach is to make 

stabilizing mutations in the protein itself (Serrano-Vega et al., 2008), but this of course alters 

the energy landscape from the wild-type protein. 

Cell-free synthesis is a promising alternative that circumvents some of the challenges 

with cellular overexpression and purification.  Expressing membrane proteins in a reconstituted 

translation system permits incorporation of membrane proteins directly into lipid bilayers 

(Roos et al., 2013).  This strategy eliminates any need to protect against toxicity effects or to 

purify away from the complex milieu of the cellular membrane.  On the other hand, these 

systems lack the specialized translocation machinery of the cell for membrane protein insertion.  

Thus cell-free systems rely on finding conditions for which membrane proteins will 

spontaneously insert properly into a detergent or lipid environment.  Cell-free systems have 

employed exogenous liposomes (Niwa et al., 2015), and the GroEL-ES chaperonin (Chi et al., 

2015) to stem misfolding and aggregation.  Generating purified membrane proteins in a native 

bilayer environment is a challenge in itself, and find methods to study how they fold in that 

environment requires methods tailored to this unique class of proteins. 
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Figure 1-1  Two-stage model of α-helical membrane protein folding.  In the first stage, nascent membrane proteins 

(brown) are cotranslationally inserted into the membrane (gray) via the translocon.  In the second-stage, the 
transmembrane segments associate and fold into the native conformation (blue), existing in an equilibrium between 
the native state (N) and the inserted unfolded state (U) once dissociated from the translocation machinery.  Studies of 
second-stage membrane protein folding aim to define the kinetics and free energy change of this process. 

 

Methods for Membrane Protein Folding Studies 

Chaotropic agents such as urea and guanidine have been commonly used to reversibly 

shift the folding equilibrium of soluble proteins to the unfolded state.  These chemicals have 

found success with β-barrel membrane proteins that can refold from a soluble denatured state.  

Urea and guanidine are membrane-compatible and can effectively solubilize β-stranded 

proteins.  The energetics of insertion and folding are coupled in these assays as they have taken 

advantage of spontaneously refolding outer membrane proteins (Fleming, 2014). 
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α-helical membrane proteins have not been studied from the completely unfolded state 

in solution to the folded transmembrane state.  They have been recalcitrant to solubilization by 

chaotropes, and folding studies have focused on the second-stage unfolding to folding transition 

within the membrane.  The denaturing detergent sodium dodecyl sulfate (SDS) has been a 

useful tool for unfolded helical membrane proteins, while maintaining a hydrophobic 

environment for transmembrane segments.  SDS can be titrated into a micellar phase of non-

denaturing detergent to yield mixed micelles with an increasing fraction of SDS (χSDS).  α-helical 

membrane proteins display a cooperative unfolding curve dependent on χSDS (Curnow and 

Booth, 2007; Guo et al., 2016; Lau and Bowie, 1997).  Calculating free energies of unfolding in 

SDS relies on long extrapolation from the transition region where there is a significant portion 

of unfolded and folded species.  Not all helical membrane proteins can reversibly refold from an 

SDS-denatured state and the need for robust functional assays limits the set of membrane 

proteins available to study . 

 To measure second-stage folding of α-helical membrane proteins under native 

conditions the Bowie lab has developed a method of driving unfolding in a lipid bilayer using a 

steric trap.  This approach utilizes a large protein that binds preferentially to the unfolded state 

with high affinity.  The membrane protein of interest is labeled with biotins in specific sites that 

are in close proximity in the folded structure, but far apart in the primary sequence, such that a 

monovalent streptavidin can bind to a single biotin and physically occlude binding of the second 

biotin unless the protein unfolds.  Refolding can be prompted by competing off the streptavidin 

with free biotin, and the affinity can be modulated through mutations to tune the method for the 

stability of the membrane protein.  The method has been demonstrated with a soluble protein 

(Blois et al., 2009), a transmembrane helix dimer (Hong and Bowie, 2011; Hong et al., 2010), a 

trimeric membrane enzyme (Jefferson et al., 2013) (see Chapter 2), a light-driven proton pump 

(Chang and Bowie, 2014), and an intramembrane protease (Guo et al., 2016).  The steric trap 
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has been used to measure the strength of protein-protein interactions in bilayers, free energies 

of unfolding, and unfolding kinetics, all without the need for harsh denaturants.  Recent 

advancements in the technique have introduced a generally applicable fluorescence quenching 

assay to monitor unfolding by steric trapping without exploiting an intrinsic characteristic of the 

protein for a functional assay. 

 We have sought to generalize the steric trap method for membrane proteins in lipid 

vesicles by moving to a single-molecule system.  The method measures double-binding of the 

streptavidin by two-color fluorescence coincidence to detect unfolding and does not rely on the 

need for a functional assay of the membrane protein of interest.  By measuring at the single-

molecule level, we also remove any possibility of aggregation and are able to make 

measurements of membrane protein stability with much less material.  These efforts are detailed 

in Chapter 3. 

Another method of studying membrane protein folding is to use mechanical force to 

drive unfolding.  Single-molecule force spectroscopy has come to prominence in recent years.  

Atomic force microscopy has also been used to study membrane proteins, but these experiments 

pull the protein orthogonal to the plane of the membrane.  We sought to employ force 

spectroscopy using magnetic tweezers to study the unfolding of a single molecule of the 

intramembrane protease GlpG.  These efforts are detailed in Chapter 4, and efforts to streamline 

the technique are presented in Chapter 5.  Currently available methods for studying membrane 

protein folding are reviewed in more detail in Chapter 6. 
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Determinants of Protein Folding and Stability 

 Though the number of membrane proteins whose folding has been investigated is still 

relatively low and even fewer measurements have been made under native conditions, the 

findings from these studies have highlighted some key differences from those for soluble 

proteins.  First of all, membrane proteins are inserted into their particular lipid environment 

such that the starting point for their second-stage folding is inherently different from that of 

soluble proteins.  That insertion is determined by the favorability of insertion into the 

membrane from the translocon.  Early efforts to predict the thermodynamics of insertion lead a 

scale calculated by the transfer of amino acids from water to octanol, which serves as a 

hydrophobic solvent to mimic the hydrophobic core of the membrane (Wimley et al., 1996). This 

scale can help predict what types of sequences will be committed to insertion and form the TMs 

of membrane proteins.  Unsurprisingly, larger hydrophobic amino acids have more favorable 

transfer energies and charged amino acids are the least favored for insertion.  To check how well 

this scale predicts insertion of TM sequences in the biological context of the translocon, 

insertion experiments with full-length TMs were performed in ER microsomes (Hessa et al., 

2005).  Inserted TMs in a multi-span protein could be detected by glycosylation of a site that 

was lumenal if translocated or inaccessible in the cytoplasm if not translocated.  Placing a single 

amino acid at the center of a marginally inserting TM offers a method to calculate the transfer 

free energy of amino acids in a biological context.  Comparison with the water-octanol transfer 

scale show a correlation, with the notable exceptions of tryptophan and proline, which are less 

likely to insert in the biological context.  Additionally, the system allows the study of how 

positioning of various residues within the TM segment affect insertion.  While the position of 

leucine and phenylalanine does not affect insertion much, the placement of tyrosine and 

tryptophan towards the interfacial region of the membrane enhances TM insertion.  These 
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results highlight the importance of protein-lipid interactions and the need to study membrane 

protein folding in the context of the membrane. 

 Once TMs are inserted, they can fold into their final native conformation, but that 

process is heavily influenced by the unique context of the membrane.  One of the major driving 

forces of soluble protein folding is collapse of the hydrophobic interior due to the hydrophobic 

effect, however, in the membrane, while hydrophobicity is a factor for insertion, there is no 

hydrophobic effect for tertiary folding.  This leaves hydrogen bonding and van der Waals 

packing as the determinants of tertiary membrane protein folding.  Ionic bonds are rare due to 

the dearth of charged residues that end up inserting into the membrane, though hydrogen 

bonding is prevalent among the backbone and side-chain residues of membrane proteins.  It 

might be expected that hydrogen bonding would play a large role in the low dielectric of the 

membrane, and the introduction of polar residues are commonly associated with membrane 

protein misfolding diseases (Partridge et al., 2002, 2004).  The actual thermodynamic 

contribution of side-chain hydrogen bonds was unknown until Joh and colleagues used a 

double-mutant cycle stability analysis to measure the strength of hydrogen bonds in 

bacteriorhodopsin while correcting for the background destabilization of individual mutations 

(Joh et al., 2008).  Further studies of membrane protein hydrogen bond strength have shown 

that straightening of kinked transmembrane helices have a surprisingly modest energetic cost to 

this conformational shift that breaks traditional i  i+4 backbone hydrogen bonds (Cao and 

Bowie, 2012).  The small energetic cost appeared to be a result of the hydrogen bond network 

forming compensatory non-canonical i   i+3 hydrogen bonds, illustrating that membrane 

proteins are held together by a large network of relatively weak interactions that can shift to 

accommodate disruptive mutations.  A point that is highlighted by the shifting hydrogen bond 

network of the Ca+ ATPase through its functional cycle (Cao and Bowie, 2012). 



12 
 

Without significant contributions from the hydrophobic effect or hydrogen bonds, van 

der Waals interactions are a major determinant of second-stage membrane protein folding.  

Tertiary folding of membrane proteins is built upon the association of transmembrane helices.  

The dimerization of the glycophorin A transmembrane domain has served as a useful model for 

this fundamental interaction.  The glycophorin A dimer features a GxxxG motif (MacKenzie et 

al., 1997), also known as a glycine zipper, a common structural element of transmembrane helix-

helix interactions (Kim et al., 2005) that permits close van der Waals packing between helices.  

Using an equilibrium sedimentation assay in detergent on a wide array of mutants has teased 

apart the packing contributions of individual amino acids, and double mutant cycles have 

revealed a complex network of energetically coupled residues, the strongest of which lie at the 

distal ends of the helix (Doura and Fleming, 2004; Doura et al., 2004; Fleming, 2002; Fleming 

and Engelman, 2001; Fleming et al., 1997).  While glycophorin A is not a complex multipass 

membrane protein, its simplicity as a model system has helped break down the fundamental 

requirements for association of transmembrane segments. 

Membrane protein folding is not only governed by the primary sequence of amino acids, 

but is also influenced by the lateral packing pressure of the bilayer itself.  Having developed a 

reversible folding assay for OmpA, Hong and coworkers measured the effect of membrane 

thickness and chain saturation on protein stability (Hong and Tamm, 2004).  For saturated and 

mono-unsaturated acyl chains of phosphocholine lipids, there exists a strong correlation 

between increasing hydrophobic thickness and greater free energy of unfolding.  However, for 

cis-double-unsaturated chains, stability is greatest for short chain lengths.  Shorter chain 

unsaturated lipids have more negative curvature stress, which can be relieved by the insertion 

and folding of the hourglass-shaped OmpA into the bilayer.  In addition to folding, certain 

proteins respond to changes in the bilayer for their function.  Specifically, the mechanosensitive 

channels sense changes in membrane tension, opening a pore to release water under high 
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intracellular pressure, a common mechanism among prokaryotic and eukaryotic cells (Perozo et 

al., 2002; Vásquez et al., 2008).  Again, the effects of lateral packing pressure underline the 

importance of the membrane environment and how the acyl chain length and shape of lipids go 

hand in hand with protein folding and function. 

 Beyond the bulk features of the lipid bilayer, membrane proteins also have specific 

associations with their immediate surrounding ring of lipid molecules, referred to as the annular 

ring.  These lipids are analogous to the solvent shell for soluble proteins.  Ordered lipids packing 

next to membrane proteins were observed in some of the earliest crystal structures (Lee, 2003).  

The presence of associated native lipids in these structures that are often crystallized in the 

presence of detergent with few lipid molecules likely indicates that the crystallized lipids are 

tightly bound in native conditions.  A review of membrane protein crystal structure summarized 

the ordered lipids found within 5 Å of the protein surface (Wiener, 2005).  Unsurprisingly, lipids 

tend to occur near hydrophobic residues.  However, these lipids also exhibit a range of unusual 

acyl chain conformations not seen in pure lipid crystal packing, such as trans-gauche 

isomerization.  In the context of the membrane protein surface, these alternate conformations 

are energetically favorable and can mediate protein-protein interfaces between subunits.  

Beyond crystal structures, recent molecular dynamics simulations can aid in elucidating brief, 

but highly specific, lipid interactions, such as the association of cardiolipin with the c-ring of 

ATP synthase (Duncan et al., 2016).  Many membrane proteins are known to have their function 

altered by specific lipids, but the nature of where and how those lipids bind is often unclear.  To 

further expand our understanding of membrane protein folding in biologically relevant 

conditions, we need methods for studying this fundamental process under conditions in which 

we can manipulate the specific lipid composition and bilayer features. 

 Further understanding of membrane protein folding relies on developing methods for 

investigating folding in the native lipid bilayer and interrogating a broad array of targets for a 
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comprehensive view of how this important class of proteins forms within the complex 

membrane environment.  The steric trap method and single-molecule pulling experiments 

discussed herein aim to address these challenges and open up new avenues of membrane 

protein folding studies. 
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CHAPTER 3 
 

Single-Molecule Measurement of Steric Trapping in 
Lipid Bilayers 
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 Moving assays into the single-molecule regime can open up new realms of study as well 

as overcome some of the technical challenges of bulk experiments.  Early single-molecule 

fluorescence experiments measured the unfolding of chymotrypsin inhibitor 2 in denaturing 

solvent (Deniz et al., 2000).  The approach employs bright fluorophores attached to the protein 

at residues close in the folded structure, but far apart in the primary sequence.  The dyes exhibit 

high Förster resonance energy transfer (FRET) from the donor dye to the acceptor dye under 

folded conditions, but upon the titration of guanidine the dyes undergo a drastic loss of FRET.  

Fluorescence from single-molecules is observed from freely diffusing protein at such a low 

concentration that only a single protein is present in the confocal excitation volume at a time, 

producing “bursts” of photons detected separately for donor and acceptor emission.  While this 

method can interrogate the unfolding and folding of a protein at a new level of detail, it is also 

does not require a functional assay, is free of aggregation, and uses only a small amount of 

protein.  These advantages are especially enticing for membrane proteins that often do not have 

functional assays, are prone to aggregate, and often suffer from low expression levels. 

Instead of applying single-molecule FRET-based denaturant titration studies to 

membrane proteins, we sought to merge a method for studying membrane protein folding under 

native conditions with single-molecule measurements.  The steric trap method utilizes the high 

affinity of bulky monovalent streptavidin for a protein dual labeled with biotins that are only 

accessible in the unfolded state (Blois et al., 2009) to drive unfolding within the context of the 

lipid bilayer.  While the steric trap method can measure membrane protein folding 

thermodynamics and kinetics under native conditions, it has only been demonstrated on 

membrane proteins with functional assays performed in bulk conditions (Chang and Bowie, 

2014; Jefferson et al., 2013).  Recent steric trapping studies of the E. coli rhomboid protease 

GlpG have presented a pyrene-based fluorescence quenching assay that is generally applicable 

to membrane proteins in the bulk condition (Guo et al., 2016). 
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To translate this method into the single-molecule regime, we proposed monitoring 

protein unfolding by measuring the fraction of doubly bound species.  This new method 

necessitates that the binding of monovalent streptavidin (mSA) be measured instead of assaying 

for unfolding through a characteristic change in the membrane protein itself.  Our scheme 

directly labels mSA with two colors of bright single molecule dyes.  By using a 1:1 mix of donor 

and acceptor labeled mSA, half of the doubly bound population will display coincident bursts 

under saturating conditions.  Because the confocal volume is alternately excited by each laser on 

a µs timescale, photons detected in the acceptor emission channel during donor excitation are 

attributed to the donor dye.  At single-molecule concentrations, concerns regarding scattering 

from lipid vesicles are irrelevant.  The main challenge arises from the need to use a high 

concentration of streptavidin to drive membrane protein unfolding, which creates a 

heterogeneous mixture of molecules (Figure 3-1).  Provided a sufficient amount of unbound 

streptavidin can be removed before measurement, then the proteoliposomes containing bound 

species can be separated from free fluorescent streptavidin by burst duration because the system 

is diffusion based.  The average time a large vesicle resides in the excitation volume will be 

considerably larger than for monovalent streptavidin.  Similar to previous steric trap 

experiments, the titration of streptavidin will produce an unfolding curve that will be 

proportional to the increasing fraction of coincident vesicle bursts. 

To demonstrate the steric trap method under single-molecule conditions, we used 

bacteriorhodopsin, a well-studied membrane protein that has been steric trapped in bicelles 

(Chang and Bowie, 2014).  Efforts to steric trap bacteriorhodopsin in lipid vesicles have been 

challenged by the need to measure absorbance of the retinal chromophore, which requires a 

high amount of protein and lipid.  While bR is not hard to purify in large quantities, the high 

concentration of vesicles presents a scattering problem for absorbance measurements.  To 

remedy this, the vesicles are solubilized in detergent just before reading.  Thus, while the 
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membrane protein is incubated in a native bilayer, the measurement necessitates the 

destruction of that environment.  By moving this method to a single-molecule measurement we 

hoped to avoid the challenges of bulk vesicle measurements, as well as generalize the technique 

for a broader array of targets. 
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Figure 3-1  Schemes for preparing steric trapped membrane protein in vesicles for single-molecule measurements.  
(A) Scheme for preparing steric trapped vesicles for single-molecule measurement using biotin-agarose beads.  

Representation of the reaction mixture is shown below.  Inactive streptavidin is depicted by gray circles.  Fluorophore-
labeled monovalent streptavidin is differentiated by acceptor (red) and donor (green) dyes.  (B) Scheme for preparing 

steric trapped vesicles for single-molecule measurement using desalting spin columns of Sephacryl S-400 HR resin.  
Representation of the reaction mixture is shown below.  Streptavidin representation is same as in panel A.  (C) 

Example single-molecule bursts.  Scale bar represents a burst intensity of 10 photons/ms.  Photons are binned in 1 
ms intervals.  Short bursts that do not pass the duration constraint for bound proteoliposomes are marked with a gray 
background.  Long bursts passing the duration constraint are marked with a black background. 
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Preparation of Single-Molecule Vesicles and Dye-

Conjugated Streptavidin for Steric Trapping 

 Bacteriorhodopsin (bR) was purified as described (Chang and Bowie, 2014).  The same 

double-cysteine background (D36C/F230C) was used for biotin attachment.  Wild-type bR is 

too stable in 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) vesicles, so the protein 

was destabilized with a point mutation (M20A) to enable steric trapping on a reasonable 

timescale.  2 µl of purified bRD36C/F230C/M20A in purple membrane was solubilized in 34 µl of 20 

mM sodium phosphate (pH 6.0), 1% 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC): 3-

[(3-Cholamidopropyl)dimethylammonio]-2-hydroxy-1-propanesulfonate (CHAPSO) 1:1 (w/w) 

and treated with 2 µl of 40 mM tris(2-carboxyethyl)phosphine (TCEP) (ThermoFisher 

Scientific) for final concentrations of ~10-20 µM bRM20A and 2 mM TCEP.  After reducing the 

cysteines for 2 h at room temperature, 2 µl of 20 mM N-(biotinoyl)-N’-

(iodoacetyl)ethylenediamine (Biotium) to a final concentration of 1 mM.  The labeling reaction 

was incubated overnight with shaking at room temperature.  Unreacted label was removed by 

0.5 ml 40K MWCO Zeba Spin Desalting Columns (ThermoFisher Scientific).  Desalting columns 

were washed three times with 300 µl of 20 mM sodium phosphate (pH 6.0), 1% DMPC:CHAPSO 

1:1 (w/w) before desalting the labeling reaction.  The eluted biotinylated bRM20A (bRM20A-BE2) 

was used promptly for incorporation into vesicles. 

To yield vesicles with only a single bRM20A-BE2, the incorporation of protein was 

statistically skewed by mixing 1 bRM20A-BE2 per ten 0.1 µm POPC (Avanti Polar Lipids) vesicles.  

Most of the resulting vesicles will be empty of protein, but 97% of the non-empty vesicles will 

only contain a single bacteriorhodopsin protein, according to a Poisson distribution where the 

probability of incorporation into a vesicle is the number of bRM20A-BE2 molecules divided by the 
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volume of the membrane phase, analogous to the probability of capturing a single molecule 

within a vesicle (Okumus et al., 2004). 

In a typical incorporation, 34 nM bRM20A-BE2 was added to 500 µl of 33 mM POPC 

dissolved in 20 mM sodium phosphate (pH 6.0), 4% n-octyl-β-D-glucopyranoside (OG).  The 

protein and lipid solution was dialyzed against 3 exchanges of 500 ml of 20 mM sodium 

phosphate (pH 6.0) in a 50 kD MWCO dialysis bag at 4 °C.  The formed multilamellar vesicles 

were extruded through a 0.1 µm Nucleopore track-etched polycarbonate membrane (Whatman) 

15 times in a mini-extruder (Avanti Polar Lipids) to create a monodisperse distribution of 

unilamellar vesicles. 

A cysteine variant of streptavidin (A35C) was created by site-directed mutagenesis for 

the attachment of fluorescent dyes.  Active mSAA35C variants were purified as previously 

described (Hong et al., 2009), except that 1 mM TCEP was added to all buffers after refolding 

the streptavidin with inactive subunits to prevent cysteine oxidation.   Purified aliquots were 

snap frozen in liquid nitrogen and stored at -80 °C.  Inactive streptavidin (dSA) was made by 

concentrating a refolded solution of inactive subunits and passing it over a HiTrap Q anion 

exchange column (GE Healthcare Life Sciences).  The flow-through was collected, concentrated 

again, and stored at 4 °C. 

Prior to labeling, ~20 µM streptavidin was treated with 1 mM fresh TCEP for 2 h at room 

temperature.  Iodoacetamide-derivatized dyes (donor: ATTO 532 (ATTO-TEC), acceptor: LD650 

(Lumidyne Technologies)) were added to a final concentration of 1 mM in a 40 µl reaction and 

incubated with shaking overnight at room temperature.  Unreacted dye was removed by 

separation on a Superdex 200 10/300 GL size-exclusion chromatography column (GE 

Healthcare Life Sciences).  Streptavidin labeled with donor and acceptor dyes were mixed to give 
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an equal concentration of dyes, and thus a maximum probability of doubly bound unfolded bR 

producing coincident bursts. 

To create steric trapped bRM20A-BE2, single-molecule proteoliposomes were diluted to 1-

30 nM and incubated with varying concentrations of dye-labeled streptavidin in 20 mM sodium 

phosphate (pH 6.0) for 1-2 days to equilibrate.  0.1 mg/ml dSA was added to block nonspecific 

binding of dye-conjugated streptavidin to membranes and reaction vessels.  In addition to dSA, 

we attempted to prevent loss of bound proteoliposomes to adsorption, either to plastic and glass 

surfaces or to the membranes themselves.  The bright fluorophores used for single-molecule 

experiments are particularly hydrophobic (Hughes et al., 2014) and at the measured 

concentrations (low pM) the fraction lost to adsorption is significant.  To protect against 

adsorption, pipette tips, plastic reaction tubes, and the glass chamber used for single-molecule 

measurements were coated with siliconizing fluid (AquaSil, ThermoFisher Scientific) to create a 

non-interactive surface.  Using siliconized equipment helped preserve fluorescent material and 

yielded more observed bursts at identical dilutions compared to non-siliconized materials 

(Figure 3-2). 

Single-molecule recordings were made on a previously described setup (Kapanidis et al., 

2004).  Samples diluted to measureable concentrations were sealed in a chamber made by two 

glass coverslips around an adhesive silicone gasket.  The sample did not contact the gasket 

material.  Excitation intensities were 100 µW at 532 nm for the donor fluorophore and 150 µW 

at 638 nm for the acceptor fluorophore.  The alternation period was 50 µs.  Donor emission was 

detected through a 580 df 60 nm filter.  Acceptor emission was detected through a 697 df 45 nm 

filter.  Background rates were determined by fitting the histogram of interval times between 

subsequent photons to a negative exponential curve.  Bursts were defined by a sliding window of 

10 photons that achieved a threshold rate of 6 times above the background rate.  Data analysis 

was performed using homebuilt LabVIEW software (National Instruments). 
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Figure 3-2  Comparison of vesicle bursts with and without siliconization.  Orange circles are bursts from fluorophore-

labeled mSAA35C in the presence of bRM20A-BE2 POPC vesicles previously saturated with unlabeled WT mSA.  Blue 
circles are bursts from fluorescent WT mSAA35C bound to bRM20A-BE2 POPC vesicles.  Brown circles are bursts from 
bRM20A-BE2 POPC vesicles incubated with the same concentration of fluorescent WT mSAA35C, but incubated, diluted, 
and recorded with siliconized materials. 

 

Efficient Removal of Free Streptavidin 

While single-molecule diffusion experiments can inherently separate vesicle bursts from 

free protein, it is still crucial to remove most of the free protein so the population of bound 

species is not drowned out by unbound bursts.  The excess mSA must be removed quickly so 

that doubly bound complexes do not dissociate into singly bound or unbound species due to the 

off-rate of streptavidin variants.  Off-rates were measured using a fluorescein biotin conjugate, 

biotin-4-fluorescein (ThermoFisher Scientific) that is quenched upon binding.  Recovery of the 

quenched biotin-4-fluorescein upon dissociation was monitored after competing with excess 
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free biotin.  While the wild-type monovalent streptavidin has an extremely slow off-rate with a 

half-life of ~38 d, mutants with modulated affinity that can be used for binding curves have half-

lives from 4.5 h to 11.6 h (Figure 3-3).  Though some dissociation will occur over the course of a 

20-30 min measurement, the off-rate remains linear within this time frame, which will not alter 

the final shape of the binding curves. 

 

Figure 3-3  Dissociation kinetics of mSAA35C variants and biotin-4-fluorescein.  mSA variants were bound to an 

equimolar amount of biotin-4-fluorescein for 10 min.  Fluorescence recovery was monitored after addition of 100-fold 
excess free biotin and normalized to free biotin-4-fluorescein.  Inset: Expanded zoom of first two hours of 

fluorescence recovery after addition of excess free biotin. 

 

Initially, attempts to remove free streptavidin used biotin-agarose beads (Sigma Aldrich) 

to pull down unbound streptavidin immediately prior to single-molecule measurements.  The 
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beads have a high binding capacity of 30 mg/ml avidin in a 1:1 slurry, so only a small amount of 

beads needs to be added to the vesicle incubations.  1 part bead slurry was added to 4 parts of 

the steric trapped vesicles.  The beads were suspended during the pull down with a vortex on 

medium-low speed for 15 min.  The reaction volume was 40 uL and the tubes were fastened 

upright to the vortex and protected from ambient light to prevent photobleaching. 

 

Figure 3-4  Fluorescent bursts after removing free streptavidin with DMSO-washed biotin-agarose beads.  

Fluorophore-labeled WT mSAA35C were added to bRM20A-BE2 POPC vesicles saturated with unlabeled WT mSA.  
Gray circles represent bursts after removing mSA with biotin-agarose washed with DMSO 10 days prior.  Orange 
circles represent bursts after removing mSA with biotin-agarose freshly washed with DMSO. 

 

After optimizing the pulldown conditions, bursts from free dye-labeled streptavidin still 

remained.  Hypothesizing that a small amount of biotin could be dissociating from the agarose 

and prevents complete removal of free streptavidin, the beads were washed with 20 CVs of 
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dimethyl sulfoxide (DMSO) using a gravity column.  The beads were left in DMSO overnight and 

then washed again with 20 CVs of DMSO.  The DMSO helped solubilize free biotin and wash it 

away while only biotin attached to the agarose beads remained.  The streptavidin removal was 

much improved and left only a small number of short bursts that could be removed by a 

duration constraint of ~30 ms (Figure 3-4). 

While improved, mSA removal via biotin agarose bead pulldowns was still imperfect.  

Using a duration constraint to select for vesicle bursts only eliminates many bursts because, 

although vesicles will diffuse slower due to their relative size, most molecules will skirt the edges 

of the confocal volume and thus have typically short burst duration times.  With better removal 

protocols, we can include more bursts without separating by duration.  Instead of using the 

affinity of free streptavidin for biotin, we employed desalting spin columns that would remove 

free streptavidin based on size in a timely manner.  Custom spin columns were made with Pierce 

spin columns and 600 µl of 1:1 Sephacryl S-400 HR resin slurry (GE Healthcare Life Sciences).  

Spin columns were washed with 300 µl of 20 mM sodium phosphate (pH 6.0) three times before 

use.  To isolate bound single-molecule vesicles, 25 µl of steric trapped vesicles were added to a 

washed spin column and eluted by centrifugation at 3000 rpm for 2 min.  The eluent was 

discarded and another 25 µl of 20 mM sodium phosphate (pH 6.0) was added to the same spin 

column to elute the peak fraction of vesicles.  To clean up the vesicles for single-molecule 

measurement, this second elution fraction was passed through two more spin columns of 

washed Sephacryl S-400 HR resin.  Removing free streptavidin by desalting spin columns 

provided a superior protocol for isolating bound vesicles, leaving only small bursts in the 

unbound control, which could be removed by a small size constraint of 20 photons without a 

duration constraint (Figure 3-5). 
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Figure 3-5  Removal of free streptavidin by desalting spin columns.  Blue circles represent bursts from bR POPC 

vesicles bound with fluorophore-labeled WT mSAA35C.  Red circles represent bursts recorded after mSA removal with 
3 spin columns of Sephacryl S-400 HR resin from the same concentration of fluorescent WT mSA in the presence of 
bRM20A-BE2 POPC vesicles previously saturated with unlabeled WT mSA.  A size constraint of 20 photons was used 
to eliminate most of the bursts left after removal. 

 

Defining Coincident Bursts 

 Calculating the fraction bound from single-molecule measurements of desalted steric 

trapped bRM20A/D36C/F230C in POPC vesicles was based on simple stoichiometry of the burst.  The 

number of photons from the donor fluorophore is divided by the total number of photons from 

both fluorophores gives a stoichiometry term for the burst, S.  If S=1, the burst is from a donor-

only molecule.  If S=0, the burst is from an acceptor-only molecule.  A stoichiometry of 0.5 



44 
 

indicates a burst from a molecule with both a donor and acceptor fluorophore.  Burst 

stoichiometries are rarely so clean-cut due to photophysical properties of the fluorophores, their 

attachment to the protein, their trajectory through the excitation volume, and the detectors.  To 

account for the variability of burst stoichiometry we created single-bR vesicles bound with only 

donor-only or acceptor-only streptavidin.  The stoichiometries of those control bursts served as 

negative controls for coincident bursts, while coincident bursts were defined as those with 

stoichiometries between the donor-only and acceptor-only extremes (Figure 3-6). 

 

Figure 3-6  Negative controls for stoichiometry of coincident bursts.  Histograms of burst stoichiometry from bRM20A-

BE2 POPC vesicles saturated with acceptor fluorophore-labeled mSAA35C (red) or donor fluorophore-labeled mSAA35C 
(black).  Coincident stoichiometries were bounded by the Gaussian fits to acceptor burst stoichiometry +5 σ and 
donor burst stoichiometry -5 σ. 

 

 Employing a stoichiometry-only constraint to define coincident bursts, a binding curve 

was constructed with wild-type streptavidin.  The high affinity of WT mSA (4.8 x 10-14) (Howarth 
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et al., 2006) is expected to create a stoichiometric binding curve.  The fraction of coincident 

bursts increases with fluorescent mSA concentration until about 15 nM where the fraction of 

coincident bursts plateaus.  However, due the imprecise measurement of the actual doubly-

biotinylated incorporated bR after vesicle formation and extrusion, the protein concentration 

was overestimated and the resultant curve lacks data points below the maximum observed 

coincidence.  The fraction coincident was averaged from three separate steric trap incubations 

and showed good agreement, but the maximum fraction of coincident bursts is much lower than 

expected at 5-7% of vesicle bursts being coincident.  While coincidence is not expected to be the 

ideal 50% due to incomplete fluorophore labeling of mSAA35C and biotinylated bR, the observed 

plateau was significantly lower than the expected 20-25%. 

 A second set of steric trap incubations was measured at lower streptavidin 

concentrations to fill in the unsaturated slope of the binding curve.  No stoichiometric binding 

curve appeared and instead of a plateau of maximum coincidence, the observed coincidence 

resembled an intrinsic baseline of coincident bursts independent of streptavidin concentration.  

The burst stoichiometry histograms show a non-zero but essentially constant level of bursts in 

the range of coincident stoichiometry (Figure 3-7).  We hypothesized that the coincident bursts 

were not actual doubly bound complexes, but rather singly bound folded bR that happened to 

enter the excitation volume at the same time as another singly bound bR of the opposite color.  

If this was true, then the bR incorporated into POPC vesicles was not unfolding, perhaps due to 

the lack of aggregation at single-molecule concentrations that could help destabilize the 

membrane protein at bulk concentrations.  We then sought to create coincident bursts by other 

means that would help define truly coincident complexes from random coincidence of two 

different fluorescent vesicles. 
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Figure 3-7  Comparison of burst stoichiometry for titrations of fluorophore-labeled WT mSAA35C.  bRM20A-BE2 POPC 

vesicles were incubated with increasing concentrations of fluorescent WT mSAA35C.  As a control for random 
coincidence of acceptor vesicles with donor vesicles, a 1:1 mixture of bRM20A-BE2 POPC vesicles saturated with 
acceptor-labeled WT mSAA35C and donor-labeled WT mSAA35C. 

 

 We attempted to create positive controls from unfolded bR, dimerized streptavidin, 

double-stranded DNA, and direct labeling of the bR cysteine mutant.  To ensure an unfolded bR, 

we titrated in a molar ratio of fluorescent streptavidin to SDS-unfolded bR.  Without removal of 

free streptavidin, the coincidence reaches a maximum when there is one mSA per biotin binding 

site, and higher ratios of streptavidin drown out the coincidence to give a lower fraction of 

coincident bursts.  (Figure 3-8)  While the fractional coincidence increases around the ratio of 

mSA:bR for binding all biotin sites, the coincidence does not display a very prominent peak 

beyond the baseline level. 
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Figure 3-8  Fraction of coincident bursts from unfolded bRM20A-BE2.  bRM20A-BE2 solubilized in DMPC:CHAPSO 

micelles was titrated into a constant concentration of fluorophore-labeled WT mSAA35C in 0.63 XSDS.  mSA was 
allowed to bind for 1 h at RT before recording bursts.  Error bars are standard error from triplicate measurements.  
Due to incomplete biotinylation, all biotin sites are expected to be bound at a mSA:bR ratio of 0.59. 

 

 To avoid using a mix of streptavidin and biotinylated membrane protein that can yield 

unsaturated bRM20A-BE2 or excess free streptavidin, we attempted to create self-dimers of mSA 

using a bifunctional linked biotin.  The formation of dimers was imperfect, even at a 1:2 molar 

ratio of linker to monovalent streptavidin, but the dimeric species was purified by size exclusion 

chromatography on a Superdex 200 10/300 GL column.  However, even with purified dimers of 

dye-conjugated monovalent streptavidin, coincident bursts were still only observed at 

background levels. 
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 Failing coincident bursts from dye-conjugated monovalent streptavidin dimers, we 

conjugated dyes to complimentary DNA oligos.  Separate labeling of the complimentary strands 

creates double-stranded DNA with one of each donor and acceptor dye.  To attach our custom 

single-molecule fluorophores, we used thiol modified oligos, which limited our labeling 

efficiency.  Even with modest labeling, there was still no clear coincident population of bursts. 

 Finally, we tried directly attaching both dyes directly to the double cysteine mutant of 

bR.  Labeling with an equimolar ratio of both dyes should yield a mixture of labeled bR similar 

to bR steric trapped with fluorescent streptavidin.  This method suffers from incomplete 

labeling and differential labeling efficiencies of each cysteine residue, so, perhaps 

unsurprisingly, did not produce measureable coincident bursts. 

 

Alternate Detection of Steric Trapped Protein 

 Due to the lack of coincident bursts in steric trapped proteoliposomes and a robust 

positive control, we sought other means of detecting the unfolded fraction.  It is possible to 

sterically trap under single-molecule conditions and then pool the protein and detect unfolding 

in a bulk assay, albeit still with high sensitivity.  Recently, the Hong lab has advanced the steric 

trap method with reporter biotin labels conjugated to the nitroxide EPR probe, fluorescein, or 

pyrene.  Though fluorescein is not bright or photostable enough for single-molecule 

measurements, in aggregate fluorescein is a useful probe.  We took advantage of the large size 

and detergent resistance of streptavidin to separate doubly bound unfolded bR from singly 

bound folded bR by SDS-PAGE.  The gels can then be fluorescence scanned for only bands 

containing biotin-fluorescein labeled bR, ignoring excess streptavidin and unlabeled bR bands.  

While significantly less technically complex than observing single molecules in solution, this gel-

shift method provides the advantage of measuring multiple incubations in parallel on the same 
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gel.  This method would also offer a quick way to measure membrane protein stability without 

the need for expensive specialized equipment. 

 Labeling of bRM20A/D36C/F230C with biotin-fluorescein-iodoacetamide (Gift from H. Hong 

Lab, Michigan State University) and steric trap incubations were similar to those for single-

molecule measurements, with minor changes.  The concentration of fluorescein-labeled bRM20A 

(bRM20A-BF2) was ultimately too low to be observed with a fluorescence scanner when 

incorporated at a ratio of 1 bRM20A-BF2 molecule per 10 vesicles, so ratio of 1:5 was used instead.  

This ratio still ensured that 94% of the proteoliposomes contained only a single bRM20A-BF2 

molecule.  This method requires destruction of the vesicles in SDS for gel electrophoresis, which 

denatures bR and allows all biotin sites to become accessible.  To prevent complete binding of 

every biotin site during SDS-PAGE, an excess of biotin was added in the gel loading buffer to 

block all free streptavidin.  Gels were run at 140 V on ice to keep the steric trapped complexes 

intact. 

Initial tests with WT mSA contained contaminating fluorescent bands from free 

streptavidin.  The streptavidin used was not fluorescent, so the bands appeared from a small 

amount of free biotin-fluorescein label that remained after desalting and dialysis during vesicle 

formation.  A size-exclusion chromatography step was added after the desalting column to 

remove any remaining unreacted label.  The label was tightly associated with bRM20A-BF2 and 

eluted only marginally later than the protein in 0.2% n-dodecyl-β-D-maltoside on a Superdex 

200 10/300 GL column.  Lower concentrations of detergent were ineffective at separating the 

free label.  Unreacted dye mixed with bRM20A in detergent separates cleanly, so the limited 

separation after the labeling reaction is likely due to the label embedding in the protein micelle 

after the long reaction times.  Once purified, the labeled bRM20A-BF2 was then incorporated into 

liposomes by dialysis as before.  The resulting incubations were free of any fluorescent 

streptavidin bands. 
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Figure 3-9  Measuring unfolding bRM20A-BF2 with WT mSA by gel-shift.  (A) Fluorescence scan of SDS-PAGE after 

incubation of bRM20A-BF2 POPC vesicles with WT mSA.  mSA lane is WT mSA bound to biotin-4-fluorescein.  bR lane 
is bRM20A-BF2 alone.  (B) Quantification of the fraction of unfolded bRM20A-BF2 calculated from band intensities in 
Image Lab software (Bio-Rad Laboratories).  Error bars are standard error from three gels. 



51 
 

 

 WT mSA titrations produced a clear stoichiometric binding curve.  (Figure 3-9)  There 

were bands from singly bound and unbound bRM20A-BF2 even at saturating concentrations of 

streptavidin.  At first, these caveats were attributed to inconsistent labeling of the cysteines that 

yields bR with a single label that can only be singly bound, and inward facing bR whose biotin 

labels are inaccessible to streptavidin and ultimately unbound. 

 However, attempts to create a binding curve with weaker affinity streptavidin mutants 

were unable to capture the same levels of unfolded bRM20A-BF2.  The S27A mutant of mSA has a 

half-life of dissociation from free biotin-4-fluorescein of 6.44 h, so most steric trapped 

complexes should stay intact during the gel electrophoresis.  Even with high concentrations of 

mutant streptavidin as used in bulk experiments, doubly bound unfolded bRM20A-BF2 was 

undetectable and singly bound bRM20A-BF2 bands were significantly reduced in intensity from 

WT mSA.  (Figure 3-10 A)  To confirm the streptavidin off-rate in a more relevant context, the 

dissociation rate from bound bRM20A-BE2 to free biotin-4-fluorescein was measured in SDS and 

non-denaturing detergent.  Surprisingly, the off-rate of S27A monovalent streptavidin from 

biotin conjugated to bR was found to be 30.9 times faster in 0.2% n-dodecyl-β-D-

maltopyranoside and 74.3 times faster in 2% SDS (Figure 3-10 B).  To prevent dissociation, we 

tried to observe gel shifting with native PAGE in non-denaturing detergent without excess 

biotin.  Though the streptavidin dissociation may still be fast from the membrane protein 

micelle complex, the complexes could reform without the need for excess free biotin, provided 

the gel electrophoresis separation did not physically prevent re-association.  The slow migration 

rate of the membrane protein complexes by native PAGE was mitigated with blue-native PAGE, 

but neither clear-native nor blue-native PAGE displayed doubly bound unfolded bR bands. 
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Figure 3-10  Dissociation of mutant mSA from steric trapped complexes.  (A) Fluorescence scan of SDS-PAGE after 

incubation of bRM20A-BF2 POPC vesicles with S27A mSA.  mSA lane is WT mSA bound to biotin-4-fluorescein.  bR 
lane is bRM20A-BF2 alone.  WT lane is bRM20A-BF2 POPC vesicles incubated with 500 nM WT mSA.  (B) Dissociation 

of S27A mSA from bRM20A-BE2.  bRM20A-BE2 was bound with a 2-fold excess of S27A mSA in 2% SDS to ensure all 
biotin sites were bound.  mSA was competed with an excess of biotin-4-fluorescein and the fluorescence quenching 
was monitored. 
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 The accelerated off-rate of monovalent streptavidin from biotin-conjugated membrane 

proteins is a significant technical challenge for single-molecule steric trapping in which the 

steric trapped protein must be isolated from the bulk of excess monovalent streptavidin, 

whether for single-molecule diffusion measurements or gel electrophoresis.  Bulk experiments 

are measured at equilibrium, and as such the off-rate problem is not a concern.  The pyrene 

quenching steric trap assay developed by the Hong lab provides a sensitive and general method 

for interrogating membrane protein folding (Guo et al., 2016).  In the single-molecule realm, 

force spectroscopy offers a robust alternative for reversibly unfolding single membrane proteins 

(Min et al., 2015, 2016; Serdiuk et al., 2016; Thoma et al., 2015). 
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Chapter 6 
 

Methods for Understanding How Proteins  

Fold Within a Membrane 
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This chapter will be submitted as a review article in a special issue of the Journal of Molecular 

Biology. 

 

Abstract 

 Membrane proteins are uniquely constrained by their environment.  They must interact 

with the hydrophobic tails of lipids, charged headgroups, two discrete aqueous regions, and 

other proteins, while carrying out critical functions.  How these proteins maintain a specific fold 

in the membrane is a major question of biology.  Studying how membrane proteins fold in the 

particular context of the lipid bilayer comes with its own technical challenges.  The traditional 

chaotropic denaturants for unfolding soluble proteins are not generally applicable to membrane 

proteins and often do not recreate a biologically relevant unfolded state.  T0 confront these 

challenges, specialized methods have been developed to measure the thermodynamics and 

kinetics of membrane protein folding under more relevant and native conditions.  Chemical 

denaturation, steric trapping, and force spectroscopy continue to be useful tools for 

understanding the underlying principles of how full-length membrane proteins fold. 

 

Despite the importance of understanding protein folding, membrane protein folding has 

been neglected and research lags far behind that of soluble proteins.  Membrane proteins are not 

an unimportant or particularly niche topic, but have been plagued by technical challenges that 

have impeded experiments.  A simple publication search for “protein folding” turns up more 

than 44,000 results, versus “membrane protein folding”, which finds just over 200 

(http://www.ncbi.nlm.nih.gov/pubmed).  While the search is blunt, the stark contrast in the 
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number of publications underscores that membrane protein folding studies have a long way to 

go to catch up with soluble proteins. 

 While both α-helical and β-barrel membrane proteins have challenges for folding 

studies, the approaches to examine their relevant folding and unfolding pathways must address 

each separately.  α-helical membrane protein folding can be divided into a two-step process 

(Popot and Engelman, 1990).  In the first step, the membrane protein is cotranslationally 

inserted via a ribosome-SecYEG translocon complex driven by sequence features  of the 

transmembrane segment (Hessa et al., 2005).  Once the topology is established, the 

transmembrane helices can fold into a final structure in a second step.  After insertion and final 

folding in the membrane, membrane proteins dissociate from the insertion machinery and exist 

in an equilibrium between the second-stage unfolded and folded state.  This second-stage is our 

primary focus for in vitro studies that measure the energetics of folding within the membrane 

environment.  While these two steps are not completely separate during insertion, it is 

reasonable that second-stage folding can inform us about the tertiary interactions that drive 

folding of nascent membrane proteins. 

 In contrast, β-barrel outer membrane proteins in gram-negative bacteria are 

cotranslationally passed through the SecYEG translocon into the periplasm and kept in an 

unfolded conformation by chaperones for insertion by specialized outer membrane machinery, 

referred to as the β-barrel assembly machinery (BAM) (Knowles et al., 2009).  Related 

apparatuses exist in mitochondria and chloroplasts (Paschen et al., 2003).  Due to the nature of 

the final barrel fold, the possibilities for non-sequential interactions are limited, and the two-

stage model is a poor descriptor of this folding process.  In vitro folding studies of β-barrel 

proteins have commonly combined insertion and folding into a single step. 
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Membrane protein folding experiments are perhaps most hindered by the difficulty 

involved in recreating conditions in which we can test membrane protein folding in a 

membrane.  Recapitulating a membrane environment that is compatible with in vitro folding 

studies has been a long-standing challenge. While soluble proteins can be examined in aqueous 

solutions, membrane proteins require a membrane mimetic.  Membrane mimetics range from 

relatively convenient detergents, to lipid bilayer vesicles, and compromises in between.  

Detergents permit solubilization of membrane proteins in solution by forming a micellar belt 

around the hydrophobic surface.  While micelles are a fairly easy to manipulate and can readily 

mix with denaturants, there are caveats to detergent studies that prevent accurate 

measurements of native folding conditions.  Transient dissociation of detergents can expose 

aggregation prone hydrophobic regions.  Unfolded states of membrane proteins in detergent are 

also not constrained to a 2-dimensional bilayer, but rather the individual helices can occupy a 

larger space in solution.  The increased entropy of the unfolded state can destabilize detergent-

solubilized membrane proteins.  Furthermore, detergents do not accurately replicate the specific 

lipid interactions with protein as the polar headgroups are dissimilar and they only have a single 

hydrophobic acyl chain that is often shorter than a typical membrane lipid. 

Bicelles recreate a bilayer environment in a disc bordered by detergent, offering a 

compromise between a complete membrane and the technical ease of detergents (Sanders and 

Prosser, 1998).  The ratio of lipid to detergent, referred to as the q ratio, determines the radius of 

the bicelle discs, permitting comparisons of bicelle size on folding and stability.  They offer a 

convenient bilayer alternative to the lipidic cubic phase for crystallization of membrane proteins 

(Faham et al., 2005), and at low temperature, bicelle mixtures have low viscosity and are easy to 

manipulate for homogenous incorporation of membrane proteins.  However, bicelles transition 

to a viscous gel at higher temperatures, prohibiting experiments at physiological temperatures.  
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Though they do form a lipid bilayer, bicelles are still limited to certain lipid/detergent mixtures 

that use saturated shorter acyl chains. 

Ideally, all membrane protein folding studies could be performed in reconstituted 

membranes.  Lipid vesicles can be formed from a wide range of purified lipids to study effects of 

lipid shape, headgroup charge, and chain length.  Purified membrane proteins can be 

incorporated into preformed vesicles spontaneously, or by detergent removal from a solubilized 

mixture of protein and lipids (Rigaud et al., 1995).  Membrane proteins can also be studied in 

supported membranes (Sackmann, 1996), but this introduces interactions with the non-aqueous 

support surface.  One of the major roadblocks is establishing an unfolded state without 

destroying the proteoliposome complex.  Additionally, the large membrane structures formed by 

lipids introduce light scattering that can interfere with spectroscopic assays of protein function. 

Though no membrane mimetic is perfect, the methods covered in this review utilize 

detergent micelles, bicelles, and lipid bilayers.  Newer developments are helping to address the 

challenges of studying membrane protein folding in native environments. 

  

Equilibrium Unfolding with Denaturants 

Once a native membrane mimetic has been established, it still requires a mechanism to 

reversibly drive unfolding.  To measure the unfolding energetics of proteins we need a method 

to shift the equilibrium towards the unfolded state where there is a measurable fraction of 

unfolded and folded protein, the “transition region.”  (Figure 6-1)  Free energies of unfolding 

calculated from the transition region display a linear relationship with denaturant 

concentration, which can be extrapolated back to zero denaturant.  Many soluble protein studies 

have employed chemical denaturation with the chaotropes, urea and guanidium chloride 
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(Jackson, 1998; Johnson and Fersht, 1995; Pace, 1986).  Extrapolating experimentally 

determined unfolding free energies in the transition zone back to zero denaturant have been 

validated with theory and other experimental methods, such as hydrogen-deuterium exchange 

(Huyghues-Despointes et al., 1999).  Though urea has been successfully used for β-barrel folding 

from a soluble unfolded state, these denaturants are not generally applicable for reversible 

unfolding of membrane proteins.  For second-state folding of α-helical membrane proteins 

sodium dodecyl sulfate (SDS) has become the eminent denaturant for reversible unfolding 

within a membrane mimetic environment. 
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Urea unfolding 

Like soluble protein folding, studying membrane protein folding requires a method of 

shifting the equilibrium to the unfolded state and back to the folded state.  While urea is an 

effective chaotrope to drive unfolding of soluble proteins, its success for reversibly unfolding 

membrane proteins has been mostly limited to the β-barrel class.  Early experiments 

Figure 6-1  Equilibrium Unfolding with SDS.  (A) 

Idealized SDS-unfolding titration curve showing 
fraction of folded membrane protein with mole 
fraction SDS.  (B) Example equilibrium states at 

certain points from panel A, showing conditions 
that favor folding (top), unfolding (bottom), or 
neither (middle).  (C) Calculation of unfolding 

free energies from the transition zone produces 
a linear fit that can be extrapolated back to zero 
denaturant (red circle). 



101 
 

demonstrated that β-barrel membrane proteins can insert and adopt a native fold from a urea-

denatured state (Surrey and Jähnig, 1992).  Further experiments investigated the kinetics of and 

requirements for spontaneous β-barrel incorporation (Kleinschmidt et al., 1999; Surrey et al., 

1996), but it was not until Hong and colleagues examined the insertion of OmpA into lipid 

vesicles that a fully reversible folding assay was demonstrated for β-barrel proteins (Hong and 

Tamm, 2004).  OmpA completely unfolds in a high concentration of urea and refolds into 

unilamellar vesicles upon denaturant dilution.  The unfolded state is dissociated from the 

membrane ionic repulsion of negatively charged phosphatidylglycerol (PG) lipids and basic pH 

to negatively charge OmpA.  Though this assay measures refolding from a soluble denatured 

state, the native state is folded in a membrane, allowing stability comparisons between different 

lipid compositions.  OmpA exhibits a significant dependence on bilayer thickness and chain 

saturation.  Stability increases with lateral pressure from longer acyl chains and unsaturated 

lipids.  Folding of OmpA into its hourglass shape can alleviate the intrinsic lateral pressure in 

these membranes, demonstrating the importance of the lipid bilayer upon membrane protein 

folding. 

The ability to solubilize unfolded β-barrel membrane proteins with chaotropic agents 

and spontaneously refold them into bilayers lead to further folding studies of other β-barrel 

membrane proteins.  Later determinations of the free energy of unfolding for OmpW, OmpLA, 

and PagP employed guanidine as a denaturant (Moon and Fleming, 2011; Moon et al., 2013).  

Interestingly, stability of PagP was also measured in urea (Huysmans et al., 2010), which 

created an unfolded state ensemble that was associated with the bilayer, instead of the fully 

solubilized guanidine-denatured PagP, highlighting the importance of how denaturant choice 

affects which folding pathway is being measured.  The Fleming lab has proposed that the high 

free energies of unfolding for OmpW, OmpLA, and PagP may help direct targeting of these outer 

membrane proteins across the periplasm via chaperones, preventing off-pathway misfolding 
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such as aggregation (Moon et al., 2013).  Additionally, high kinetic stability in the outer 

membrane may be selected for due to the harsh environmental conditions 

However, while urea and guanidine is a convenient denaturant for spontaneously 

incorporating β-barrel membrane proteins, it is problematic for refolding α-helical membrane 

proteins.  Urea poorly mimics the hydrophobic bilayer, though in rare cases it can be used to 

study folding of certain helical membrane proteins.  Studies of the small drug exporter EmrE 

used a high concentration of urea to supplement SDS unfolding, and refolded the protein into 

detergent micelles or lipid vesicles (Miller et al., 2009).  The sugar transporter GalP can be 

refolded from a urea-denatured state, but has exposed helical regions and a solvent accessible 

ligand binding site that may make it particularly susceptible to equilibrium urea denaturation 

(Findlay et al., 2010).  Recently, the Booth lab has developed a method for refolding a GPCR into 

n-decyl β-D-maltoside (DM) micelles from a urea-denatured state on a solid support (Bartolo et 

al., 2016), demonstrating that urea is still a useful tool for working with purified membrane 

proteins.  However, for α-helical membrane proteins, mixed micelle folding studies have offered 

an alternative mode of chemical denaturation that is more tailored to the constraints of folding 

within the lipid bilayer. 

SDS unfolding 

Early studies with bacteriorhodopsin (bR) demonstrated that helical membrane proteins 

could be refolded from a chemically denatured state (Braiman et al., 1987; Huang et al., 1981; 

London and Khorana, 1982).  SDS was used to denature bacteriorhodopsin and refolding was 

initiated by adding renaturing lipids, detergents, or mixed micelles of both detergent and lipid.  

Refolding in a continuos micellar phase from harsh anionic detergent to a lipid-detergent 

mixture permits the protein to refold in an entirely hydrophobic environment that is analogous 

to second-stage folding in which pre-formed transmembrane helices can associate.  Further 
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studies of bR have examined refolding from SDS in detail.  Paula Booth and colleagues were able 

to identify intermediates in the process of membrane protein folding from an SDS-unfolded 

state (Booth et al., 1995).  The order and timescales of helix assembly and subsequent 

chromophore binding provide a view of how the protein may fold in the natural lipid bilayer.   

Thermodynamic measurement of α-helical membrane protein stability was established 

by the Bowie lab using the membrane enzyme diacylglycerol kinase (DGK) (Lau and Bowie, 

1997).  Previous efforts to measure helical membrane protein stability using thermal 

denaturation irreversibly unfold the protein.  Similar to using urea or guanidine denaturation to 

study soluble protein stability, SDS was titrated in to shift the equilibrium towards the unfolded 

state, and could be refolded back to the native state in DM.  Careful placement of tryptophan 

residues allowed the stability of the transmembrane domain to be calculated separately from the 

unfolding of the cytoplasmic domain.  A similar approach has been applied to bR (Cao et al., 

2012; Chen and Gouaux, 1999; Faham et al., 2004) and the intramembrane protease GlpG 

(Baker and Urban, 2012).  The Booth lab has comprehensively investigated the thermodynamic 

and kinetic stability of bR using SDS (Curnow and Booth, 2007).  The transition regions for 

DGK and bR occur between ~0.6 and 0.9 χSDS and thus the unfolding free energies require a 

fairly long linear extrapolation back to 0 χSDS.  Unfolding free energies for bR and the disfulfide 

bond reducing protein B (DsbB) (Otzen, 2003) were also measured by refolding and unfolding 

rates, the latter of which also require extrapolation back to zero denaturant.  Until recent steric 

trapping studies, these extrapolations had not been verified or refuted by experimental evidence. 

Despite the developments of membrane folding studies in SDS detergent, there are still 

only a handful of membrane proteins that have been probed in depth.  Not all membrane 

proteins can refold from an SDS-unfolded state and some membrane proteins are resistant to 

SDS denaturation (Borgnia et al., 1999; Fujii et al., 1989; Hardie et al., 1996; Heginbotham et 

al., 1997; Sargiacomo et al., 1995; Spelbrink et al., 2005; Yang et al., 1999).  So while SDS is a 
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useful tool for inspecting the membrane protein folding process, it will not work for every 

membrane protein.  Many membrane proteins also lack a easily assayable functional 

characteristic to quantify the fraction folded during SDS denaturation.  SDS unfolding has been 

measured using changes in circular dichroism (CD) and ultraviolet absorbance spectroscopy 

(Lau and Bowie, 1997), however, not all membrane proteins have measureable differences in 

their secondary structure by CD or can be easily produced in the quantities necessary for 

absorbance measurements. 

Even for the membrane proteins whose folding has been studied in SDS, they are still 

dependent on linear extrapolations back to non-denaturing conditions.  While linear 

extrapolations have been substantiated for soluble proteins, the denaturing effects of SDS at low 

mole fractions of the micellar phase is unclear from folding studies dependent on measuring 

stability in the transition region.  Though non-denaturing detergents provide a convenient 

membrane mimetic for the folded state, it is important to consider the SDS-unfolded state.  

While SDS micelles preserve most of the α-helical content of membrane proteins, the 

arrangement of those helices is much less entropically constrained than it would be in the plane 

of the membrane.  In high concentrations of SDS the protein can be solubilized in multiple 

micelles in the ‘pearl necklace’ model, permitting each helical TM segment to occupy a separate 

detergent micelle with three-dimensional flexibility in the loop regions.  Ralf Langen and 

colleagues carried out a study of the SDS-unfolded state of bR using pulsed electron 

paramagnetic resonance to measure distances between specific locations in the protein 

(Krishnamani et al., 2012).  While tertiary interactions were largely disrupted, the majority of 

end-to-end TM helix distances were similar, centered around the same distance as in the folded 

condition, but the distance distributions were more broad in SDS, suggesting that some fraying 

or unwinding of the helices may occur in the unfolded state.  A study of peptides of the isolated 

transmembrane segments of bR showed that TMs were more helical when incorporated into 
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lipid vesicles versus SDS (Hunt et al., 1997).  In the two-state model, the transmembrane helices 

are expected to remain stable without tertiary interactions, however, the degree of local 

unwinding and distortions in the absence of helical packing is unclear.  Whether the helical 

disruptions observed in SDS happen during unfolding of the full-length protein in the lipid 

bilayer requires further study. 

Even accepting the caveats of the SDS-unfolded state, folding studies in detergent 

systems are still problematic.  Micelles, though convenient, do not perfectly recapitulate the 

lipid bilayer.  Specific interactions between protein and lipids are lost, as are lateral packing 

pressure and effects from thickness and curvature of the membrane.  Detergents can also 

introduce undesirable pathways of misfolding, such as aggregation, transient exposure of 

hydrophobic patches, or irreversible inactivation (Zhou et al., 2001).  The limitations of SDS 

unfolding studies call for new methods suitable for measuring folding within a lipid bilayer. 

 

Unfolding Membrane Proteins with a Steric Trap 

 To study how proteins fold in the membrane, the Bowie lab has pioneered a new method 

to dissect this important process without disrupting the membrane environment.  Instead of 

altering the conditions using temperature, pressure, or chemical denaturants to unfold a 

membrane protein, the Bowie lab established a method that uses a secondary protein that 

preferentially binds to the unfolded state.  The method, referred to as “steric trapping,” employs 

the tight binding of a large tag-binding protein to a tagged protein of interest.  (Figure 6-2)  We 

have exploited the high affinity of a chimeric monovalent streptavidin (mSA) for biotin 

(Howarth et al., 2006).  The protein subject to trapping is labeled such that the biotin tags are 

close in the folded structure, but far apart in the primary sequence.  If the tags are sufficiently 

close, mSA can only bind one of the tags when the protein is folded because the second biotin 
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site will be occluded by the steric bulk of the bound streptavidin.  Only once the protein unfolds 

does the second site become accessible for binding, upon which the protein becomes sterically 

trapped in the unfolded state, thereby coupling unfolding with a measureable binding event.  

The affinity for the second binding event is determined by the intrinsic mSA-biotin binding free 

energy and the free energy of unfolding of the protein.  Unfolding is driven by mSA affinity and 

concentration, so the thermodynamics of protein folding can be calculated from a binding 

isotherm.  Steric trapping does not necessitate destroying the membrane or disrupting its 

properties because the membrane protein of interest can be biotinylated in the soluble loops.  

Depending on the placement of the affinity tags, the steric trap method can target specific 

domains of the protein for unfolding. 
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Figure 6-2  Steric Trap Unfolding.  (A) Reaction diagram of steric trapping.  The membrane protein (blue) is site-

specifically labeled with biotin (red).  The first mSA (green) binding event is driven by the intrinsic affinity for biotin 
(ΔGB), but the second binding energy is coupled to the unfolding free energy of the biotin-labeled membrane protein 
(ΔGB + ΔGU).  The color change to brown denotes the unfolded state.  (B) Idealized binding curve showing the 

fraction of folded protein over a range of mSA concentrations. 

 

 As a proof of concept, this method has been used to study the soluble enzyme 

dihydrofolate reductase (DHFR) (Blois et al., 2009).  A double cysteine mutant of DHFR was 

labeled with thiol-reactive biotin at two positions known to be close together and solvent 

accessible from the atomic structure.  Activity loss depended on biotinylation of both sites and 
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correlated with increasing concentrations of mSA.  The sterically trapped unfolded state was 

also probed by limited proteolysis, demonstrating that sterically trapped DHFR is similarly 

susceptible to proteolysis as chemically denatured proteins.  The binding of wild-type mSA is 

essentially irreversible, so the reverse refolding reaction necessitated a mutant of the active 

subunit with weaker affinity and a greatly accelerated off-rate.  Activity recovery after addition 

of excess free biotin demonstrated that steric trap unfolding was reversible.  The apparent msA 

binding affinity was dependent on binding of a stabilizing cofactor to DHFR, indicating that the 

steric trap is able to measure changes in protein stability.  The unfolding free energy measured 

by steric trapping agrees closely with that measured by urea denaturation, establishing the steric 

trap method as a reliable tool for measuring protein stability. 

 The first test of steric trapping with a membrane protein examined the dimerization of 

the single-span TM protein glycophorin A (GpATM) (Hong et al., 2010).  The association energy 

of GpATM had been studied extensively in micellar systems, but the equilibrium in lipid vesicles 

was unclear.  GpATM is an important model protein for studying transmembrane helix 

oligomerization and the association of helices during membrane protein folding.  To monitor the 

association of the dimer, self-quenching pyrene fluorophores were attached near the TM close to 

the biotin tag.  While the dissociation constant determined in detergent agrees well with 

previous measurements, the association of the GpATM is greatly enhanced in 1-palmitoyl-2-

oleoyl-sn-glycero-3-phosphocholine (POPC) bilayers.  The high affinity of the GpATM dimer in 

POPC bilayers would not have been measureable by dilution.  Steric trapping offers a method of 

accurately measuring helix association energetics in lipid bilayers. 

 The GpATM dimer was further explored by altering the lipid bilayer composition (Hong 

and Bowie, 2011).  One of the primary advantages of the steric trap method is the ability to study 

the effect of different lipids on membrane protein folding.  While the GpATM is highly stabilized 

in POPC vesicles, the recreation of a natural membrane environment revealed that the 
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association is only marginally stable in the cellular context.  The dimerization is greatly 

weakened by electrostatic interactions between lipid headgroups and protein side chains as well 

as competition from the heterogeneous milieu of membrane proteins.  These results illustrated 

that membrane proteins are not necessarily always more stable in membranes than in detergent.  

These unexpected effects of the membrane environment can be uncovered using the steric trap 

method. 

 Attempting to measure the thermodynamic stability of a more complex membrane 

protein lead to a surprising finding with DGK (Jefferson et al., 2013).  DGK was biotinylated at a 

single cysteine on each subunit near the axis of symmetry.  The subunits must dissociate to be 

susceptible to steric trapping.  Dissociation disrupts the active sites shared between subunits, so 

unfolding can be monitored by loss of activity.  While attempting to establish steric trapped 

DGK for thermodynamic measurements, the unfolding rate was found to be extremely slow in 

octyl-glucoside with a half-life of 12.6 d.  Without any SDS, unfolding is indistinguishable from 

the intrinsic irreversible inactivation rate.  The unfolding rate in a small amount of SDS could be 

separated from the slow inactivation demonstrating that the protein is indeed trapped by mSA.   

The steric trapped monomers were confirmed to be dissociated as they could be refolded with 

SDS-unfolded mutant subunits.  The steric trapping of the DGK trimer does not necessitate 

complete unfolding of each subunit, and thus the complete unfolding of the protein may be even 

slower. 

 Interestingly, the refolding rate of steric trapped DGK is much slower than refolding with 

SDS-unfolded subunits, suggesting that unfolding pathways under native conditions may be 

completely different from those generated with SDS.  The steric trapped unfolded state is also 

likely different from the SDS-unfolded state.  In SDS, the transmembrane helices can be kept in 

an extended conformation due to the repulsion of the anionic micelles, but in the non-

denaturing steric trapped state the helices are free to associate and misfold, forming 
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energetically frustrated helical bundles with slow folding and unfolding rates similar to soluble 

proteins (Wensley et al., 2010, 2012).  The steric trapping of DGK, while demonstrating the 

method on a complex polytopic membrane protein, is also notable for finding surprisingly slow 

unfolding and refolding kinetics under non-denaturing conditions, not seen in previous studies 

with SDS. 

 The thermodynamic stability of a multi-span membrane protein was first measured 

under native conditions by steric trapping of bR (Chang and Bowie, 2014).  bR is a convenient 

model protein for its measureable absorbance in the folded state.  These experiments challenged 

the validity of the long linear extrapolations made from SDS unfolding measurements.  The 

unfolding free energies measured in low χSDS conditions followed a non-linear trend and the 

unfolding free energy at zero SDS is ~11 kcal/mol, far less than the 26 kcal/mol expected from 

the linear extrapolation of SDS unfolding.  The curve of unfolding free energies derived from 

steric trapping appear to converge with those from previous SDS titration results around 0.45 

χSDS suggesting that the two methods are measuring a similar unfolding process.  The non-

disruptive nature of the steric trap method permits the adjustment of the lipid:detergent ratio to 

change the local environment of the bicelle.  bR is modestly stabilized in larger lipidic bicelles, 

but not nearly to the degree suggested by linear extrapolation. 

 Later steric trap experiments on the transmembrane domain of the rhomboid protease 

GlpG in n-dodecyl β-D-maltoside (DDM) corroborated the non-linear dependence of 

thermodynamic stability on SDS mole fraction (Guo et al., 2016).  While two proteins is a small 

set, the non-linear relationship is not unique to either membrane protein.  In contrast to the 

unfolding free energies determined from steric trapping of bR, those for GlpG do not converge 

with SDS titration results.  Instead, steric trap unfolding free energies are nearly 4 kcal/mol 

greater than those determined by SDS unfolding at a moderate SDS mole fraction.  By 

combining the steric trap method with dependence on SDS mole fraction, as done with bR 
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(Chang and Bowie, 2014), m-values for two biotin pairs can be compared.  The authors suggest 

that the steeper m-value from steric trapping of the N-terminal half of GlpG exposes more 

buried residues upon unfolding, whereas the C-terminal half undergoes subglobal unfolding 

around the active site.  While the interpretation of m-values for SDS denaturation are still up for 

debate, these experiments demonstrate the utility of combining traditional harsh denaturation 

with newer methods for studying membrane protein folding under native conditions. 

The Hong lab improved upon the initial biotinylation labeling of proteins for steric 

trapping by adding fluorescent and spin label reporter groups to a customized biotin label.  

Double electron-electron resonance (DEER) measurements of the distance between labels in the 

steric trapped state provide insight into the nature of the unfolded state.  The DEER 

measurements indicate that non-denatured steric trapped GlpG is not a compact unfolded state.  

Steric trapped unfolded GlpG is even more expanded between the labels than the SDS unfolded 

state, perhaps attributing the different unfolding free energies to different unfolded states.  The 

authors note that the increased distances are probably not soley due to steric repulsion because 

alternate biotin pairs with similar Cα-Cα distances could be doubly bound with monovalent 

streptavidin and still retain activity. 

 Additionally, the alternate biotin-pyrene label offers a generally applicable steric trap 

method that does not rely on functional assays tailored to the protein of interest.  By attaching 

the quencher DABCYL to the monovalent streptavidin, binding can be measured readily and 

sensitively.  Fluorescence quenching measurements were confirmed with activity loss from the 

same variant of monovalent streptavidin.  The fluorescence measurements are well-suited to 

high-throughput experiments, which Hong and colleagues took advantage of by examining the 

effects of a large host of destabilizing mutants between two separate domains of the protein.  

Provided suitable pairs of biotin labels can be placed throughout the membrane protein, steric 

trapping can dissect cooperative interactions and subglobal unfolding within the full-length 
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protein under native conditions.  Perhaps the most powerful aspect of the steric trapping of 

GlpG is the promise that these additions and refinements to the steric trap method hold for the 

future of membrane protein folding studies. 

 

Single-Molecule Force Spectroscopy 

Perhaps the most detailed examination of the energy landscape is to completely pull 

apart single membrane proteins by mechanical force.  Several methods of exerting mechanical 

force on polypeptide chains have come to prominence in recent years.  These methods rely on 

anchoring of the protein to a surface and then pulling one end of the protein away from the 

surface and measuring the extended distance and force applied to the protein. 

AFM-mediated unfolding 

Early experiments demonstrated that macromolecules could examined by force 

spectroscopy using a repurposed atomic force microscope (Rief et al., 1997, 1999), and the 

technique was soon applied to pulling a membrane protein out of the bilayer (Oesterhelt, 2000).  

Single-molecule force spectroscopy utilizes the AFM tip to pull on a single molecule of interest 

found in the atomic force micrograph.  In the case of bacteriorhodopsin, purple membrane was 

adsorbed onto a flat surface and the AFM tip was adsorbed to a single protein at the C-terminus.  

The stylus is then lifted off the surface of the membrane with increasing force.  Following the 

extension of the polypeptide chain with increasing force produces a force extension curve 

(Figure 6-3 A) that reveals specific intermediates that correspond to sequential segments of the 

polypeptide chain pulled up out of the membrane.  Many attempts either fail to adsorb to the 

protein or attach to a non-terminal cytoplasmic loop of bacteriorhodopsin.  To compare a 

collection of equivalent pulling events, only spectra that extended to the full length of 
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bacteriorhodopsin before at the final rupture peak were analyzed.  Additionally, the high-

resolution imaging of AFM can be employed to confirm the vacancy of the pulled protein.  The 

force peaks fit to a worm-like chain model for pairs of helices pulled out of the membrane from 

the C-terminus.  The amount of force required to unfold each segment decreases sequentially as 

the removal of helices further destabilizes the remaining membrane-embedded segment. 

Comparisons could be made between the relative stability of the transmembrane helix pairs, 

however, the mode of unfolding orthogonally to the membrane is not a biologically relevant 

process, fails to isolate second-stage unfolding, and is irreversible. 

While AFM force spectroscopy experiments demonstrated that force could be used to 

unfold membrane proteins, it was still untested whether α-helical transmembrane segments 

could refold into the lipid bilayer.  Further studies by the Gaub and Müller labs were able to 

reinsert two different α-helical membrane proteins after forced unfolding out of the bilayer 

(Kedrov et al., 2004; Kessler et al., 2006).  The proteins were extended to a length that stopped 

before pulling the final segment before final rupture, so that the polypeptide chain was still 

anchored to the membrane.  The AFM tip was then lowered back to the bilayer surface.  

Complete reinsertion of the full-length protein was confirmed by repeated unfolding which 

displayed the same set of force peaks in the initial unfolding, demonstrating the robustness of 

the force spectroscopy method.  In the case of the sodium antiporter NhaA, the refolding trace 

did not exhibit the same force peaks for each pair of helices, except for one pair that exerted a 

small force on the stylus while refolding into the membrane (Kedrov et al., 2004).  In contrast, 

refolding of bacteriorhodopsin displayed “snap-in” force peaks for two pairs of refolding helices 

(Kessler et al., 2006).  Integrating these snap-in peaks provides a measure of the work 

performed by the refolding protein against the AFM cantilever.  However, this attempt to 

quantify the free energy of refolding helices is convoluted by the fact that the speed of the 

cantilever back towards the surface may be faster than the time for refolding, which can 
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suppress refolding peaks (Kedrov et al., 2004), and it is unclear whether the helices are 

undergoing a first-stage insertion or making tertiary contacts as well.  Indeed, sometimes that 

unfolding rupture forces were lower after refolding, suggesting that tertiary refolding does not 

regularly occur. 

 

Figure 6-3  Single-molecule Force Spectroscopy for Membrane Protein Unfolding.  (A) Scheme of forced unfolding 

using atomic force microscopy.  The AFM tip (gray triangle) is attached to a terminus of the folded membrane protein 
(blue) in a supported bilayer.  The AFM cantilever is moved upwards while measuring the tension force of the 
polypeptide chain (left) until a segment ruptures out of the membrane (right).  (B) Idealized force-distance curves of 

membrane protein unfolding, refolding, and repeated unfolding from an AFM experiment.  Initial unfolding produces 
three force peaks.  Refolding produces a single snap-in peak as refolding of the second-segment exerts a force on 
the AFM cantilever.  Repeated unfolding confirms refolding of the first segment, but indicates misfolding of the 
membrane protein as a whole due to a force peak of a contour length not observed in the initial unfolding curve (red).  
(C) Scheme of forced unfolding using magnetic tweezers.  A magnet exerts force on a magnetic bead (purple) 
tethered to a surface via DNA handles (pink) with an intervening membrane protein (blue).  (D) Idealized overlay of 

unfolding and refolding force-distance curves from a magnetic tweezers experiment.  As the magnet descends closer 
towards the bead, the increasing forces pull along the surface of the bilayer, stretching the DNA (red arrow) until an 
unfolding event produces a distance jump (top blue arrow).  Force is subsequently decreased (green arrow) until a 
refolding event produces a distance contraction (bottom blue arrow). 
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One of the advantages of force spectroscopy is the ability to recapitulate native 

environments and study the effects of changes in lipid composition.  LacY, having been unfolded 

by force spectroscopy (Serdiuk et al., 2014) and known to exhibit an inverted topology in the 

absence of phosphatidylethanolamine (Bogdanov et al., 2008), makes it a good candidate for 

studying in different lipid compositions.  AFM force spectroscopy helped pinpoint where in the 

structure the topology was most effected by the change in the lipid bilayer environment (Serdiuk 

et al., 2015).  In 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylethanolamine (POPE): 1-

palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylglycerol (POPG) membranes, LacY unfolding force 

extension curves exhibit predominantly 10 force peaks, and in rare cases, a new peak fits to a 

contour length in the middle of the protein.  The unfolding segments around central helices VI, 

VII, VIII, and the loops between them are disrupted.  The fraction of LacY that unfolds in this 

second force extension pattern increases in pure POPG membranes.  The force spectroscopy 

experiments confirm the previous model of LacY inverted topology that leaves the N and C-

terminal halves of the protein intact, except for helix VII, which is exposed to the periplasm, 

demonstrating the utility of force spectroscopy in zeroing in on specific segments of membrane 

proteins that are structurally altered in different membrane environments without the need for 

denaturants. 

Further studies with LacY have studied the effect of chaperoned refolding (Serdiuk et al., 

2016).  While spontaneous folding into the membrane from an unfolded state outside the 

membrane is not the physiologically relevant process for α-helical membrane proteins, they do 

insert from the N-terminus with the aid of translocon machinery, such as YidC.  In this case, 

AFM force spectroscopy is well suited to studying the chaperoning effects of a protein such as 

YidC.  In the presence of YidC, LacY refolding is promoted such that repeated unfolding exhibits 

the same set of force peaks observed from the initial unfolding of native LacY.  In the absence of 

YidC, LacY misfolding dominates over time, while refolding does not improve with time.  While 
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these experiments lack a lot of the specialized cotranslational insertion apparatus for first stage 

folding of α-helical membrane proteins, they highlight the importance of chaperoning for the 

proper folding of this class of membrane proteins. 

While this technique can be applied to α-helical membrane proteins, it is perhaps better 

suited to proteins that fold into the lipid bilayer in a single-stage process, such as the outer 

membrane protein β-barrels.  The first forced unfolding of a β-barrel out of a membrane was 

performed with OmpG (Sapra et al., 2009).  Similar to α-helical membrane proteins unfolded by 

single-molecule force spectroscopy, OmpG unfolds one pair of β-strands at a time.  One of the 

advantages of single-molecule force spectroscopy is observing the effects of changes in the 

aqueous environment without disrupting the membrane.  OmpG is a pH-gated pore and 

changes in the force extension curve under pH 7 and 5 have highlighted specific pH-dependent 

interactions that govern the pore loop (Damaghi et al., 2010). 

Later studies with OmpA demonstrated the reversible folding with AFM force 

spectroscopy (Bosshart et al., 2012).  OmpA has a C-terminal peptidoglycan-binding domain, to 

which the AFM tip can be non-specifically attached.  OmpA unfolds through several 

intermediates and refolds in a single force peak as the cantilever is relaxed back to the 

membrane surface for ~2 s.  In about 5 out of 200 refolding experiments, OmpA was 

successfully refolded as confirmed by repeated unfolding.  Interestingly, this mode of folding 

and unfolding is particularly biologically relevant to OmpA as the periplasmic peptidoglycan-

binding domain can exert force on the β-barrel to ultimately regulate the pore’s function.  

Furthermore, the N-terminal β strand requires an unusually high amount of force to remove 

from the membrane, suggesting that it may serve as an anchor for OmpA refolding. 

While refolding β-barrel membrane proteins from the unfolded aqueous state is possible 

for OmpA, assistance from chaperones is required for refolding of the larger barrel FhuA 
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(Thoma et al., 2012, 2015).  Without chaperones, repeated unfolding of FhuA after allowing 

refolding produces new intermediates in the force extension curve, indicating misfolding or 

failure to properly insert the β strands.  However, in the presence of Skp and SurA, FhuA can be 

refolded properly and reproduce the force extension curve upon repeated cycles of unfolding.  

Refolding in the presence of Skp and SurA highlights the advantage of force spectroscopy for 

studying membrane protein folding in a milieu of a defined lipid bilayer, native buffer, and 

accessory chaperones.  Confirmation of refolding was confirmed as in previous experiments by 

checking repeated unfolding against the force peak “fingerprint” of the first unfolding.  Without 

chaperones, FhuA tends to misfold, displaying force peaks at contour lengths outside the 

original unfolding fingerprint, or remains unfolds, showing no force peaks upon repeated 

unfolding.  Skp and SurA both have mitigating effects on the fraction of misfolded protein in 

repeated refolding experiments, but by different means.  Skp does not substantially promote 

refolding of the β-hairpins, but removes many of the misfolded FhuA.  On the other hand, SurA 

encourages refolding and helps prevent misfolding.  While the presence of both chaperones 

stabilizes the unfolding of FhuA, inidicating the dominance of Skp to prevent misfolding by the 

stabilization of unfolded FhuA.  Because of the fine control over an individual protein in force 

spectroscopy, the effect of chaperones can also be examined for refolding from different contour 

lengths.  The chaperones prevented misfolding equally for different lengths of the unfolded 

polypeptide chain.  FhuA was typically allowed to refold for only 1 s after relaxing the AFM 

cantilever back to the membrane surface, but a study of extended refolding times showed that 

the fraction of folded FhuA increases, as well as increasing the force required to unfold the 

refolded β-hairpins to that of native FhuA, suggesting that FhuA needs longer than 1 s to fully 

stabilize its β-barrel to the native conformation.  So while “refolded” classes of FhuA pulling 

experiments reflect a pairwise insertion of β strands, they often likely only reflect a partially 

folded state that is on-pathway to the native state. 
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The stepwise refolding of β-barrel outer membrane proteins by β-hairpins is suggested to 

be the in vivo mechanism.  The Omp insertion machinery is proposed to function by first 

interacting with the C-terminal β strand of an unfolded Omp (Gruss et al., 2013; Kim et al., 

2012; Noinaj et al., 2013, 2014).  Thus the individual refolding of subsequent β-hairpins in AFM 

force spectroscopy measurements may reflect a more native mechanism of insertion and folding 

than the tilting mechanism of β-barrel refolding from a urea denatured state (Huysmans et al., 

2010).  Single-molecule force spectroscopy still relies upon pulling membrane proteins out of 

the bilayer, preventing the observation of second-stage folding within the membrane 

environment.  AFM refolding experiments also require part of the protein to remain in the 

membrane to act as a tether, so only the refolding of all but one or two transmembrane 

segments is observed. 

Single-molecule tweezers for second-stage folding 

In contrast to force spectroscopy via AFM, optical and magnetic tweezers offer a method 

to pull membrane proteins along, instead of orthogonal to, the plane of the membrane (Figure 

6-3 B).  Seminal work from the Marqusee and Bustamante labs demonstrated that single 

proteins could be force unfolded to examine stability and intermediates in folding pathways 

(Cecconi et al., 2005).  Optical and magnetic tweezers exert force on a bead that is tethered to a 

surface via DNA handles and a single protein of interest.  E. coli GlpG was the first protein to be 

studied by single-molecule tweezers (Min et al., 2015).  GlpG is a six transmembrane segment 

rhomboid protease that has been studied by SDS denaturation (Baker and Urban, 2012; Guo et 

al., 2016), and now also by steric trapping (Guo et al., 2016), making it a good point of 

comparison for protein folding studies.  Attachment of the DNA handles at the N and C termini 

of the transmembrane domain of GlpG places the mechanical unfolding force along the surface 

of the membrane.  Cycles of unfolding and refolding in 1,2-dimyristoyl-sn-glycero-3-



119 
 

phosphocholine (DMPC): 3-[(3-Cholamidopropyl)dimethylammonio]-2-hydroxy-1-

propanesulfonate (CHAPSO) bicelles exhibits a large hysteresis in the force extension curve.  

The repeated extensions confirmed that GlpG was completely refolded at low force and the 

extended polypeptide chain formed helical structure before refolding, indicating that the 

observed refolding is reflective of transmembrane segment association within the context of a 

lipid bilayer.  Although GlpG tended to completely unfold in a single force jump at ~25 pN, there 

were rare cases where unfolding passed through intermediate states.  One of the advantages of 

magnetic tweezers is the ability to exert a constant magnetic force on the protein.  In a “force-

jump” experiment the force was quickly brought to 21 pN and held until GlpG completely 

unfolded.  Though the pauses were brief relative to the total unfolding time, the partial 

unfolding to two distinct intermediate states was more clearly measured when not unfolding 

with increasing force.  The extension distance of the intermediates corresponds to segment 

lengths that are roughly pairs of helices, however, in constrast to the directional pulling of AFM 

force spectroscopy, it was unknown which end of the protein is unfolded first.  To answer this 

question, destabilizing mutations were made in either end of the protein.  In the case of the N-

terminal mutation L155A, the transition from the second intermediate to the complete unfolding 

was accelerated.  Correspondingly, the C-terminal mutation A206G accelerated unfolding to the 

first intermediate.  Therefore GlpG unfolds directionally from the C- to N- terminus under 

mechanical force. 

To map out the energy landscape of GlpG folding, the folding and unfolding energy 

barriers were calculated by measuring the folding and unfolding probabilities for a range of 

forces.  The unfolding events occurred stochastically at different force levels, so unfolding 

probabilities were calculated from hundreds of repeated unfolding events.  The unfolding rate at 

zero tension was extrapolated from the probability curve.  Refolding at low forces (below ~8 pN) 

was confirmed by unfolding GlpG after 3 min of refolding time.  Extrapolating the refolded 
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fraction yielded the folding rate.  The free energy of unfolding calculated from the unfolding and 

folding rates at zero force is 6.54 kBT. 

Though GlpG ultimately unfolds to a fully extended polypeptide chain, the energy 

landscape is indicative of physiological second-stage folding in the membrane.  Though the 

structure and geometry of the protein-bicelle complex as it unfolds is uncertain, the hysteresis of 

the unfolding and refolding cycle is assumed to represent the same pathway, as the folding and 

unfolding kinetics, measured only 6 pN apart, do not exhibit any discrepancies that would imply 

altered pathways.  The unfolding jump is initiated in the bicelle environment and helical 

transmembrane segments are formed prior to the refolding jump, showing that the transitions 

occur primarily in the protein-bicelle complex.  Also, the measured free energy of unfolding is 

fairly consistent with recent steric trapping of GlpG in DDM that measured 9.8 kBT and 7.9 kBT 

for the N and C domains (Guo et al., 2016), and corroborates the overestimation of linear 

extrapolations from SDS unfolding of the same construct. 

Further optimization of the magnetic tweezer method was made by simplifying the 

attachment chemistry.  Compared to the nonspecific attachment of the AFM tip, tweezers 

require precise handle attachment at specific cysteine residues.  The labeling of cysteines can be 

inefficient and requires the removal of other native cysteines, which can be technically 

prohibitive for large membrane proteins.  The Bowie lab employed the SpyTag-SpyCatcher 

system to get around these challenges (Min et al., 2016).  By adding SpyTag segments flanking 

the membrane protein of interest, DNA handles conjugated to an easy to prepare MBP-

SpyCatcher fusion will bind after a short incubation, after which the protein is ready for 

attachment to the surface and magnetic bead for tweezing.  Repeating GlpG pulling experiments 

with this new regime duplicated the previous results, demonstrating that the addition of MBP-

SpyCatcher-SpyTag to the handles does not alter the observed unfolding of the membrane 

protein of interest.  This updated method makes an already generally applicable method easier 
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to apply to more membrane proteins, and introduces the possibility of tweezing proteins in 

natural membranes without the need for purification due to the high affinity SpyTag-SpyCatcher 

complex. 

 

Between equilibrium unfolding with urea or SDS, the steric trap method, and single-

molecule force spectroscopy, a variety of methods for interrogating the membrane protein 

folding process are available.  These methods balance technical simplicity with molecular detail.  

While these methods are compatible with a variety of detergent-aided membrane mimetics, 

newer technologies for studying membrane protein folding hold much promise for their general 

applicability and will likely pave the way towards understanding how proteins fold within the 

biological membrane. 
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