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ABSTRACT OF THE DISSERTATION 

 

Structural and Biochemical Insights into Bacterial Cell Wall Glycopolymer Display  

 

by 

 

Orlando Edward Martinez 

 

Doctor of Philosophy in Biochemistry, Molecular, and Structural Biology 

University of California, Los Angeles, 2022 

Professor Robert Thompson Clubb, Chair 

 

Pathogenic Gram-positive bacteria have acquired resistance to many commonly used 

antibiotics. One potential strategy to combat this problem is to develop small molecule therapeutics 

that target bacterial virulence mechanisms which enable pathogens to cause disease. The bacterial 

cell surface contains many virulence factors that have key roles in host-pathogen interactions, but 

the mechanisms by which they are synthesized and displayed remains incompletely understood. 

The work described in this dissertation is concentrated on understanding how bacteria synthesize 

wall teichoic acid (WTA) glycopolymers. WTAs are peptidoglycan-anchored alditol-phosphate 

polymers that have important functions in host immune system evasion, biofilm formation, and 

antibiotic resistance, among other roles. This research is specifically focused on the TagA 

glycosyltransferase, which catalyzes the first committed enzymatic step in WTA biosynthesis. 

Small molecule TagA inhibitors might function as novel antivirulence therapeutics because cells 

that lack the enzyme in methicillin-resistant Staphylococcus aureus (MRSA) maintain viability 

but become re-sensitized to β-lactam antibiotics.  
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The research described in this dissertation advances our understanding of the enzymatic 

mechanism of TagA and its role in controlling the architecture of the bacterial cell wall. Chapter 

1 surveys the biosynthetic pathways that are used to produce peptidoglycan and WTA polymers 

in Bacillus subtilis and S. aureus. Chapter 2 details the determination of the first crystal structure 

of the soluble portion of TagA from Thermoanaerobacter italicus, which is shown to adopt a novel 

glycosyltransferase structural fold. This study identified two conserved residues in TagA that are 

important for catalysis and demonstrated that C-terminal tail residues in the enzyme are essential 

for enzymatic activity in vitro and membrane association in cells. 

Chapter 3 describes the construction of a solubility-enhanced TagA variant and crystal 

structures of this enzyme bound to its native substrate, UDP-ManNAc, and an epimer of the 

substrate, UDP-GlcNAc. These structures provide insight into stereospecific protein-ligand 

contacts that confer substrate specificity. Molecular dynamics simulations of full-length TagA 

models with and without its bound substrates are also presented which demonstrate that UDP-

ManNAc stabilizes construction of the enzyme’s active site through interactions with key catalytic 

residues in the C-terminal tail. Collectively, these data suggest a model of enzyme function in 

which membrane association via the C-terminal tail triggers a conformational change in TagA that 

is further stabilized by stereospecific contacts with its UDP-ManNAc substrate. Lastly, Chapter 4 

details ongoing progress in capturing the active, monomeric form of the protein for structural 

investigations and studying the influence of TagA activity on cell morphology in B. subtilis using 

transmission electron microscopy. This work contributes to our knowledge of WTA biogenesis in 

bacteria and lays a foundation for the structure-guided development of TagA-specific inhibitors 

that could function as antivirulence agents. 
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Chapter 1 

 

 

 

Introduction: The architecture and biosynthesis of  

bacterial cell wall glycopolymers 
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1.1 Overview 

Antibiotic resistance in pathogenic Gram-positive bacteria is a growing global health crisis 

(1-4). Over 2.8 million infections and 35,000 deaths are caused by antibiotic resistant bacteria in 

the United States annually, with novel resistance mechanisms evolving soon after the clinical 

introduction of new antibiotics (4-7). Most antibiotic development to date has focused on the 

inhibition of cellular processes that are essential for bacterial survival. Another potentially 

attractive approach to battle drug-resistant bacteria instead focuses on targeting virulence factors—

pathways whose function is necessary for bacterial pathogenesis but not cell viability (8-11). The 

use of these “antivirulence” compounds may be advantageous as compared to conventional 

antibiotics because they presumably exert reduced selective pressures that drive the evolution of 

drug resistance mechanisms in bacteria (12-14). Thus, a deeper molecular understanding of 

virulence mechanisms could lead to the discovery of new therapeutics.  

The bacterial surface plays a key role in host-pathogen interactions and can vary greatly 

between species. Early approaches to characterize bacteria employed a staining procedure 

developed by Christian Gram in 1884, which categorized all bacteria into two groups based on 

distinct cell surface structures that either retained a crystal violet Gram stain (Gram-positive) or 

did not (Gram-negative) (15). Gram-positive bacteria were subsequently further categorized based 

on the content of guanine and cytosine (G+C) bases in their genome. High G+C bacteria (51-70%) 

generally originate from the Actinobacteria phylum and include species from the 

Corynebacterium, Mycobacterium, and Streptomyces genera (16). In contrast, low G+C content 

(<50%) bacterial species are primarily found in the Firmicutes phylum and include several 

pathogens of clinical interest from the Clostridium, Streptococcus, Staphylococcus, and Bacillus 

genera (17). Unfortunately, these basic operational definitions do not account for the wide diversity 



 

3 

 

of cell wall architectures that encapsulate Gram-positive bacteria. For example, despite sharing a 

common monoderm structure that is surrounded by a peptidoglycan (PG) sacculus, different 

species within the Firmicutes phylum decorate their surfaces with an array of chemically distinct 

macromolecules, including teichoic acids, surface layer (S-layer) proteins, polysaccharide 

capsules, mycolic acids, or combinations of these elements (18,19). Many of these 

macromolecules have important functions that contribute to virulence in pathogenic bacteria, such 

as mediating host immune system evasion, cell adhesion, biofilm formation, and antibiotic 

resistance (18-25). Thus, a comprehensive knowledge of the structure, function, and regulation of 

these virulence factors may lead to the discovery of novel antivirulence compounds.  

In this chapter, I review what is known about the structures and assembly mechanisms of 

PG and wall teichoic acid surface glycopolymers in Staphylococcus aureus and Bacillus subtilis. 

These two model bacteria from the Firmicutes phylum have the most well-studied cell wall 

glycopolymers and are the focus of my thesis research. S. aureus is also a high priority member of 

the ESKAPE pathogens that pose a severe clinical threat due to their high virulence and resistance 

to antimicrobial treatments (26). Thus, the enzymes that S. aureus uses to synthesize and display 

its glycopolymers are potential drug targets. The biosynthetic pathways of lipoteichoic acids, 

polysaccharide capsules, S-layers, and mycolic acids are outside the scope of the work described 

in this thesis and are reviewed elsewhere (27-30). 
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1.2 The cell wall structure in S. aureus and B. subtilis 

S. aureus and B. subtilis cell walls are composed of a thick and densely functionalized PG 

layer. The structure of PG is generally well-conserved and composed of polymerized disaccharide 

repeat units that are crosslinked by covalent bridges between stem peptides of adjacent chains 

(31,32). PG serves as a protective barrier against toxic small molecules and prevents cell lysis from 

internal turgor pressure (33,34). Additionally, it serves as a scaffold for anchoring extracellular 

proteins and glycopolymers that can vary between species. 

Secondary cell wall polysaccharides (SCWPs) are also major components of the S. aureus 

and B. subtilis cell surface and can constitute up to 60% of their cell wall mass (23,30,31,35). 

Bacterial SCWPs are chemically diverse and are important for nutrient acquisition, host immune 

system evasion, cell wall architecture, and extracellular protein display (23,30,35). Broadly, most 

Gram-positive bacteria decorate their cell wall with two types of polymers, a lipid-linked SCWP 

and a PG-linked SCWP. B. subtilis is an exception, as it has four different types of SCWPs that 

are displayed depending on phosphate availability and extracellular stressors (18). The 

biosynthetic pathways that produce these polymers in pathogens are exciting targets for the 

development of antivirulence drugs due to their essential role in bacterial pathogenesis (20,36).  

The SCWPs that are associated with the bacterial cell surface are classified by the 

composition of their main chain polymers. Classical SCWPs, also known as teichoic acids, contain 

main chains that are formed by alditol-based sugars and linked together by phosphodiester-bridges. 

The polymers are anchored to the cell wall by an oligosaccharide linkage unit that can vary based 

on the type of teichoic acid that is displayed (18,23). There are two types of teichoic acids which 

differ in how they are anchored to the cell. Wall teichoic acids (WTAs) are covalently attached by 

a phosphodiester bond to PG whereas lipoteichoic acids (LTAs) are attached to a glycolipid 
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embedded in the cell membrane (30,37). Non-classical SCWPs are chemically diverse and 

encompass all other lipid- or PG-anchored glycopolymers that do not contain phosphodiester 

linkages between their repeat units (38,39). Both S. aureus and B. subtilis produce WTAs, but their 

main chains are formed from chemically distinct repeat units (23).  

WTA polymers are formed by either poly-glycerol-phosphate (Gro-P) or poly-ribitol-

phosphate (Rbo-P) subunits that are joined via phosphodiester linkages. The main chain is then 

connected to the cell wall by a conserved disaccharide linkage unit (Fig. 1.1A) (23). The proteins 

responsible for producing Gro-P WTAs are called Tag (Teichoic acid glycerol) enzymes, while 

Rbo-P WTA-producing proteins are called Tar (Teichoic acid ribitol) enzymes. All known WTA 

polymers consist of a conserved linkage unit composed of Gro-P-N-acetylmannosamine 

(ManNAc)-β1,4-N-acetylglucosamine(GlcNAc)-PP-undecaprenyl(Und), a product of three early-

stage enzymes called TagO, TagA, and TagB (Fig. 1.1) (23). As the functions of TarOAB and 

TagOAB are very similar, the term Tag is used to denote these enzymes hereafter. Following the 

production of the linkage unit, the main chain is then polymerized by enzymes from the TagF-like 

family of proteins. The polymer’s main chain is further glycosylated by the TarM and TarS 

enzymes in S. aureus or the TagE enzyme in B. subtilis. Then the mature WTA is exported across 

the cell membrane by the ABC transporter, TarGH or TagGH. Finally, LCP anchoring enzymes 

covalently link WTAs to the C6 hydroxyl of MurNAc in PG (Fig. 1.1).  

Membrane-associated LTA polymers exhibit much more chemical diversity than PG-

attached WTA polymers. LTA polymers differ in both the structures of their polymerized subunits 

and the oligosaccharide linkages that connect the glycopolymer to the membrane-embedded lipid 

anchor. At present, five classes of LTAs have been characterized (Type I-V LTAs) (Fig. 1.2) (30). 

Type I LTAs are found in a wide range of bacteria in the Firmicutes phylum (S. aureus, B. subtilis, 
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and Listeria monocytogenes, among others) and contain a main chain of unbranched poly-Gro-P 

groups (40). Types II-V LTAs are more complex and less well-characterized, but incorporate 

cyclic hexose sugars in their main chain polymers (Fig. 1.2) (30,41). They are not discussed further 

here, but several reviews describe what is currently known about their structures and synthetic 

pathways (30,40-42). 

 

1.3 Peptidoglycan structure and biosynthesis 

The most-conserved feature of S. aureus and B. subtilis cell walls is the presence of PG, a 

mesh of polymeric β1,4-linked GlcNAc and N-acetylmuramic acid (MurNAc) disaccharide chains 

that are crosslinked by pentapeptide bridges. Its biosynthesis is completed by the action of 

approximately 20 internal and external enzymes and begins with the cytoplasmic biosynthesis of 

the disaccharide-pentapeptide repeat unit (Fig. 1.3) (32). The enzymes MurA and MurB are 

responsible for the conversion of the abundant nucleotide diphosphate sugar UDP-GlcNAc into 

UDP-MurNAc by appending and reducing a pyruvate group on the C3 hydroxyl of GlcNAc, 

respectively (Fig. 1.3) (32,43,44). Then the sequential action of four amino acid ligases, MurC-F, 

generate the pentapeptide stem (L-Ala-D-Glu-L-Lys-D-Ala-D-Ala in S. aureus and B. subtilis) on 

UDP-MurNAc (Fig. 1.3) (32,43).  

The next steps of PG biosynthesis occur on the inner leaflet of the cell membrane and 

utilize Und-P, a polyprenyl lipid that is used as a molecular scaffold in many other biosynthetic 

pathways such as teichoic acid, non-classical SCWP, and O-antigen biosynthesis (32,45). The 

integral membrane protein MraY transfers the mature phospho-MurNAc-pentapeptide from its 

nucleotide phosphate carrier to Und-P, creating an intermediate known as lipid I (Und-PP-

MurNAc-pentapeptide) (Fig. 1.3) (46,47). The first structure of MraY from Aquifex aeolicus 
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revealed ten transmembrane helices with three invariant Asp and one invariant His residue in a 

cytoplasmic loop that are essential for enzyme function adjacent to a putative hydrophobic pocket 

that presumably binds the Und-P substrate (47). From here, lipid I is passed to the 

glycosyltransferase (GT) MurG which catalyzes the transfer of GlcNAc from a UDP-GlcNAc 

sugar donor to lipid I and completes lipid II (Fig. 1.3) (48). MurG adopts a canonical GT-B 

structural fold (discussed in detail later) where two Rossmann-like domains form a wide cleft and 

separately bind to the donor (UDP-GlcNAc) and acceptor (Und-PP-MurNAc-pentapeptide) 

substrates (49). The S. aureus PG biosynthesis pathway contains an additional series of enzymatic 

steps following the production of lipid II that B. subtilis lacks. Three additional enzymes, FemX, 

FemA, and FemB, append a pentaglycine peptide on the ε-amino group of L-Lys in the stem 

peptide (50). This branched stem peptide serves as both a site for PG crosslinking that differs from 

B. subtilis and as a site for the assembly of pili, long multi-protein fibrous structures that are critical 

for the colonization of a host during infection (51). The final cytoplasmic step of PG biosynthesis 

involves the exporting of lipid II across the cell membrane by the flippases MurJ, RodA, or FtsW—

the quantity and identity of lipid II flippases in bacteria remain contested after more than a decade 

of study (52-54). 

Once lipid II is extracellular, peptidoglycan is assembled in two stages by monotopic 

membrane proteins called penicillin-binding proteins (PBPs): first, the polymerization of lipid II 

disaccharides is catalyzed by a GT domain; second, the crosslinking of stem peptides on adjacent 

PG chains is catalyzed by a transpepidase (TP) domain (Fig. 1.3). PBPs are often bifunctional, 

combining N-terminal GT domains with C-terminal TP domains that function in a concerted effort 

to maturate PG (Fig. 1.3) (32). The GT domains are unique and contain an α-helical ‘head’ catalytic 

subdomain and a hydrophobic ‘jaw’ subdomain that localizes the enzyme to the cell membrane 
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and binds to lipid II (55,56). The original crystal structures of PBP2 from S. aureus and PBP1a 

from A. aeolicus were perplexing because both structures lacked the canonical nucleotide-binding 

Rossmann-like fold that most GTs adopt (55,57). Instead, the functional head subdomain has seven 

α-helical elements and a small β-strand that form both a catalytic pocket at the interface with the 

jaw subdomain and a channel that leads towards the TP subdomain where the acceptor PG chain 

binds (55). As with other inverting GTs, PG polymerization occurs via an SN2-like displacement 

reaction that is initiated when a conserved Glu in the head subdomain deprotonates the C4 

hydroxyl of the GlcNAc acceptor on the growing PG chain. The nucleophile then attacks the 

anomeric C1 of MurNAc from a lipid II donor and forms a β1,4 glycosidic bond while releasing 

Und-P for recycling (31). After polymerization, the TP domain of the PBP crosslinks the nascent 

PG to an adjacent chain through a two-step enzymatic process. First, it forms an acyl-enzyme 

intermediate through serine-mediated acetylation of the fourth residue of the stem peptide 

(generally D-Ala) or the terminal Gly in S. aureus. Then, the third residue from the stem peptide 

on an adjacent PG chain deacylates the intermediate via a nucleophilic attack by a side chain 

nucleophile or terminal amino group, thereby forming covalently crosslinked PG strands (31).  

Enzymes that build PG are common antibiotic targets. One of the first discovered 

antibiotics, penicillin, is the founding member of a large class of β-lactam drugs that mimic the 

donor peptide substrate and inhibit the TP activity of PBPs. Since the discovery of penicillin, 

several classes of PBP inhibitors have been developed that either impede transpeptidase activity 

or glycosyltransferase activity of the bifunctional enzyme (58,59). Additionally, nearly every 

enzyme involved in PG biosynthesis, polymerization, and crosslinking has a known inhibitor with 

marked antibacterial properties (32). However, bacteria have evolved mechanisms to acquire 

resistance to these and other antibiotics. Three primary mechanisms are used to impart this 
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resistance: the degradation of antibiotics, the alteration of the antibiotic target site, and the export 

of the antibiotics (60). The acquisition of these resistance mechanisms in clinical pathogens occurs 

at an alarmingly fast rate (4,6). However, some modern efforts aim to develop inhibitors against 

alternative enzyme targets that may slow or stop the evolution of new antibacterial resistance 

mechanisms. 

 

1.4 Teichoic acid diversity and their roles in S. aureus and B. subtilis 

S. aureus and B. subtilis elaborate their cell surfaces with LTAs and WTAs, which have 

distinct cellular functions despite their similar chemical structures. For example, LTAs are 

produced at the division septum and their genetic deletion leads to defects in cell separation (61). 

On the other hand, WTA production is localized to where nascent PG insertion occurs in elongating 

cells (62). WTA-devoid cells exhibit significant morphological changes (rod-shaped bacteria 

become spherical) and clump together, suggesting that these polymers are required for proper 

localization of cell elongation machinery and the spatiotemporal regulation of PG maturation (62-

64).  

The major classes of teichoic acids in S. aureus and B. subtilis have complex roles in 

maintaining cell viability. Separate studies showed that LTA display was essential for viability in 

S. aureus but dispensable in B. subtilis (61,65). In contrast, the elimination of WTA biosynthesis 

by the removal of early-stage enzymes only reduces the growth of S. aureus and B. subtilis but is 

not lethal (63,66). However, the deletion of enzymes after TagA in the pathway are lethal unless 

either the tagO or tagA genes are also eliminated (66,67). This conditional essentiality is assumed 

to be due to the buildup of late-stage intermediates in the pathway that deplete Und-P, a key 

molecular scaffold that is necessary for other biochemical pathways, such as PG biosynthesis (23). 
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Below I discuss what is known about the WTA biosynthetic pathway, which has promising targets 

for novel antivirulence therapeutic development and is the focus of this dissertation. 

 

1.4.1 Wall teichoic acid structure and biosynthesis 

The development of therapeutics that target virulence factors in bacteria have gained 

significant interest because they reduce the pathogenicity of infectious microbes without killing 

them and reduce the selective pressure to evolve resistance mechanisms (12-14). WTA production 

is a particularly promising pathway for the discovery of novel antivirulence drugs because the 

depletion of WTAs in cells renders S. aureus avirulent and re-sensitizes methicillin-resistant S. 

aureus (MRSA) to β-lactam antibiotics (22,63). Additionally, the conditional essentiality of WTA 

synthetic enzymes is well-characterized and uniform across model Gram-positive bacteria, unlike 

the LTA biosynthesis pathway. Thus, a deep understanding of the structure and mechanism of 

WTA biosynthetic steps may enable a new era of treatments for Gram-positive bacterial infections. 

The WTA synthesis pathway is most studied in the model bacteria S. aureus, B. subtilis 

168, and B. subtilis W23. Several enzymes work in sequential action on the cytoplasmic face of 

the membrane to produce anionic WTAs before their extracellular export and anchoring to PG 

(Fig. 1.1). Initially, the integral membrane glycosyltransferase TagO begins building the WTA 

linkage unit by transferring a GlcNAc-1-P from a UDP-GlcNAc sugar carrier to Und-P, thereby 

creating lipid-α (GlcNAc-PP-Und) (68). TagO shares significant sequence and functional 

similarity to MraY in PG biosynthesis and belongs to the same polyprenyl-phosphate N-acetyl 

hexosamine 1-phosphate transferase (PNPT) superfamily of enzymes, whose only structures to 

date have been determined for MraY from A. aeolicus (Fig. 1.4A) (47). Ten transmembrane helices 

compose MraY, which dimerizes in the cell membrane to complete a hydrophobic Und-P binding 
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surface that leads to a conserved active site pocket (47). At this point, the lipid-α intermediate can 

be utilized for numerous SCWP synthetic pathways, such as for O-antigens, teichoic acids, and 

teichuronic acids (68).  

The first committed step in WTA production is catalyzed by the N-

acetylmannosaminetransferase TagA (Fig. 1.4B) (63). This inverting glycosyltransferase uses a 

UDP-ManNAc sugar donor—generated by the conversion of UDP-GlcNAc to UDP-ManNAc by 

the MnaA epimerase—to affix ManNAc to lipid-α by a β1,4 glycosyl linkage to GlcNAc (63,69). 

TagA functions by a concerted effort between a soluble N-terminal Rossmann-like fold and a 

dynamic and amphipathic C-terminal appendage (Fig. 1.4B) (70,71). The resulting lipid 

disaccharide product is called Lipid-β (ManNAc-β1,4-GlcNAc-PP-Und) and resembles the repeat 

unit of some non-classical SCWPs (38,72). Then, the TagD cytidylyltransferase combines L-α-

Gro-3-P with CTP to produce CDP-Gro, which is in turn used as a substrate by TagB to append a 

Gro-P unit to the terminal ManNAc of Lipid-β (73,74). To validate the enzymes responsible for 

linkage unit construction, Gro-3-P-ManNAc-β1,4-GlcNAc-PP-Und biosynthesis was 

reconstituted in vitro using purified B. subtilis enzymes and authentic semisynthetic substrates 

(75,76). These studies laid the foundation for the mechanistic determination of linkage unit 

biosynthetic enzymes. The TagO, TagA, and TagB enzymes are well-conserved in WTA-

producing bacterial strains and their study may help advance the development of novel 

antivirulence compounds.  

Following linkage unit synthesis, the WTA synthetic pathways diverge based on the 

composition of the main chain polymer. The polymerization of the WTA main chain occurs by the 

action of one or more GTs from the TagF-like family of proteins (Fig. 1.4C). For poly-Gro-P 

WTAs, such as those in B. subtilis 168 and Staphylococcus epidermidis cells, a single enzyme 
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(TagF) utilizes the primed terminal Gro-P from the linkage unit and polymerizes further Gro-P 

subunits from a CDP-Gro sugar donor (77,78). Poly-Rbo-P-producing organisms primarily differ 

in the sugars that are used for the main chain polymer. Two methods of Rbo-P polymerization 

have been characterized so far where (1) the linkage unit is extended by an additional Gro-P before 

Rbo-P polymerization or (2) Rbo-P is polymerized directly from the conserved linkage unit. 

Scenario 1, which occurs in S. aureus, requires the addition of (most commonly) one Gro-P to the 

linkage unit by the essential enzyme TarF (79,80). Then, the enzyme TarL acts as both a primase 

and polymerase, adding over 40 Rbo-P units from CDP-Rbo donors that are synthesized 

beforehand by a cytidylyltransferase, TarI, and alcohol dehydrogenase, TarJ (81-83). Scenario 2 

occurs in B. subtilis W23 and eschews the extension of the linkage unit. Instead, the primase TarK 

adds a single Rbo-P unit to the linkage unit which is then used for polymerization by TarL (79,84). 

Interestingly, the B. subtilis W23 genome contains a TarF gene akin to S. aureus and B. subtilis 

168, however it is dispensable and not transcribed when the cells are cultured in laboratory 

conditions (79).  

The TagF, TarF, and TarL primases and polymerases all fall under a family of peripheral 

membrane proteins where only one protein has been structurally characterized: TagF from S. 

epidermidis (Fig. 1.4C) (85). The catalytic domain (residues 312-721) forms a canonical GT-B 

structural fold with two Rossmann-like domains that separately bind the nucleotide (C-terminal) 

and polyol (N-terminal) and a C-terminal kinked helix that bridges the domains (Fig. 1.4C) (85). 

This binding pattern is reminiscent of several GT-B superfamily members, especially in the 

glycogen phosphorylase/GT family of enzymes that includes TagF. Additionally, the apo- and 

substrate-bound TagF structures contain an N-terminal amphipathic two-helix domain that was 

shown to be responsible for peripheral membrane association by burying hydrophobic side chains 
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into one leaflet of the cell membrane (85,86). This structure is particularly unique among GT-B 

members due to its localization to the cell membrane by a membrane-binding motif that is 

separated from the Rossmann-like folds and its utilization of a lipid-bound substrate (Fig. 1.4C). 

TagF is structurally distinct from other known GT-B enzymes, but a search for structurally 

homologous proteins revealed that the MnaA UDP-GlcNAc 2-epimerase—also used in WTA 

biosynthesis—is the most structurally similar to TagF. The most appreciable functional difference 

between TagF and other GT-B enzymes is that TagF acts on an open-ring sugar and hydrolyzes a 

pyrophosphate bond instead of an anomeric C-O bond typically seen in GT reactions (85).  

Once the WTA polymer is built, the polyol chain is glycosylated before it is exported to 

the cell surface. WTA glycosylation has been shown to modulate the microbe’s ability to evade 

the host’s immune system, avoid the uptake of antibiotics, and promote gene transfer (87,88). In 

S. aureus, WTAs are glycosylated by GlcNAc sugars bound to the C4 hydroxyls of the Rbo repeat 

unit by either α- or β-linkages (87,89). α-GlcNAc glycosylation is catalyzed by TarM, a retaining 

GT-B enzyme that contains an N-terminal oligomerization domain which mediates 

homotrimerization (Fig. 1.4D) (88,90). One Rossmann-like fold in the GT-B domain forms an 

electropositive surface with the oligomerization domain of a neighboring protomer to facilitate 

WTA polymer acceptor binding (Fig. 1.4D). The opposite Rossmann-like fold of the GT-B domain 

binds UDP-GlcNAc such that a front-facing SNi-like retaining GT reaction mechanism can 

produce an α-GlcNAc glycosylated Rbo. β-GlcNAc glycosylation occurs separately by the action 

of an inverting GT-A enzyme, TarS, which contains a C-terminal homotrimerization domain that 

is distinct from the TarM trimerization domain (Fig. 1.4E) (91). Two dynamic substrate binding 

loops in the GT-A domain of TarS are essential for catalytic activity and suggest donor and 
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acceptor positioning to utilize the SN2-like direct displacement mechanism assigned to many 

inverting GTs.  

B. subtilis strains only contain a single type of sugar covalently attached to WTA polymers 

(92). In B. subtilis 168, the enzyme TagE (a predicted GT-B according to the Carbohydrate Active 

enZYmes database, CAZY) attaches an α-glucose to the free hydroxyl on the repeating Gro of the 

WTA main chain (93,94). B. subtilis W23 differs slightly, as TarQ (a predicted GT-A-like enzyme 

according to CAZY and UniProt) appends a β-glucose to the free hydroxyl on Rbo (87). However, 

there appears to be significant variability in WTA modifications in other microbes. For example, 

a recent sequence similarity search and teichoic acid glycosylation analysis suggested that L. 

monocytogenes WTAs are glycosylated extracellularly by a GT-C enzyme, YfhO, which has a 

homolog responsible for LTA glycosylation in B. subtilis (95).  

After its synthesis and modification, the WTA is transported through the membrane by an 

ATP-binding cassette (ABC) transporter called TarGH or TagGH. A recent cryo-EM structure 

showed that TarH contains six transmembrane helices and a well-conserved N-terminal helix (the 

IF helix) that is primarily responsible for interfacing with TarG, the nucleotide binding domain 

(Fig. 1.5A) (96). These enzymes form a heterotetramer (a dimer of homodimers) where two L-

shaped tunnels form with electropositive residues at the cytoplasmic side of the membrane leaflet 

and hydrophobic residues that span through the membrane channel (Fig. 1.5A). These channels 

complement the anionic diphosphates and hydrophobic lipid of Und-PP carrier, suggesting that the 

ABC transporter evolved to recognize Und-PP instead of specific WTA polymers produced by the 

cell. Indeed, WTA ABC transporters do not discriminate between poly-Rbo-P and poly-Gro-P 

main chains, as B. subtilis cell viability can be completely recovered when native TagGH is 

replaced by S. aureus TarGH (97). How the polymer threads through TarGH remains unknown, 
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but a comparison of the TarGH structure to related flippases bound and unbound to ATP implied 

that TarGH may function like a crankshaft conrod mechanism (96). The entrance to the tunnel in 

TarH is seemingly shifted between the inner and outer membrane leaflets by the translational 

movement of the IF helix, thereby pumping the WTA through the membrane. 

Once the mature WTA is extracellular, it undergoes covalent attachment to PG and the 

release of Und-P for recycling. Three enzymes from the LytR-CpsA-Psr (LCP) family of 

phosphotransferases are responsible for the attachment of WTA to the C6 hydroxyl of MurNAc in 

polymerized, but not crosslinked, PG—TagT, TagU, and TagV in B. subtilis 168 and LcpA, LcpB, 

and LcpC in S. aureus (98-100). Interestingly, the structures of LcpA, TagT, TagU, and TagV are 

similar to other known LCP enzymes, like Cps2A from S. penumoniae, that have a central five to 

six-stranded β-sheet sandwiched between several helical elements (Fig. 1.5B) (99,101). The 

central sheets pack such that a hydrophobic cavity is formed to facilitate Und-P lipid binding 

(represented by Cps2A binding to octaprenyl-pyrophosphate) (Fig. 1.5B) (101). Additional highly 

conserved WTA and PG binding sites in LCP enzymes with similar electrostatic surfaces suggest 

a redundancy in WTA-anchoring LCP enzymes, which supports findings where WTAs in S. aureus 

could be anchored to PG by any of its three phosphotransferases (99,102). The seemingly 

redundant function of LCPs remains incompletely understood, but modern crystal structures 

continue to unravel the complexities of LCP enzymes and may aid the development of LCP 

inhibitors to be used as future antibiotics.  

 

1.4.2 Extracellular teichoic acid modifications 

Teichoic acids produced by low G+C bacteria (as in the Firmicutes phylum) are modified 

with D-alanine on the C2 hydroxyl of the polymeric repeat unit which imparts a positive charge 
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and enables zwitterionic chemical properties of the WTA (18). The mechanism of D-alanyl 

transfer is poorly understood, but in S. aureus, pulse-chase experiments using 13C-labeled alanine 

indicate that the amino acid is first incorporated in LTAs before its subsequent transfer to WTAs 

(103).  

The initial modification of mature LTAs is mediated by four protein products, DltA, DltB, 

DltC, and DltD (104,105). Intracellularly, DltA utilizes ATP to covalently modify the DltC 

peptidyl carrier with D-alanine (106). Then, DltB, a membrane-integrated O-acyltransferase 

homolog, presumably ligates D-alanine from DltC to a lipid carrier and transfers it across the cell 

membrane (106). Und-P was proposed to serve as the lipid scaffold for export, however this has 

yet to be experimentally determined (103). Finally, DltD transfers D-alanine to its acyl acceptor, 

a free hydroxyl on the LTA main chain, either directly or through an acyl-intermediate (106). The 

enzyme(s) involved in the transfer of D-alanine from LTA to WTA remains unknown (106,107). 

The D-alanylation of PG-bound WTA polymers marks the final step in its biosynthesis.  

Modification of teichoic acid polymers with D-alanine imparts a positive charge and is 

widely believed to be a bacterial defense mechanism to evade host recognition systems and 

cationic antibiotics that localize to the anionic cell membrane of bacteria. This is consistent with 

findings that have shown that the concerted function of the DltA, DltB, DltC, and DltD enzymes 

confers resistance to the inhibitor growth effects of host antimicrobial peptides and cationic 

antibiotics (105,108,109). The diversity of tailoring modifications on WTA polymers is not limited 

to glycosylation and D-alanylation; other microbes, such as Streptococcus pneumoniae, decorate 

their teichoic acids with phosphocholine which anchors choline binding proteins that have 

important functions in tissue adherence and virulence (110-112).  
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1.5 Glycosyltransferase enzymes play a key role in cell wall construction 

The Gram-positive bacterial cell wall is a complex and multilayered structure that is 

primarily composed of polysaccharides that serve a key role in maintaining the structural integrity 

of the cell. In addition, the glycopolymers impart distinct physiochemical properties that mediate 

the proper construction of the cell surface, which has factors that mediate cell shape determination, 

cell division, and other fundamental aspects of the cell’s physiology. While the structures of cell 

wall glycopolymers can drastically vary between species, one class of enzymes is essential for the 

incorporation of sugars into cell wall glycopolymers: glycosyltransferases (GTs). GTs are defined 

as enzymes which transfer a donor sugar (commonly from a substituted nucleotide-phosphate 

leaving group) to an acceptor. The acceptor is often another sugar, but can also be a lipid, protein, 

or other small molecule (113). GT enzymes were originally classified into three distinct structural 

folds (GT-A, GT-B, and GT-C) derived from sequence similarities in more than 110 GT families 

(114). This superfamily categorization has since considerably expanded, with two new GT folds 

(GT-D and GT-E) structurally defined in the last decade (70,115).  

GTs produce new glycosidic bonds through a process that involves either the inversion or 

retention of the donor sugar’s anomeric carbon stereochemistry in the product molecule (Fig. 1.6) 

(113,116). Most GTs facilitate the acceptor molecule’s nucleophilic attack on the anomeric carbon 

of the donor sugar either through an SN2-like (inverting) or SNi-like (retaining) mechanism. For 

inverting GTs, a simultaneous removal of the leaving phosphate group of the donor occurs with 

the formation of the glycosidic bond via a short-lived oxocarbenium ion-like transition state (Fig. 

1.6A) (113). For retaining GTs, the nucleophile attacks the anomeric carbon of the donor sugar on 

the same face as the leaving phosphate group and the reaction proceeds through a covalent 

glycosyl-enzyme intermediate involving a catalytic acidic residue in the active site (Fig. 1.6B) 
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(113). A large proportion of GTs have been shown to adopt either GT-A or GT-B folds, and both 

superfamilies have members that function as either inverting or retaining enzymes (113). The 

remaining GTs that are functionally characterized as GT-C, GT-D, and GT-E enzymes are all 

inverting GTs (70,115,117). 

From a structural perspective, all nucleotide-utilizing GTs contain at least one Rossmann-

like fold consisting of alternating β/α/β secondary structure elements that form a central β-sheet. 

The GT superfamilies are distinguished by several features such as the quantity and topology of 

Rossmann-like folds, the conservation of catalytic motifs, or the inclusion of additional domains 

(113,116,117). GT-A enzymes have two closely abutting Rossmann-like folds that form a 

continuous β-sheet and have clear donor and acceptor binding sites in the two folds (113). 

Additionally, a vast majority of the GT-A superfamily contains a canonical DXD or DXE amino 

acid motif (where X can be any amino acid) whose carboxylate groups coordinate a divalent metal 

cation that is essential for catalysis because it stabilizes the leaving group’s negative charge 

(113,114). Some GT enzymes can function without metal cofactors and instead utilize cationic 

residues, helix dipole interactions, and imidazole groups from nearby histidine residues to stabilize 

the negative charges in inverting GT reactions (118-120).  

Similarly to GT-A enzymes, most GT-B enzymes also possess DXD/DXE motifs and two 

Rossmann-like folds, but the β/α/β domains are not continuous and instead form a catalytic cleft 

(113). The cleft contains highly conserved residues in both Rossmann-like folds that are 

responsible for binding the donor and acceptor substrates as well as additional cofactors. The 

canonical GT-A and GT-B folds are frequently found in enzymes that produce glycopolymers 

displayed on the cell surface. Some of these enzymes include: MurG, the GT involved in 

cytoplasmic lipid II production for PG biosynthesis; TagF and the TagF-family of WTA 
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polymerases; and glycosylation enzymes (TarM and TarS in S. aureus, TagE in B. subtilis 168, 

and TarQ in B. subtilis W23) in WTA biosynthesis. Additionally, several nonclassical SCWPs 

incorporate pyruvyl groups on their oligosaccharide repeat units or only on their terminal unit 

using a pyruvyltransferase called CsaB, whose structurally characterized homologs adopt a GT-B 

fold (38). These few examples demonstrate that the GT-A and GT-B families are heavily involved 

in the construction of the Gram-positive bacterial cell wall. 

The GT-C family enzymes are not as widespread amongst bacteria, as a majority of the 

characterized members of this group have been shown to perform protein and lipid glycosylation 

in eukaryotes (117). Enzymes with the GT-C structural fold are distinct because they have 8 to 13 

transmembrane helices appended to a single Rossmann-like fold. To date, they have only been 

shown to catalyze inverting GT reactions and utilize lipid-linked phosphate sugar donors (117). 

Few enzymes from this superfamily have been structurally characterized, which is unsurprising 

considering that this fold constitutes only ~15% of the GTs deduced from genomic data and they 

are inherently difficult to study because they contain a membrane-integrated domain.  

In 2014, the first member of the GT-D superfamily was discovered in domain of unknown 

function 1792 (DUF1792) that mediates the third step in the glycosylation of the bacterial adhesin 

Fap1 (115,121). DUF1792 crystallized with the typical extended β-sheet like other GTs, but it had 

very low sequence and structural homology to other structurally characterized GT enzymes (115). 

The domain crystallized with its UDP product and a Mn2+ cofactor, which revealed the presence 

of a canonical DXE motif within a Rossmann-like fold and provided a structural explanation for 

why its activity depends on a Mn2+ cofactor (115). The structure of the fifth and most recently 

characterized GT superfamily, GT-E, was first discovered in the TagA glycosyltransferase that 
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mediates WTA linkage unit synthesis (70). The work presented in chapters 2 and 3 of this 

dissertation detail the structural and biochemical characterization of TagA. 

 

1.6 The TagA glycosyltransferase 

WTA biosynthetic enzymes are attractive targets for the development of novel antibacterial 

agents. TagA is a particularly strong candidate because when it is genetically deleted, it eliminates 

WTA display without compromising cell viability (63,66). The removal of WTAs also impairs the 

cooperative action of PBPs, which impart β-lactam antibiotic resistance in MRSA, and sensitizes 

the bacteria to β-lactam antibiotics once again (22,87,122). WTAs are essential for virulence of 

bacteria in animal models, so it stands to reason that suppressing WTA biosynthesis would create 

noninfectious strains that are also susceptible to antibiotic treatment (123-125). In addition, TagA 

does not share significant sequence or structural homology with any known eukaryotic protein, 

suggesting that few off-target effects will occur when it is targeted.  

TagA is an inverting GT that catalyzes the transfer of ManNAc to the C4 hydroxyl of 

GlcNAc on lipid-α by a β-1,4 glycosidic bond (84,126). The enzyme preferentially utilizes 

synthetic acceptor ligands with long poly-prenyl chains which suggests that it associates with the 

cell membrane in order to form favorable hydrophobic interactions with the lipid tail of lipid-α 

(126). TagA appears to function without the use of a divalent cation cofactor and it lacks a 

canonical DXD/DXE motif (126). Presumably, basic residues (Arg or Lys) likely form stabilizing 

salt bridges with the UDP-ManNAc diphosphate group to reduce the activation energy of an 

oxocarbenium ion-like transition state. Chapters 2 and 3 of this work revealed the identity of these 

residues as well as the role of a C-terminal appendage in catalysis.  
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TagA is a founding member of the GT26 family as defined by the CAZY database based 

on its primary sequence (70). Chapters 2-4 of this dissertation reveal that this enzyme adopts a 

structurally distinct GT-E fold in which the helical C-terminal appendage containing key catalytic 

residues is responsible for the association of the protein with the bacterial cell membrane and its 

substrates (71). The work described in this dissertation establishes a structural and mechanistic 

framework of how TagA operates in solution and on the cell membrane. This detailed molecular 

understanding of the enzyme-substrate interactions is the first step in guiding the rational 

optimization of next-generation antivirulence drugs. 
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1.7 Figures 

 

Figure 1.1 The wall teichoic acid biosynthetic pathway. (A) Annotated chemical structure of 

the Staphylococcus aureus wall teichoic acid anchored to the C6 hydroxyl of MurNAc in 

peptidoglycan. The enzymes used to create the covalent linkages in the polymer are shown. (B) 
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The biosynthetic enzymes that produce wall teichoic acids localize to the cell membrane. Briefly, 

the intracellular TagO, TagA, and TagB enzymes synthesize the wall teichoic acid linkage unit, 

which is composed of GlcNAc (blue), ManNAc (purple), and Gro-P (orange). Then TagF primes 

the linkage unit for polymerization with an additional Gro-P before TarL polymerizes the 

glycopolymer with Rbo-P (green). TarM or TarS glycosylate the main chain polymer before the 

ABC transporter, TarGH, exports the mature wall teichoic acid to the cell wall. Extracellularly, 

LCP enzymes anchor the polymer to the cell wall and release Und-P for recycling. Finally, four 

enzymes in the dlt operon are implicated in the alanylation of anchored wall teichoic acids, but 

their mechanisms remain unknown. See main text for component abbreviations. 
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Figure 1.2 Chemical structures of five LTA classes. The chemical structures of Types I-V LTA 

glycopolymers. Type I was characterized from Bacillus subtilis, Type II from Lactococcus 

garvieae, Type III from Clostridium innocuum, Type IV from Streptococcus pneumoniae, and 

Type V from Clostridium difficile. Repeat units for the polymers are indicated by brackets. R 

indicates the fatty acid of the glycolipid, R0 indicates diacylglycerol (DAG), and R1-4 indicates 

modifications in the LTA polymer. Figure adapted from (30). 
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Figure 1.3 The peptidoglycan biosynthesis pathway. The enzymes necessary for the synthesis, 

polymerization, and crosslinking of peptidoglycan are shown. MurA and MurB catalytically 

convert UDP-GlcNAc to UDP-MurNAc. Then, the enzymes MurC, MurD, MurE, and MurF 

append the pentapeptide stem to the MurNAc. The amino acid composition of the pentapeptide 

can vary among monoderm bacteria. Next, MraY anchors the MurNAc-pentapeptide to an 

undecaprenyl scaffold, thereby creating lipid I. The MurG glycosyltransferase adds a GlcNAc 

sugar to MurNAc and finishes the production of the peptidoglycan repeat unit. Unknown flippases 
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then transport lipid II across the membrane where bifunctional penicillin binding proteins (PBPs) 

polymerize (via glycosyltransferase (GT) activity) and crosslink (via transpeptidase (TP) activity) 

nascent peptidoglycan. This figure is adapted from (32) and (52). 
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Figure 1.4 Structures of cytoplasmic wall teichoic acid biosynthetic enzymes. (A) (i) The 

physiological dimeric structure of the peptidoglycan biosynthesis enzyme MraY from Aquifex 
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aeolicus (PDB: 4J72) and its placement in the cell membrane. One protomer of the structure is 

colored according to its amino acid conservation, with well-conserved residues colored maroon, 

moderately-conserved residues colored white, and poorly-conserved residues colored teal. MraY 

is a functionally similar homolog to TagO in wall teichoic acid biosynthesis. (ii) A well-conserved 

and hydrophobic surface of MraY suggests a likely undecaprenyl-phosphate binding pocket on the 

cytoplasmic side of the membrane (yellow outline). (B) (i) The structure of the TagA 

glycosyltransferase from Thermoanaerobacter italicus bound to its native sugar donor substrate, 

UDP-ManNAc (yellow sticks) (PDB: 7N41). The structure lacked density for the flexible and 

catalytic C-terminal tail (CTT, wheat), but computational models predict that it is positioned near 

the catalytic pocket. The structure of the core domain is colored by amino acid conservation as in 

(A). (ii) Several residues in the catalytic pocket of TagA facilitate binding to the uridine (purple 

and green) or sugar (red) groups of UDP-ManNAc and contribute to substrate stereospecificity. 

(iii) Molecular dynamics simulations of TagA indicate that the dynamic CTT of TagA is highly 

flexible in its apo-state (red and blue) and locks into a single conformation when bound to UDP-

ManNAc (green and cyan). (C) (i) The structure of the Gro-P polymerase, TagF, from 

Staphylococcus epidermidis and its dimeric position on the cell membrane (PDB: 3L7K). The 

enzyme adopts a canonical GT-B domain containing two Rossmann-like folds (salmon and light 

blue) that form a catalytic cleft between them. An additional two-helix appendage (yellow) 

mediates peripheral membrane association. (ii) A structure of TagF complexed with the CDP-Gro 

(green sticks) identified substrate-contacting residues in both Rossmann-like folds in the GT-B 

domain and provide a functional basis for the essential H444. (D) The homotrimeric structure of 

the wall teichoic acid glycosylation enzyme, TarM, from Staphylococcus aureus, which is 

composed of a GT-B domain (salmon and light blue) and a trimerization domain (purple) (PDB: 
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4X6L). TarM is responsible for α-GlcNAc modification of the C2 hydroxyl of Rbo-P inside of a 

cationic pocket in the cleft of the GT-B domain. The electrostatic potential surface is shown for 

one protomer with negative protein surfaces in red and positive protein surfaces in blue. The poly-

Rbo-P wall teichoic acid was modeled to enter the catalytic cleft as seen by the orange arc. (E) (i) 

The homotrimeric structure of TarS from S. aureus, which modifies the C2 hydroxyl of Rbo-P 

with β-GlcNAc (PDB: 5TZ8). The electrostatic potential surface is shown for one protomer and 

colored as in (D). TarS contains a GT-A domain (blue) and a trimerization domain (purple) 

connected by a short linker region (yellow). (ii) The catalytic GT-A domain contains an 

electropositive surface that may facilitate wall teichoic acid polymer binding (represented by the 

orange arc). 
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Figure 1.5 Structures of late-stage wall teichoic acid biosynthetic enzymes. (A) (i) The 

structure of heterotetrameric TarG (blue and yellow) and TarH (gray and purple) from 

Aicyclobacillus herbarius as determined by cryo-electron microscopy (PDB: 6JBH). TarG consists 

of six transmembrane helices and tightly associates with TarH via two interface helices (IF1 and 

IF2) and a short coupling helix (CH). TarH possesses a classical nucleotide binding domain that 

binds to ATP and triggers the conformational change that translocates the lipid-bound substrate 

across the cell membrane. (ii) The TarGH structure revealed two back-to-back L-shaped tunnels 
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(represented by the gray bars) that are accessible by three putative gate loops on the cytoplasmic 

side of the membrane. Cationic residues surround the turn of each tunnel and hydrophobic residues 

encircle the membrane-embedded side of the tunnel. The complex presumably functions via a 

crankshaft conrod mechanism that is activated by wall teichoic acid substrate binding and powered 

by ATP hydrolysis. (B) (i) The structure of the capsule synthesis protein Cps2A from S. 

pneumoniae lacking its transmembrane-spanning domain (Cps2A-ΔTM) and complexed with cis-

octaprenyl-diphosphate (green sticks) (PDB: 3TEP). Two domains compose Cps2A-ΔTM: an N-

terminal accessory domain (teal, residues 111-213) and an LCP (LytR-CpsA-Psr) domain (salmon, 

residues 214-481). The accessory domain shares little homology to other LCP family proteins. The 

LCP domain shares ~30% sequence identity to all three B. subtilis LCP enzymes and contains a 

central five-stranded β-sheet sandwiched between helical elements. The LCP domain is 

responsible for covalently anchoring teichoic acids to peptidoglycan. (ii) The architecture of the 

LCP domain creates a hydrophobic pocket for lipid substrate binding. Several residues that contain 

conserved hydrophobicity line a pocket in the LCP domain that leads to a cationic surface. When 

co-crystallized with a cis-octaprenyl-diphosphate substrate analog (green sticks), the lipid oriented 

such that the cationic residues associate with the diphosphate head and presumably aid in the 

phosphotransferase activity of the enzyme. 

 



 

32 

 

 

Figure 1.6 Glycosyltransferase enzymatic mechanisms. (A) Inverting glycosyltransferases 

undergo a direct displacement SN2-like reaction through an oxocarbenium ion-like transition state 

that inverts the original stereochemistry of the anomeric carbon of the sugar donor. Divalent metal 

cofactors or cationic side chains from the protein stabilize the anionic charges of the phosphate 

leaving group. (B) Retaining glycosyltransferases are proposed to undergo a double displacement 

mechanism that involves a covalent glycosyl-enzyme intermediate with the enzyme’s catalytic 

glutamate (E) or aspartate (D) residue. These mechanisms also require electrostatic stabilization 

of the anionic intermediate from a metal cofactor or basic residues. R represents chemical 

modifications at the C2 of the donor sugar, such as N-acetyl groups in GlcNAc and ManNAc. R’ 
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indicates the acceptor saccharide. R” indicates the nucleotide moiety of the sugar donor. This 

figure is adapted from (113). 
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2.1 Overview 

Methicillin-resistant Staphylococcus aureus (MRSA) is a clinically important Gram-

positive pathogen that accounts for more than 300,000 infections and 10,000 deaths in the United 

States annually. In S. aureus and other Gram-positive bacteria, wall teichoic acid (WTA) 

glycopolymers constitute a major component of the cell wall and have important functions in cell 

division, morphology, adhesion, and pathogenesis. WTA biosynthesis has drawn considerable 

interest in novel antibiotic development because genetic elimination of TagA, which catalyzes the 

first committed step in WTA biosynthesis, re-sensitizes MRSA to β-lactam antibiotics. Prior to 

this work, little was known about the structure and mechanism of TagA. This chapter discusses 

the first crystal structure of the TagA core domain (TagAΔC) and a mechanistic analysis of key 

catalytic residues in TagAΔC. Biochemical and cellular data suggest that TagA activates via 

interactions with the cell membrane, which trigger a conformational change that structures a 

dynamic C-terminal appendage and facilitates the formation of a competent active site. My 

contributions to this manuscript included the identification and alteration of key active site 

residues, the design of C-terminal tail mutants to stabilize full-length TagA and dissociate the 

enzyme from the Bacillus subtilis cell membrane, the determination of protein oligomerization in 

solution by sedimentation equilibrium and size exclusion chromatography experiments, data 

interpretation, figure generation, and preparation of the resulting manuscript. 

This chapter is reformatted with permission from a peer-reviewed research article in the 

journal PLOS Pathogens: “Structure and mechanism of TagA, a novel membrane-associated 

glycosyltransferase that produces wall teichoic acids in pathogenic bacteria.” Kattke, M.D.*, 

Gosschalk, J.E.*, Martinez, O.E., Kumar, G., Gale, R.T., Cascio, D., Sawaya, M.R., Phillips, M.L., 

Brown, E.D., Clubb, R.T., PLoS Pathogens. 15(4), e1007723 (2019).
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2.2 Structure and mechanism of TagA, a novel membrane-associated 

glycosyltransferase that produces wall teichoic acids in pathogenic bacteria 

 

2.2.1 Abstract 

Staphylococcus aureus and other bacterial pathogens affix wall teichoic acids (WTAs) to 

their surface. These highly abundant anionic glycopolymers have critical functions in bacterial 

physiology and their susceptibility to β-lactam antibiotics. The membrane-associated TagA 

glycosyltransferase (GT) catalyzes the first-committed step in WTA biosynthesis and is a founding 

member of the WecB/TagA/CpsF GT family, more than 6,000 enzymes that synthesize a range of 

extracellular polysaccharides through a poorly understood mechanism. Crystal structures of TagA 

from T. italicus in its apo- and UDP-bound states reveal a novel GT fold, and coupled with 

biochemical and cellular data define the mechanism of catalysis. We propose that enzyme activity 

is regulated by interactions with the bilayer, which trigger a structural change that facilitates proper 

active site formation and recognition of the enzyme’s lipid-linked substrate. These findings inform 

upon the molecular basis of WecB/TagA/CpsF activity and could guide the development of new 

anti-microbial drugs.

 

2.2.2 Author Summary 

Gram-positive bacteria cause thousands of deaths in the United States each year and are a 

growing health concern because many bacterial strains have become resistant to commonly used 

antibiotics. One of the most abundant polymers displayed on the surface of Gram-positive bacteria 

is wall teichoic acid (WTA), a negatively charged carbohydrate polymer that has critical functions 

in cell division, morphology, adhesion and pathogenesis. The WTA biosynthetic pathway has 
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drawn significant interest as a drug target because clinically important methicillin-resistant S. 

aureus (MRSA) strains that lack WTA are defective in host colonization and re-sensitized to β-

lactam antibiotics. To understand how bacteria produce WTA, we determined the structure and 

deduced the enzymatic mechanism of TagA, an important enzyme that is required for WTA 

synthesis. This research reveals a new method for enzyme regulation, whereby peripheral 

membrane association enables TagA to adopt its active form as a monomer. As TagA enzymes are 

highly conserved in bacteria, they can be expected to operate through a similar mechanism. The 

results of this work provide insight into WTA biosynthesis and could lead to innovative approaches 

to treat infections caused by pathogenic bacteria. 

 

2.3 Introduction 

The thick peptidoglycan (PG) sacculus that surrounds Gram-positive bacteria maintains 

cellular integrity and is affixed with proteins and glycopolymers that have important roles in 

microbial physiology and host-pathogen interactions. In Staphylococcus aureus and other Gram-

positive bacteria, wall teichoic acids (WTAs) are a major component of the cell wall, constituting 

up to 60% of its dry mass [1]. WTAs have essential functions, including regulating PG 

biosynthesis, morphogenesis, autolysin activity, immune evasion, resistance to host cationic 

antimicrobial peptides, and pathogenesis [2–9]. The WTA biosynthetic pathway has drawn 

considerable interest as an antibiotic target, as genetically eliminating WTA production in 

clinically important Methicillin-resistant Staphylococcus aureus (MRSA) re-sensitizes it to β-

lactam antibiotics and attenuates its virulence [2, 3]. 

WTA polymers are constructed from polymerized alditol-phosphate subunits that are 

attached to the cell wall via a disaccharide-containing linkage unit. While the chemical structure 
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of the main chain of the polymer can vary, the structure of the linkage unit is highly conserved 

across different species of Gram-positive bacteria and is composed of an N-acetylmannosamine 

(ManNAc) (β1→4) N-acetylglucosamine (GlcNAc) disaccharide appended to one to three 

glycerol-3-phosphate (GroP) groups [10] (Fig. 2.1A). The linkage unit performs a key function in 

WTA display, connecting the WTA polymer to the C6 hydroxyl of PG’s N-acetylmuramic acid 

(MurNAc) [11]. WTA is synthesized on the cytoplasmic face of the cell membrane by modifying 

a membrane-embedded undecaprenyl-phosphate (C55-P) carrier. In Bacillus subtilis and S. aureus, 

the conserved GlcNAc-ManNAc-GroP linkage unit is first synthesized by the sequential action of 

the TagO, TagA, and TagB enzymes (originally designated TarOAB in S. aureus). TagO initiates 

WTA synthesis by transferring GlcNAc from the UDP-activated sugar to the C55-P carrier to 

produce lipid-α[12]. The TagA glycosyltransferase (GT) then appends ManNAc from a UDP-

ManNAc donor, producing a C55-PP-GlcNAc-ManNAc disaccharide-lipid product (lipid-β) [13, 

14]. 

Linkage unit synthesis is then completed by TagB, which appends a single GroP to lipid-β 

using a CDP-glycerol substrate that is produced by the TagD enzyme [13]. In S. aureus, the linkage 

unit is then primed by TarF, which attaches at least one additional GroP. The TarIJL enzymes then 

construct the main chain of the polymer by adding 40–60 ribitol-5-phosphate (RboP) units [15–

17]. After being modified with GlcNAc by TarM and TarS, the TarGH ABC-like transporter 

exports the polymer to the cell surface, where it is further modified with D-alanine to tune its 

electrostatic properties [18]. The assembled polymer is then covalently attached to the cell wall by 

an LCP ligase, which catalyzes a phosphotransfer reaction that joins WTA via its linkage unit to 

PG’s MurNAc [19–21]. B. subtilis also uses functionally analogous enzymes to produce strain-

specific GroP (spp. 168) or RboP (spp. W23) WTA polymers. Recent structural studies have begun 
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to reveal the mechanism through which bacteria produce WTA, including how the polymerization 

is primed (TarF), and how WTA is modified with GlcNAc (TarM and TarS) and attached to the 

cell wall (LCP ligases) [22–24]. However, it remains unknown exactly how bacteria produce the 

highly-conserved linkage unit that connects WTA to the cell wall. 

The TagA N-acetylmannosamine transferase catalyzes the first committed step in WTA 

biosynthesis. It is an attractive target for new therapeutics aimed at treating MRSA infections, as 

tagA- strains are attenuated in virulence and re-sensitized to methicillin, imipenem, and 

ceftazidime. [25–28]. TagA is also a founding member of the WecB/TagA/CpsF family of GTs 

(PFAM03808; CAZy GT26), which has over 6,000 members [29, 30]. In addition to WTA, these 

enzymes synthesize a range of important surface-associated and secreted glycopolymers that 

function as virulence factors, including capsular polysaccharides of Group B Streptococcus (GBS) 

and the enterobacterial common antigen present in the outer-membrane of Escherichia coli and 

other Gram-negative bacteria [31–33]. Industrially, this family is important as it includes the 

GumM GT, an essential enzyme in xanthan gum synthesis in Xanthomonas campestris [34]. 

WecB/TagA/CpsF GTs are distinguished by their ability to elaborate membrane-embedded 

polyprenol substrates, but the molecular basis of their function remains unknown. Here, we report 

the crystal structure and biochemical studies of TagA from Thermoanaerobacter italicus, a close 

homolog of S. aureus TagA. Our results reveal that WecB/TagA/CpsF enzymes adopt a unique 

GT-E fold and shed considerable light onto their mechanism of catalysis. We propose that 

membrane association activates TagA by triggering a unique dimer to monomer quaternary 

structural change that facilitates lipid-α recognition and the formation of a catalytically competent 

active site. The results of these structural and mechanistic studies represent a major advancement 
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in our understanding of WTA biosynthesis that could facilitate the discovery of new antibiotics 

that work by disrupting the synthesis of this important bacterial surface polymer. 

 

2.4 Results and Discussion 

 

2.4.1 WecB/TagA/CpsF Enzymes are Structurally Novel Glycosyltransferases 

To gain insight into the mechanism of catalysis, we determined the 2.0 Å crystal structure 

of the TagA enzyme from Thermoanaerobacter italicus (TagAΔC, residues Met1-Gly195) (Fig. 

2.1B). TagAΔC contains the highly conserved amino acid region that defines the WecB/TagA/CpsF 

family (Fig. S2.1), but lacks 49 C-terminal residues that target the protein to the membrane (see 

below). TagAΔC is much better suited for structural analyses, since unlike the full-length protein, 

it does not require high concentrations of salt and glycerol to be solubilized. Selenomethionine 

(SeMet)-labeled TagAΔC in its apo-form crystallized in the P21 space group as a dimer, with eight 

molecules per asymmetric unit. The structure was determined using the multiple anomalous 

dispersion (MAD) method and is well-defined by continuous electron density. The subunits in the 

dimer are related by two-fold non-crystallographic symmetry and possess similar atomic 

structures; their heavy atom coordinates can be superimposed with an RMSD of 0.11 Å. All four 

dimers in the asymmetric unit also superimpose with similarly low RMSD (average of 0.41 Å). 

Complete data collection and structural statistics are provided in Table 2.1. 

TagA adopts a unique α/β tertiary structure that differs markedly from previously described 

GTs [35, 36]. Each protomer consists of eight β–strands and nine α-helices that form two distinct 

regions (Fig. 2.1C). The N-terminal region of TagA is formed by helices H2 to H4 that pack against 

a β-hairpin constructed from strands β1 and β2, while its larger C-terminal region is comprised of 
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a six-stranded parallel β-sheet (β–strands β4, β3, β8, β7, β5, and β6) that is surrounded by seven 

helices (helices H1, H3, and H5 to H9). The arrangement of the six parallel strands forming the β–

sheet resembles a Rossmann fold commonly found in nucleotide-binding proteins. The regions are 

interconnected, with the N-terminal β-hairpin forming a single backbone-backbone hydrogen bond 

to strand β4 within the C-terminal region (between the amide of Asp13 (β2) and the carbonyl of 

Asn63 (β3)). In the dimer, the C-terminal helix H8 in one subunit packs against helices H2 and H4 

located in the N-terminal region of the adjacent protomer, burying 1,212 Å2 of solvent accessible 

surface area to produce a narrow pore (detailed in Fig. S2.6). Analytical ultracentrifugation (AUC) 

experiments indicate that TagAΔC dimerizes in solution with relatively weak affinity, with a 

monomer-dimer dissociation constant (Kd) of only 7.4 ± 0.7 μM (Fig. S2.3A). The modest dimer 

affinity may in part be due to the fact that the dimer interface is discontinuous (Fig. 2.1D). 

To determine the biological relevance of the oligomeric interface observed in the crystal 

structure we analyzed the SeMet-labeled TagAΔC structure with the Evolutionary Protein-Protein 

Classifier (EPPIC) program [37]. EPPIC indicates with 99% certainty that the dimeric interface is 

biologically relevant. Just as SeMet-TagAΔC crystallizes as a dimer, native TagAΔC is dimeric in 

solution (Fig. S2.4C-D). Based on the crystal structure of the SeMet-labeled TagAΔC protein the 

side chains of Val43 and Ala72 reside at the dimer interface, burying 99% and 84% of their surface 

area (Fig. S2.6). Consistent with the native and SeMet-labeled proteins adopting similar quaternary 

structures, introduction of V43E and A72R mutations into TagAΔC disrupts dimerization (Fig. 

S2.4C-D). Combined, these results substantiate the conclusion that the dimeric interface visualized 

by crystallography is biologically relevant and that it is present in solution in the native form of 

the protein. As WecB/TagA/CpsF enzymes exhibit related primary sequences, it is expected that 

they will adopt tertiary structures that are similar to that observed for TagA. 



 

60 

 

Glycosylation reactions catalyzed by GT enzymes play a central role in biology, creating 

an enormous array of biologically important oligosaccharides and glycoconjugates. Interestingly, 

the array of enzymatic machinery used to perform glycosylation is surprisingly simple, and only 

four distinct GT protein folds have been identified that are capable of glycosyltransferase activity 

(termed GT-A, GT-B, GT-C, and GT-D enzymes) [32, 36, 38]. TagAΔC differs markedly from all 

of these enzymes based on its tertiary structure and how its secondary structural elements are 

arranged. Notably, TagA lacks the canonical Asp-X-Asp motif found in GT-A enzymes that 

participate in nucleotide binding and it differs substantially from GT-B and GT-C class enzymes 

that adopt multi-domain structures [32, 36]. Interestingly, TagA does exhibit limited structural 

homology with DUF1792 (PDB ID: 4PFX), the founding member of the GT-D family that 

transfers glucose from UDP-glucose onto protein O-linked hexasaccharides [38]. The backbone 

coordinates of a subset of residues within the TagAΔC and DUF1792 structures can be 

superimposed with an RMSD of 3.7 Å (Fig. S2.2A). However, consistent with these enzymes 

sharing only 15% sequence identity, the arrangement, number, and topology of their secondary 

structural elements are distinct (Fig. S2.2B). Furthermore, the enzymes have different catalytic 

mechanisms, as TagA exhibits ion-independent glycosyltransferase activity and it lacks the 

conserved Asp-X-Glu motif present in DUF1792 that coordinates an Mn2+ ion cofactor [14]. Thus, 

TagA and related members of the WecB/TagA/CpsF family adopt a novel glycosyltransferase fold, 

which we term GT-E. 

 

2.4.2 Active site architecture 

To define the enzyme active site, we determined the structure of the SeMet-labeled 

TagAΔC:UDP complex at 3.1 Å resolution (Fig. 2.2A). The crystal structure visualizes the enzyme-



 

61 

 

product complex, as steady-state kinetics studies of B. subtilis TagA have shown that the enzyme 

operates via an ordered Bi-Bi mechanism in which UDP-ManNAc binds first and UDP is released 

last [14]. The complex crystallizes as a dimer of trimers in the P21 space group, with six molecules 

in each asymmetric unit (Fig. S2.5). The coordinates of the apo- and UDP-bound forms of TagAΔC 

are nearly identical (RMSD of 0.18 Å), suggesting that the enzyme binds UDP through a lock-

and-key mechanism. In each protomer, UDP contacts the β7-H8 motif within the Rossmann-like 

fold, as well as the C-terminal edge of strand β5 (Fig. 2.2A). The uracil base is engaged in pi 

stacking with Tyr137 (β6-H7 loop), while Asp191 (H9) contacts the ribose sugar. The trimeric 

oligomer observed in the structure of the complex is presumably an artifact of crystallization, as 

AUC experiments using the native TagAΔC performed in the presence of saturating amounts of 

UDP indicate that similar to apo-TagAΔC, the UDP-bound protein fits best to a monomer-dimer 

equilibrium model rather than monomer-trimer or dimer-trimer equilibrium models (Kd = 3.5 ± 

0.4 μM in the presence of 10:1 UDP:TagA) (Fig. S2.3A). Moreover, an EPPIC analysis of the 

trimer structure indicates that its interfaces are unlikely to be biologically relevant (14% 

confidence level). In the complex, each UDP molecule is primarily contacted by a single subunit. 

However, the C2 hydroxyl group in each UDP molecule forms a hydrogen bond with the backbone 

carbonyl of Val192 (H9) located in the adjacent subunit, which may explain why the complex 

crystallized as a trimer. 

Intriguingly, positioned immediately adjacent to the UDP binding site on each protomer is 

a large pocket that harbors several phylogenetically conserved amino acids that are important for 

catalysis (Fig. 2.2B). The pocket resides near the C-terminal end of the parallel β3 and β8 strands 

and has walls that are formed by residues located in helices H5 and H8, as well as residues within 

the polypeptide segments that connect strand β7 to helix H8, and strand β3 to helix H2. Several 
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highly-conserved residues are located within the pocket and its periphery, including Thr37, Asn39, 

Asp65, Arg83, Gln167, and Glu168 (Fig. 2.2A and Fig. S2.1). Interestingly, in the crystal structure 

of the TagAΔC:UDP complex, the β-phosphate group of UDP extends inward toward the pocket. 

As UDP is a competitive inhibitor of the UDP-ManNAc substrate, it is likely that these ligands 

bind to the same site on the enzyme, such that the ManNAc moiety within UDP-ManNAc is 

projected into the pocket where it can interact with the conserved side chains of residues Thr37, 

Gln167 or Glu168 [14]. In an effort to better understand how TagA processes its substrates, we 

modeled how lipid-α and UDP-ManNAc might bind to TagA. Binding of UDP-ManNAc was 

modeled using the coordinates of the TagAΔC:UDP crystal structure to position the uracil and 

ribose components, enabling manual placement of the ManNAc moiety. Lipid-α was then docked 

in silico using Autodock vina (see Materials and Methods). These docking experiments suggest 

that the UDP-ManNAc and lipid-α substrates bind to opposite sides of the conserved pocket [39]. 

In models of the enzyme-substrate ternary complex, the GlcNAc and diphosphate portion of lipid-

α are positioned near residues that connect strands β4 to helix H4, while the undecaprenyl chain 

of lipid-α exits near the C-terminus of the TagAΔC protomer (Fig. 2.2C). In this binding mode, the 

sugar acceptor’s C-4 hydroxyl group is positioned near the side chain of Asp65, while the highly-

conserved side chains of Arg83 and Asn39 are adjacent to lipid-α’s diphosphate and GlcNAc, 

respectively. 

To investigate the importance of conserved pocket residues, we reconstituted its GT 

activity in vitro using UDP-ManNAc and a lipid-α analog that replaces its undecaprenyl chain with 

tridecane, as previously reported [14, 40]. The full-length TagA enzymes from T. italicus and S. 

aureus exhibit similar transferase activities in vitro, producing the UDP product at a rate of 1.5 

μM min-1 and 1.0 μM min-1 at 200 nM enzyme concentration, respectively (Fig. 2.2D). This is 
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expected, as all TagA homologs presumably catalyze the synthesis of the ManNAc(β1→4)GlcNac 

glycosidic bond within the conserved linkage unit. Thr37Ala and Asp65Ala mutations in TagA 

cause the largest decreases in activity (0.41 μM min-1 and 0.052 μM min-1, respectively), 

compatible with these residues residing within the enzyme’s active site. As discussed later, the 

carboxyl side chain of Asp65 is poised to function as general base that deprotonates the 

nucleophilic C4 hydroxyl group in GlcNAc, while the side chain of Thr37 may stabilize the 

orientation of ManNAc by interacting with its C5 hydroxyl group. 

 

2.4.3 A conserved C-terminal appendage is required for catalysis 

Surprisingly, the mutational analysis reveals that only the full length TagA protein is 

enzymatically active in vitro, while the truncated TagAΔC protein used for crystallography and 

modeling is catalytically inactive (Fig. 2.2D). This is compatible with the high level of primary 

sequence conservation of C-terminal residues within WecB/TagA/CpsF enzymes and suggests that 

the deleted appendage may be necessary to construct a catalytically competent active site (Fig. 

S2.1). To gain insight into the function of the appendage, we utilized the structure of the TagA 

protein modeled using Generative Regularized Models of Proteins (GREMLIN), a recently 

developed protein modeling server that predicts tertiary structure by exploiting sequence 

conservation and amino acid co-evolutionary patterns [41, 42]. Only GREMLIN-predicted 

structures in which TagA was assumed to be monomeric yielded favorable results, and is 

substantiated by important correlations between residues within the body of TagAΔC and the 

appendage (in T. italicus: Arg83 and Arg205, Ala72 and Val235, Gln47 and Lys234, Val197 and 

Glu218/Lys217, and Lys198 and Lys217 couplings). In general, the tertiary structures of the 

GREMLIN-predicted model of monomeric TagA (TagAGM) and the experimentally determined 
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crystal structures of TagAΔC are similar. However, only in TagAGM is the C-terminal appendage 

present, which forms three α–helices (H10 to H12) that pack against the active site harboring the 

catalytically important Asp65 and Thr37 residues. The C-terminal appendage is presumably 

unstructured in dimeric forms of the enzyme, as, importantly, the contact surface used to engage 

the appendage is occluded by inter-subunit interactions in the crystal structures of TagAΔC. 

The model of the TagAGM monomer provides insight into why the C-terminal appendage 

is critical for catalysis, as it predicts several highly-conserved arginine residues project their side 

chains into the enzyme’s active site (Arg214, Arg221 and Arg224) (Fig. 2.3A). Of particular 

interest is the side chain of Arg221 within helix H11 of the appendage, as modeling of TagAGM 

bound to its substrates suggests that the Arg221 guanidino group may stabilize the β-phosphate of 

the UDP leaving group (Fig. 2.4A). Indeed, Arg221Glu mutation in TagA significantly abates 

TagA GT activity, strongly suggesting that only the monomeric form of TagA is enzymatically 

active (Fig. 2.2D). While not tested in this study, the side chains of Arg214 and Arg224 may also 

be important for catalysis, as some cation-independent GTs use more than one positively charged 

residue to stabilize phosphotransfer reaction intermediates [43]. 

 

2.4.4 Membrane-induced structural changes likely facilitate the recognition of 

bilayer-embedded polyprenol substrates 

To build the linkage unit, TagA should associate with the cytoplasmic membrane where it 

attaches ManNAc to its lipid-α substrate. Intriguingly, only the monomeric form of TagA contains 

a non-polar surface patch that is suitable for interacting with the lipid bilayer. In monomeric 

TagAGM, helices H11 and H12 within the C-terminal appendage project several non-polar side 

chains into the solvent for potential membrane interactions (e.g. Leu212, Ile216, and Ile233, in T. 
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italicus TagA) (Fig. 2.3B) [44–48]. To investigate the role of the C-terminal appendage in 

membrane binding, we determined how this structural element affected TagA localization in B. 

subtilis, since unlike T. italicus, robust tools are available to genetically manipulate this model 

Gram-positive bacterium. Importantly, the TagA homologs in these organisms are related (34% 

sequence identity) and both contain the conserved C-terminal appendage (Fig. S2.1). B. subtilis 

cells expressing hexahistidine-tagged TagA (BsTagA) were fractionated and analyzed by Western 

blotting. BsTagA peripherally associates with the membrane, since it is present in the membrane 

fraction, but released into the soluble fraction after adding either potassium hydroxide or the 

chaotropic salt sodium iodide (Fig. 2.3C-D, respectively). Interestingly, TagA lacking the C-

terminal appendage (BsTagAΔC, residues Met1-Val196) primarily partitions into the soluble 

fraction, indicating that this structural element tethers the protein to the membrane (Fig. 2.3C). 

To identify specific residues required for peripheral membrane binding and to validate the 

structural model of the full-length TagAGM protein, we constructed a BsTagA mutant that replaces 

surface-exposed hydrophobic residues with hydrophilic substitutes within helix H11 (BsTagAΔH11, 

BsTagA containing L208Q, F211K, L215E mutations, yellow colored residues in Fig. 2.3B). 

Fractionation studies reveal that BsTagAΔH11 is significantly more solubilized into the cytoplasm 

compared to wild-type BsTagA, which is exclusively found in the membrane (Fig. 2.3C). These 

results substantiate the predicted structure of the monomer and suggest that monomeric TagA 

associates with the membrane via surface-exposed non-polar residues located within helix H11. 

Other bacterial enzymes are targeted to the membrane via terminal helices (e.g. TagB, FtsA, MinD, 

PBP enzymes), but TagA is novel because its helices likely form an integral part of the active site 

upon membrane association [44–48]. 
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Biochemical studies suggest that prior to engaging the membrane, full-length TagA in the 

cytoplasm is primarily dimeric and in equilibrium with its monomeric form. This is supported by 

chemical crosslinking studies of cells expressing T. italicus TagA that show the enzyme exists as 

a mixture of dimeric and monomeric species (Fig. S2.3C). It is also substantiated by SEC 

experiments that reveal the full-length protein is primarily dimeric in aqueous solvent, but that 

monomeric and higher-order species are also present (Fig. S2.4A-B). Interestingly, our results 

reveal that this equilibrium can be shifted toward the monomeric form by reducing the 

hydrophobicity of the membrane-targeting C-terminal appendage. We constructed a full-length T. 

italicus TagA mutant that contained four amino acid substitutions: I203E, L209Q, L212K and 

I216E. Based on the TagAGM model, these alterations are expected to increase the polarity of the 

membrane-targeting patch that is formed by helices H10-H12. Unlike the dimeric native protein, 

the mutant is primarily monomeric according to SEC (Fig. S2.4A-B). This finding is compatible 

with native TagA in aqueous solution being in equilibrium between dimeric and monomeric forms. 

The mutations shift the equilibrium toward the monomeric state, presumably by reducing the 

entropic cost associated with clustering these non-polar residues together, which is only expected 

to occur in the monomer. Thus, we conclude that in the cell, TagA toggles between at least two 

distinct states: 1) membrane associated enzymatically active monomers, in which the C-terminal 

appendage contributes Arg221 to the active site to facilitate catalysis, and 2) inactive dimers in the 

cytoplasm, in which inter-subunit interactions mask an incompletely formed active site. 

Collectively, our data suggest that TagA is activated through a unique membrane-

association mechanism that is mediated by residues at its C-terminus. TagA is in equilibrium 

between monomeric and dimeric states. Removed from the membrane, it is primarily dimeric with 

interfacial interactions obstructing the binding site for its C-terminal appendage and holding the 
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enzyme in an inactive, dimeric state (Fig. 2.4B). However, upon encountering the membrane, we 

posit that non-polar side chains within the appendage are inserted into the bilayer, thereby 

nucleating its folding and the formation of a monomeric, catalytically functional enzyme in which 

the appendage contributes key active site residues. In the TagAGM monomer, a gap is located 

between helices H11 and H12 in the C-terminal appendage, forming a short pore that connects the 

active site to the protein’s membrane binding surface. Thus, membrane induced folding of the C-

terminal appendage may also facilitate recognition of the lipid-α by providing an additional 

binding site for several of its non-polar prenyl groups. While the catalytic activities of other 

membrane-associated enzymes are regulated by lipid bilayer-induced quaternary structural 

changes or allosteric mechanisms, to the best of our knowledge, the TagA activation mechanism 

outlined here is unique [49]. 

In conclusion, our results provide direct insight into how TagA enzymes synthesize the 

conserved linkage unit used to attach WTA to the cell wall and, more generally, how members of 

the large WecB/TagA/CpsF GT family produce a range of important surface-associated and 

secreted bacterial glycopolymers. TagA is a structurally unique GT that we propose defines a new 

GT-E fold. Removed from the membrane, it forms catalytically inactive dimers that are 

presumably incapable of mediating spurious GT reactions or hydrolyzing UDP-ManNAc. 

However, upon encountering the membrane containing its lipid-α substrate, conserved C-terminal 

residues in TagA fold into an essential active site appendage, stabilizing the monomeric and 

catalytically-active form of the enzyme. From our structural and biochemical data, a working 

model of the catalytic mechanism can be proposed (Fig. 2.4C). Previous studies have shown that 

catalysis likely occurs via an SN2-like mechanism that inverts the anomeric stereochemistry of 

ManNAc [14]. It seems likely that Asp65 functions as a base, deprotonating the GlcNAc C4 
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hydroxyl in lipid-α. This would facilitate its nucleophilic attack at the anomeric carbon of 

ManNAc, resulting in an oxocarbenium ion-like transition state that is stabilized by electrostatic 

interactions between Arg221, donated by the C-terminal appendage, and the diphosphate moiety 

of UDP. Thr37 within the conserved pocket may play an important role in orienting the ManNAc 

moiety of the sugar donor, poising its electrophilic center for glycosidic bond formation. A 

complete understanding of the catalytic mechanism will require the structure determination of 

additional key reaction intermediates. As WTA and other bacterial glycopolymers are critical 

components of the cell wall, the results of these studies are of fundamental importance and could 

facilitate the discovery of GT-E (WecB/TagA/CpsF) specific enzyme inhibitors that could be 

useful antibiotics. 

 

2.5 Materials and Methods 

 

2.5.1 Cloning, expression, protein purification, and crystallization 

Bacterial strains and plasmids used in this study are listed in SI Materials and Methods, 

Table S2.1. Protocols for protein purification, crystallization, and structure determination are 

detailed in SI Materials and Methods. 

 

2.5.2 Mutagenesis and activity assays 

Conservation analysis was conducted using the Consurf Server [50–52]. The lipid-α or 

UDP-ManNAc substrates were generated in silico using the Phenix electronic Ligand Builder and 

Optimization Workbench (Phenix.eLBOW) [53]. Cis-trans configuration and stereochemistry 

were confirmed or corrected using the Phenix Restraints Editor Especially Ligands 
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(Phenix.REEL). The substrates were docked to the 2.0 Å resolution protomer structure using 

Autodock vina with a 25 x 25 x 25 Å search space and an exhaustiveness of 18 [39]. TagA in vitro 

enzyme activity was determined using an anion-exchange HPLC system and the following assay 

conditions: 0.2 μM TagA; 100 μM lipid-α; 100 μM UDP-GlcNAc; 3 μM MnaA; 50 mM Tris-HCl, 

pH 7.5; and 250 mM NaCl [40]. Reactions were incubated for 40 minutes before quenching with 

3 M urea. The reactions were separated with a DNAPak PA200 anion-exchange column using a 

buffer gradient of 100% Buffer A (20 mM NH4HCOO3, and 10% MeCN, pH 8.0) to 90% Buffer 

A plus 10% Buffer B (20 mM NH4HCOO3, 10% MeCN, and 1 M NaCl, pH 8.0) over 10 minutes. 

UDP-ManNAc or UDP elution peaks were monitored at 271 nm and integrated to determine 

turnover rate. 

 

2.5.3 Cell fractionation 

Overnight B. subtilis cultures containing selective antibiotics were diluted 1:100 into 1 L 

of fresh LB broth containing 1 mM IPTG. Cultures were incubated at 37°C and 250 rpm until an 

OD600 of 1.0 was reached. Cells were pelleted at room temperature, washed once with PBS, and 

then frozen at -80°C. Cells were fractioned as previously reported with several exceptions [48]. 

Cells were re-suspended in 10 mL of Lysis Buffer (PBS, pH 7.3; 1 mM EDTA; 1 mM DTT; 10 

μg/mL RNase; 10 μg/mL DNase; 2 mM PMSF, and 100 μL Protease inhibitor cocktail) and 

sonicated on ice for eight minutes, with one minute “on” (one second pulses for 60 seconds) and 

one minute “off” (no pulses for 60 seconds). Ten milliliters of lysate were divided into two 5 mL 

volumes and centrifuged in a Beckman type 50 TI rotor in a Beckman XPN-100 preparative 

ultracentrifuge. The lysate was centrifuged at 9,600 rpm for 10 minutes to remove cellular debris. 

The supernatant was collected and centrifuged at 21,000 rpm. The supernatant was removed and 
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spun for a third time at 40,000 rpm for one hour. This final supernatant fraction was considered to 

be the soluble fraction, and the remaining pellet, which contained the membrane fraction was re-

suspended in 1 mL of ice-cold Lysis Buffer. The membrane fraction was diluted ten-fold for 

comparison with the supernatant and samples were run on an SDS-PAGE gel for 50 minutes at 

170 V and transferred to a PVDF membrane using an iBlot transfer device (ThermoFisher 

Scientific). The membrane was fixed in methanol for five minutes, briefly washed in water, and 

then blocked over-day in TBST Blocking Buffer (20 mM Tris-HCl, pH 7.5; 500 mM NaCl; 0.05% 

Tween; and 5% w/v nonfat milk). The membrane was washed, incubated with primary antibody 

(Invitrogen #MA-21215, mouse anti-6xHis, 1:1000 dilution in TBST Blocking Buffer) overnight 

at 4°C, washed again, and incubated with secondary antibody (Sigma-Aldrich #A9044, anti-mouse 

horseradish peroxidase). The membrane was incubated with SuperSignal West Pico 

Chemiluminescent Substrate (Thermo Scientific #34080) for five minutes and exposed to 

radiography film for thirty seconds to ten minutes. 

 

2.5.4 Chaotropic agent analysis 

Membrane fractions were prepared as described above and re-suspended to 600 μL. 

Fractionation was performed as previously reported, with some minor changes [54]. 200 μL of 

membrane resuspension was diluted 1:3 in PBS containing 1.5 M sodium iodide, 0.1 N potassium 

hydroxide, or PBS alone. Samples were loaded onto a 2.4 mL sucrose cushion (PBS and chaotrope, 

0.5 M sucrose) and centrifuged for 30 minutes at 40,000 rpm. The top (800 μL) and middle (2.4 

mL) fractions were removed, and the pellet was re-suspended in 200 μL of PBS. The top and 

middle fractions were precipitated with 10% trichloroacetic acid on ice for 30 minutes, centrifuged 

at 20,000 g for 10 minutes, and then re-suspended in 200 uL of 8 M urea. Samples were mixed 1:1 



 

71 

 

with 2X SDS loading dye (100 mM Tris base, 200 mM DTT, 4% SDS, 0.2% bromophenol blue, 

20% glycerol). Immunoblotting was performed as described above. 
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2.6 Figures 

 

Figure 2.1 The WTA linkage unit and TagA structural characteristics. (A) WTA linkage unit 

and polymer. The linkage unit is attached to the peptidoglycan via the C6-hydroxyl of N-

acetylmuramic acid and is composed of a GlcNAc (TagO-catalyzed), ManNAc (TagA-catalyzed), 

and n = 2–3 glycerol phosphates (TagB- and TagF-catalyzed). R = glycerol or ribitol, m = 40–60. 
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(B) Cartoon ribbon representation of TagAΔC from T. italicus. Apo-TagAΔC crystallizes as a dimer. 

The dimer interface is over 1000 Å in surface area and is formed by buried hydrophobic residues. 

(C) TagAΔC protomer with secondary structural elements indicated. H = alpha helix, β = beta 

strand. (D) Electrostatic surface representation of the TagAΔC dimer. Negatively charged (red), 

neutral (white), and positively charged (blue) residues are indicated. Rotation of 180° about the 

dimer interface allows visualization of the pore. 
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Table 2.1 Crystal data collection and structure refinement statistics. 
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Figure 2.2 In silico substrate binding and mechanistic studies of TagA. (A) Structure of the 

UDP:TagAΔC complex. A simulated annealing omit map contoured at 3σ reveals that the β-

phosphate of UDP (orange) in the UDP:TagAΔC structure is adjacent to the proposed catalytic 

base, Asp65 (pink), and putative ManNAc stabilizing residue, Thr37 (cyan). The uracil nucleoside 

is pi-stacked over Tyr137. (B) Consurf analysis reveals that UDP projects its phosphates (orange) 

into the pocket and is coordinated by a pocket of highly conserved residues. Highly conserved 

(magenta), moderately conserved (white) and weakly conserved (teal) residues are indicated. (C) 

In silico generated model of TagAΔC bound to its substrates. The model contains a lipid-α analog 
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(yellow) and UDP-ManNAc (green). The electrostatic surface of the protein is shown. Negatively 

charged residues (red), neutral residues (white), positively charged residues (blue) are shown. The 

coordinates of the model were generated using a two-step procedure. First, the coordinates of the 

ligand-bound UDP:TagAΔC crystal structure were used to restrain the positioning of UDP-

ManNAc. Autodock vina was then used to dock lipid-α. The docking results positioned the non-

reducing end of GlcNAc toward the C4 in ManNAc when bound to the TagAΔC dimer. (D) The 

upper panel indicates the reaction scheme used for the in vitro TagA activity assay. 200 nM TagA 

enzyme was incubated at 30°C with 100 μM lipid-α substrate analog and UDP-ManNAc produced 

in situ from UDP-GlcNAc by the epimerase MnaA, followed by quenching with 4M urea. 

Conversion of UDP-ManNAc to UDP is monitored at 271 nm using a DNAPak PA200 anion 

exchange column. The lower panel indicates activity measurements of T. italicus and S. aureus 

TagA enzymes from the in vitro TagA activity assay, as described above. Reactions with error 

bars were performed in triplicate, and asterisks indicate p<0.005 by Student’s T-test. 
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Figure 2.3 Computational and biochemical studies of the TagA enzyme inform cellular 

localization. (A) A model of full-length TagA was constructed with experimentally determined 

TagAΔC (surface representation) and the C-terminal domain, which was modeled by GREMLIN 

structural prediction (cartoon representation). Three C-terminal helices appear to complete the 

active site and obstruct the dimeric interface of TagAΔC. Highly conserved (magenta), moderately 

conserved (white) and weakly conserved (teal) residues are indicated for the TagAΔC crystal 

structure. (B) Helical wheel projections of helix H11 in TagA homologs predict a putative 

amphipathic helix. (C) TagA associates with the bacterial cell membrane. Immunoblots of cellular 

fractionation indicate that B. subtilis TagA is exclusively localized to the membrane (M), while 

TagAΔC is primarily localized in the supernatant (S). Samples were fractionated by 

ultracentrifugation identically and the BsTagA-FL blot was exposed for 10 minutes, the BsTagA-

V196 blot was exposed for 1 minute, and the BsTagA-ΔH11 blot was exposed for 30 seconds. (D) 

TagA is a peripheral membrane protein. Chaotropic and alkaline treatments of B. subtilis TagA 

reveal that the enzyme is peripherally associated with the membrane and is more effectively 
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displaced by alkaline treatment. Treated membrane fractions were loaded onto a sucrose cushion, 

centrifuged, and carefully separated into bottom (B; pellet), middle (M; sucrose cushion volume), 

and top (T; sample volume). 

 



 

79 

 

 

Figure 2.4 Model of the TagA enzyme-substrate complex and mechanism of catalysis. (A) 

The proposed active site of TagA co-localizes residues D65, T37, and R221. Lipid-α (yellow) is 

activated by the catalytic base D65 (pink), while ManNAc (green) is positioned by contacts 

between its C6 hydroxyl and T37 (cyan). The C-terminal helices (tan) are modeled according to 

GREMLIN structural predictions and place R221 (purple) adjacent to the phosphates of UDP-

ManNAc (orange) to putatively stabilize the leaving group. (B) The TagA molecular mechanism 

is proposed to utilize a dimer to monomer transition to regulate glycosyltransferase activity. TagA 

is stabilized as a soluble dimer. Upon interaction with the cell membrane, the C-terminus adopts 
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an ordered state and disrupts the dimer interface, which produces a competent active site by co-

localizing D65, T37, and R221 to coordinate the soluble UDP-ManNAc and membrane-bound 

lipid-α substrates. (C) TagA reveals the catalytic mechanism of the GT26 family. Asp65 activates 

lipid-α, which proceeds to attack UDP-ManNAc in an SN2-like mechanism. Coordination between 

Arg221 and the phosphates of UDP stabilize the leaving group, permitting the oxocarbenium ion-

like transition state. The mechanism is completed by glycosidic bond-formation between GlcNAc 

and ManNAc to form lipid-β. 
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2.7 Supporting Information 

 

2.7.1 Supplemental Methods 

 

2.7.1.1 Cloning, expression, and protein purification 

The N-terminal domain of TagA from T. italicus (TiTagAΔC, residues Met1-Gly195) or S. 

aureus (SaTagAΔC, residues Ala10-Ala204) was expressed from a pMAPLe4 plasmid in 

Escherichia coli BL21(DE3) cells (Table S2.1). Standard methods were employed, with cultures 

grown in the presence of 50 µM kanamycin at 37°C until an OD600 of 0.6-0.8 was reached. Protein 

expression was initiated by adding isopropyl-β-D-1-thiogalactopyranoside (IPTG) to 1 mM, 

followed by overnight protein expression at 18°C. A four-liter cell culture was harvested by 

centrifugation at 7000 rpm in a Beckman JA-10 rotor, and the pellet was re-suspended in 40 mL 

of Buffer A (50 mM Tris, pH 7.5; 500 mM NaCl; 40 mM CHAPS) with 400 µL of protease 

inhibitor cocktail (Sigma) and 2 mM phenylmethanesulfonylfluoride (PMSF). The cells were then 

lysed using an EmulsiFlex high pressure homogenizer (Avestin). Cell lysates were fractionated by 

centrifugation at 15,000 rpm in a Beckman JA-20 rotor, and the soluble portion was applied to a 

gravity column containing 10 mL of suspended His-Pure Co2+ resin (Life Technologies) that was 

pre-equilibrated with Buffer A. The resin was washed with 20 mL aliquots of Buffer B (50 mM 

Tris, pH 7.5; 500 mM NaCl; 0.5% CHAPS) that contained 0, 25, or 50 mM imidazole. His-tagged 

TagAΔC was eluted using Buffer B with 500 mM imidazole, and the fractions were pooled and 

concentrated using a 10 kDa MWCO Amicon Ultra-15 centrifugal filter (Millipore). To remove 

His6-tag from the protein, TEV protease was added to TagAΔC, and the solution was dialyzed in a 

3.5 kDa MWCO Slide-A-Lyzer dialysis cassette (ThermoFisher Scientific) against Buffer C (50 
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mM Tris, pH 7.5; 200 mM NaCl) at 4 °C overnight. TEV protease was then separated from TagAΔC 

by binding 10 mL of suspended His-Pure Co2+ resin (Life Technologies) that was pre-equilibrated 

with Buffer C; cleaved TagAΔC, which lacked the His6-tag, was eluted from the resin using Buffer 

C. Cleaved TagAΔC was further purified by gel filtration chromatography using a Sephacryl size-

exclusion column (GE Healthcare Life Sciences) that was equilibrated with Buffer C. Purified 

TagAΔC was then pooled, concentrated to 55 mg/mL, and stored at 4°C. Analytical SEC 

experiments were performed using a Superdex 75 10/300 Increase column (GE) using Buffer D 

(50mM Tris, pH 7.5; 500 mM NaCl). 

Selenomethionine (SeMet) labeled protein was prepared with cultures grown in M9 

minimal media in the presence of kanamycin at 37°C until an OD600 of 0.6-0.8 was reached. Protein 

expression was then initiated by adding IPTG to 1 mM followed by overnight protein expression 

at 18°C. Protein purification was performed as described for native protein. 

 

2.7.1.2 Structure determination 

Recombinant TagAΔC at a concentration of 50 mg/mL in Buffer C was used for crystal 

screening. Screening was performed with the JCSG+ broad matrix suite (Molecular Dimensions) 

at room temperature in a sitting-drop vapor diffusion format (200 nL drop size). SeMet-labeled 

protein crystals grew over the course of three days in the presence of 200 mM lithium sulfate; 100 

mM phosphate citrate, pH 4.2; and 20% PEG 1000. For X-ray data collection, TagAΔC crystals 

were cryoprotected using reservoir solution containing 35% glycerol. Diffraction datasets were 

collected at the Advanced Photon Source (APS) beamline 24-1D-C equipped with a Pilatus-6M 

detector. All data were collected at 100 K. Data were collected at the detector distance of 300 mm, 

with 0.25° oscillations, and at a 0.9791 Å wavelength. Multi-wavelength anomalous dispersion 
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(MAD) experiment was collected at peak (12663.0 eV), inflection (12660.3 eV), and high remote 

(12763.0 eV) energy wavelengths. 

The TagAΔC crystals diffracted X-rays to 2.0 Å resolution. The XDS/XSCALE package 

was used to index, integrate and scale data in P21 space group [55]. The asymmetric unit of the 

crystal contained eight protein molecules, yielding a Matthews coefficient of 2.11 Å/Da and a 

41.79% solvent content in the unit cell. The SHELX suite was used to locate the heavy atom 

substructure, which identified a total of 56 selenium atom sites [56]. The quality of the phases 

calculated with the peak, inflection, and high remote energy diffraction datasets were improved 

using SHARP and the wARP suite (Global Phasing Limited). The heavy atom parameters were 

refined with MLPhare using the CCP4i suite [57]. Density modification and non-crystallographic 

symmetry averaging was performed with the CCP4i suite to improve the quality of the electron 

density map. Automated model building was performed with BUCCANEER, followed by 

refinement with BUSTER [58]. Modeling of the additional electron density was confirmed using 

2Fo-Fc omit maps generated using BUSTER. Complete refinement and structure statistics are 

reported in Table 2.1 (5WB4). 

A second crystal form was produced with recombinant TagAΔC in the presence of UDP and 

ManNAc ligands. TagAΔC at a concentration of 45 mg/mL in Buffer C with 10 mM UDP and 10 

mM ManNAc was used for crystal screening with the JCSG+ broad matrix suite (Molecular 

Dimensions) as described above. TagAΔC-ligand co-crystals grew over the course of two days in 

the presence of 200 mM calcium acetate; 100 mM sodium cacodylate, pH 6.5; and 40% PEG 300. 

A single wavelength diffraction dataset for a non-cryoprotected crystal was collected at the APS 

beamline 24-1D-C equipped with a Pilatus-6M detector as described above. The crystals diffracted 

X-rays to 2.9 Å resolution. The XDS/XSCALE package was used to index, integrate and scale 
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data in P21 space group [55]. The asymmetric unit of the crystal contained six protein molecules, 

yielding a Matthews coefficient of 2.22 Å/Da and a 44.66% solvent content in the crystal unit cell. 

The PHASER program in the CCP4i suite was used for molecular replacement, employing the 

coordinates of the apo-TagAΔC (5WB4) [59]. Molecular replacement yielded a single solution, 

which was refined in iterative runs using Buster software. Additional electron density resembling 

the UDP ligand was observed using 2Fo-Fc omit maps generated by BUSTER [58]. Complete 

refinement and structure statistics are reported in Table 2.1 (5WFG). 

TagA carboxyl terminal structure was modeled using Generative Regularized Models of 

Proteins (GREMLIN), accessed online at http://gremlin.bakerlab.org. TagA structure could not be 

modeled as a dimer in its full length (personal communications). Chain A of TagAΔC and TagAGM 

were aligned with an RMSD of 2.2 Å. 

 

2.7.1.3 Oligomeric analysis 

The dissociation constant and oligomeric determination of apo- and UDP-bound TagAΔC 

were determined by equilibrium sedimentation analytical ultracentrifugation (AUC) on an Optima 

XL-A analytical ultracentrifuge (Beckman Coulter, Brea, CA). Data regression analysis was 

performed using the Beckman-Coulter Optima Analytical Ultracentrifuge Origin Data Analysis 

Package. The data were fit to multi-exponential models and represented best by a monomer-dimer 

equilibrium that was calculated using the predicted monomeric molecular weight of 21633 Da by 

the ExPASy ProtParam tool. The dissociation constant (Kd) was determined to be the inverse of 

Ka(conc) using equation 1 [60]: 

𝐾a(conc)  = 𝐾a(abs)  
(𝜀𝑙)𝑛−1

𝑛
                                                                                    (1) 
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The molar extinction coefficient (ε) was determined to be 12950 cm-1M-1 using the ExPASy 

ProtParam tool, where l is the path length of 1.2 cm, n is the order of oligomerization, and Ka(abs) 

is the absorbance association constant, as determined by the nonlinear regression of the monomer-

dimer multiexponential model using the analytical software program mentioned above.  

Chemical crosslinking experiments with disuccinyl suberate (DSS) (ThermoFisher 

Scientific) was performed according to manufacturer guidelines, with the following variations. 

RC21tagAFL and RC21tagAG195 overnight cultures were diluted 1:100 into LB, grown at 37°C 

and induced with 1mM IPTG at OD600 = 0.4. After two hours, cells were collected, washed three 

times with buffer (PBS, pH 8.0) and finally re-suspended at 3X concentration. Ten microliters of 

sample were loaded onto an SDS-PAGE gel, and western blotting was performed as described 

above. 

 

2.7.1.4 Bacillus subtilis cloning 

Antibiotic concentrations used in this study, unless otherwise indicated, were 100 µg/mL 

ampicillin, 1 µg/mL erythromycin and 100 µg/mL spectinomycin. The full-length B. subtilis tagA 

gene was amplified from purified genomic DNA from B. subtilis 168 (Bacillus genetic stock 

center) and sub-cloned into the pBL113 shuttle vector (Table S2.1) using E. coli XL10 (New 

England BioLab) to create pHisTagAFL. The hexahistidine-tag was incorporated during Gibson 

assembly [61]. The truncated TagA construct (residues Met1-Val196) was constructed by 

amplifying the first 588 nucleotides of tagA and cloning into the pBL113 shuttle vector to create 

plasmid pHisTagAV196. B. subtilis was made competent as previously reported and transformed 

with 5-10 µL of pure plasmid to create strains RC168tagAFL and RC168tagAV196 [62]. 

Homologous double-crossover at the thrC locus was verified using tryptophan/threonine 
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auxotrophy and sequencing (Laragen Sequencing). The tagA gene was removed via allelic 

replacement using plasmid ptagA::spec, which was constructed by cloning 1 kb of DNA upstream 

and downstream of the tagA gene to flank the spectinomycin resistance cassette in the pIC56 

plasmid; a portion of the spectinomycin cassette that was predicted to form a stem loop was 

removed to ensure that the native operon was not disrupted. Strain RC168tagAFL was made 

competent as previously described, transformed with an approximately 3 kb linear PCR product 

from ptagA::spec, and plated on LB agar plates with spectinomycin at 37°C to produce strain 

RC168tagAFLΔtagA. The tagA knockout was determined via colony PCR, and the DNA sequence 

was confirmed (Laragen Sequencing). 
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2.7.2 Supporting Figures 

Strain Genotype/Description Source 

RC168 B. subtilis Wild type trpC2 BGSC 
RC168tagAFL RC168, thrC::pBL113-HistagA Current 

study 

RC168tagAFLtagA RC168tagAFL, thrC::pBL113-HistagA tagA::spec  

RC168tagAV196 RC168 thrC::pBL113-HisTagA-V196 Current 
study 

RC168tagAH11 RC168 thrC::pBL113-HisTagAH11 Current 
study 

RC21tagAFL E. coli BL21(DE3) cells with pMAPLe4 containing T. italicus TagA Current 
study 

RC21tagAG195 E. coli BL21(DE3) cells with pMAPLe4 containing T. italicus TagA (M1-G195) Current 
study 

RC21tagASrf4 E. coli BL21(DE3) cells with pMAPLe4 containing T. italicus TagA and I203E, L209Q, 
L212K, I216E mutations 

Current 
study 

   
Plasmid Genotype/Description Source 

pMAPLe4 E. coli plasmid that expresses proteins with N-terminal maltose binding protein fusion [64] 
pBL113 B. subtilis – E. coli shuttle vector derived from pRDC19 (3) that integrates into the thrC 

locus in the B. subtilis genome, AmpR, ErmR, IPTG inducible 
[65] 

pHisTagAFL pBL113-containing B. subtilis tagA gene with a 5’ hexa-his tag. Current 
study 

pHisTagAV196 pBL113-containing B. subtilis tagA gene with a 5’ hexa-his tag truncated at G618 to 
produce a V196 translated product 

Current 
study 

RC21tagASrf4 E. coli BL21(DE3) cells with pMAPLe4 containing T. italicus TagA and I203E, L209Q, 
L212K, I216E mutations 

Current 
study 

pIC156 E. coli/B. subtilis shuttle vector with spectinomycinR cassette. [65] 
ptagA::spec pIC156 with genomic 1kb DNA flanking tagA from B. subtilis 168 inserted 5’ and 3‘ to specR 

cassette 
Current 
study 

 

Table S2.1 Strains and plasmids used in this study. 
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Figure S2.1 TagA primary sequence homology. The National Center for Biotechnology 

Institute’s Basic Local Alignment Tool (BLAST) was used to determine TagA sequence homologs 

with high sequence identity. The Clustal Omega multiple sequence alignment tool was used to 

generate a sequence alignment [63]. Secondary structure is shown above the sequence and coloring 

is indicated in the key. 
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Figure S2.2 TagA structural comparison with DUF1792, a GT-D enzyme. (A) TagA aligns 

with DUF1792 with a DALI Z-score of 7.2 and an RMSD of 3.7 Å. Direct comparison reveals that 
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a β-sheet composed of parallel β-strands is the main component of structural similarity. The tertiary 

organization of secondary structural elements between TarA and DUF1792 is significantly 

different. (B) Cartoon representation of secondary structure topology highlights that TagA has 

fewer β-strands in its sheet than DUF1792 and reinforces the dissimilarity in the order of secondary 

structural elements. 
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Figure S2.3 TagA oligomerization. The dissociation constant for TagA oligomerization was 

determined by equilibrium sedimentation analytical ultracentrifugation. The concentration 

distribution of TagA for three rotor speeds (12k, 14k, and 20k rpm) at three protein concentrations 

(0.99, 0.64, and 0.21 mM) for (A) apo-state TagA and (B) UDP-bound TagA. The lower panel 

shows the regression residuals for each protein concentration and centrifugal speed. The data were 

collected at 280 nm at 4°C and referenced against 50 mM Tris-HCl, pH 7.5, and 200 mM NaCl. 

(C) Crosslinking studies with disuccinimidyl suberate (DSS) in E. coli cells expressing T. italicus 

TagA constructs confirm that a dimer species is formed in the context of the cell. Both TagA and 
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TagAΔC are monomeric under denaturing conditions (+ DMSO,—DSS); however, the addition of 

1 mM DSS (+ DMSO, + DSS) produced a band corresponding to dimer species. 
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Figure S2.4 Size exclusion chromatography of full-length and C-terminal truncated TagA. 

(A) SEC chromatograms of T. italicus TagAFL (FL WT; full length wild-type, red) and TagAFL 

containing mutations in its C-terminal membrane-targeting appendage 

(I203E/L209Q/L212K/I216E mutant, blue). Based on the monomeric TagAGM model, the four 

mutations increase the polarity of the hydrophobic surface formed by helices H10 and H11. These 

non-polar residues form a continuous patch in TagAGM that we have shown to be important for 

membrane binding. The mutations stabilize formation of the monomer, presumably by reducing 

unfavorable entropic changes associated with solvating the hydrophobic surface of the native 

protein. (B) SEC calibration curve used to assign the oligomeric states of WT and mutant forms 

of TagA. A plot of the log of the molecular weight versus elution volume is shown. Elution position 

of molecular weight standards are shown in grey and were obtained in a separate experiment. (C) 

SEC chromatograms of TagAΔC and mutant forms of TagAΔC: V43E (orange) and A72R (green). 
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Based on the crystal structure of apo- TagAΔC, these mutations are at the interface and impede 

dimerization, which we confirm here via SEC. (D) Identical to (B) repeated for consistency. 
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Figure S2.5 TagAΔC:UDP complex crystallizes as a dimer of trimers. (A) Cartoon 

representation of the TagAΔC:UDP complex. (B) Surface representation of the TagAΔC:UDP 

complex. (C) View of one trimer unit within the crystallographic dimer. The C-termini are 

projected inward toward the center of symmetry. Green arrows indicate UDP, which can be seen 

at the interface between protomers of the trimer. 
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Figure S2.6 Buried residues at the TagAΔC dimeric interface. An EPPIC analysis of PDB 

5WB4 identified fourteen residues with a buried surface area ≥ 75% in either protomer. An 

additional three residues engaged in polar bonds with lower percent buried surface area are shown. 

The side chains of these residues are shown and color-coded as follows: hydrophobic (yellow, 

Ala40, Val43, SeMet44, Phe71, Ala72, Phe87, Ala109, Ala161 and Val192), glycines (green, 

Gly65, Gly163 and Gly187), hydrogen bonds (orange, Ser67 and Asp88), polar (magenta, 

Asp191), and cation-pi stacking interactions (red, Lys48 and Tyr137). Mutation of residues Val43 

and Ala72 were shown to disrupt dimerization in Fig. S2.4C.
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3.1 Overview 

Gram-positive bacteria synthesize, secrete, and anchor wall teichoic acid (WTA) 

glycopolymers to their cell wall where they perform several functions for the cell, including 

localizing cell elongation machinery, enabling biofilm formation, maintaining the cell wall 

architecture, and mediating β-lactam antibiotic resistance. Enzymes involved in the WTA 

biosynthetic pathway are exciting targets for novel antibiotic development, but the most promising 

target is the conserved linkage unit glycosyltransferase TagA. TagA catalyzes the first committed 

step in WTA synthesis and, when genetically deleted in Staphylococcus aureus, reduces virulence 

without compromising cell viability. Thus, TagA-specific inhibitors may reduce the selective 

pressure for the development of resistance mechanisms while also re-enabling the arsenal of 

antibiotics that have been rendered ineffective by the modern antibiotic resistance crisis. 

In Chapter 2, in vitro biochemical data and in vivo cellular data suggested that the flexible 

C-terminal tail (CTT) of TagA was essential for catalysis and membrane association for the 

protein. However, the mechanisms underlying how it directly participated in catalysis and 

recognized the enzyme’s substrates remained unclear. In this chapter, we engineered a solubility-

enhanced construct of TagA (TagAFL*) and determined co-crystal structures of TagAFL* with its 

native substrate, UDP-ManNAc, and an epimer of the substrate, UDP-GlcNAc. A comparison of 

the two structures revealed clear stereospecific interactions that TagA makes with its native sugar 

donor substrate and not its epimer. In addition, we performed molecular dynamics simulations on 

modeled full-length TagA with and without the UDP-ManNAc. These simulations revealed that 

dynamic motions of the CTT became rigid due to salt bridges between conserved Arg residues in 

the CTT and the diphosphates of the ligand. Indeed, these Arg residues are essential for catalysis 

and likely play a role in stabilizing the CTT on the core domain of TagA. Finally, native mass 
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spectrometry data of native TagA with increasing amounts of detergent confirmed that the 

monomeric form of the protein binds to membranes, which supports our model that the soluble 

dimer breaks due to favorable protein-membrane interactions from the CTT. The data here support 

a model where the membrane-associated and enzymatically active form of TagA is mediated by 

the CTT. On the membrane, the motions between the core domain and CTT are quenched by UDP-

ManNAc binding and the enzyme is primed to bind to its second substrate, lipid-α. My 

contributions to this work included engineering TagAFL*, determining TagAFL* protein-ligand 

structures, characterizing biochemical properties of TagAFL*, analyzing the computationally 

generated models of full-length TagA, performing molecular dynamics simulations, interpreting 

data, generating figures, and preparing the resulting manuscript. 

This chapter is reformatted with permission from a peer-reviewed editors’ pick research 

article in the Journal of Biological Chemistry: “Insight into the molecular basis of substrate 

recognition by the wall teichoic acid glycosyltransferase TagA.” Martinez, O.E., Mahoney, B.J., 

Goring, A.K., Yi, S., Tran, D.P., Cascio, D., Phillips, M.L., Muthana, M.M., Chen, X., Jung, M.E., 

Loo, J.A., Clubb, R.T., J Biol Chem. 298(2), 101464 (2021).
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3.2 Insight into the molecular basis of substrate recognition by the wall teichoic 

acid glycosyltransferase TagA

 

3.2.1 Abstract 

Wall teichoic acid (WTA) polymers are covalently affixed to the Gram-positive bacterial 

cell wall and have important functions in cell elongation, cell morphology, biofilm formation, and 

β-lactam antibiotic resistance. The first committed step in WTA biosynthesis is catalyzed by the 

TagA glycosyltransferase (also called TarA), a peripheral membrane protein that produces the 

conserved linkage unit, which joins WTA to the cell wall peptidoglycan. TagA contains a 

conserved GT26 core domain followed by a C-terminal polypeptide tail that is important for 

catalysis and membrane binding. Here, we report the crystal structure of the Thermoanaerobacter 

italicus TagA enzyme bound to UDP-N-acetyl-D-mannosamine, revealing the molecular basis of 

substrate binding. Native MS experiments support the model that only monomeric TagA is 

enzymatically active and that it is stabilized by membrane binding. Molecular dynamics 

simulations and enzyme activity measurements indicate that the C-terminal polypeptide tail 

facilitates catalysis by encapsulating the UDP-N-acetyl-D-mannosamine substrate, presenting 

three highly conserved arginine residues to the active site that are important for catalysis (R214, 

R221, and R224). From these data, we present a mechanistic model of catalysis that ascribes 

functions for these residues. This work could facilitate the development of new antimicrobial 

compounds that disrupt WTA biosynthesis in pathogenic bacteria. 
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3.3 Introduction 

Staphylococcus aureus and other Gram-positive bacteria are surrounded by a thick murein 

sacculus that is densely functionalized with wall teichoic acid (WTA) polymers (1, 2, 3, 4, 5). 

These anionic glycopolymers are essential components of the bacterial cell and involved in cell 

elongation, morphogenesis, cation homeostasis, pathogenesis, and autolysin localization (6, 7, 8, 

9, 10, 11, 12, 13). They are polymers of alditol phosphate repeating units that are covalently joined 

to the surface peptidoglycan via a conserved linkage unit that is composed of 1 to 3 glycerol-3-

phosphate (GroP) groups appended to an N-acetyl-D-mannosamine (ManNAc) (β1 → 4) N-acetyl-

D-glucosamine (GlcNAc) disaccharide monophosphate (2, 14, 15, 16). The WTA biosynthetic 

pathway has drawn considerable interest as a drug target, as genetically eliminating WTA 

production in clinically important methicillin-resistant S. aureus resensitizes it to β-lactam 

antibiotics and attenuates its virulence (6, 7). 

WTA polymers are synthesized on the cytoplasmic face of the cell membrane by enzymes 

that sequentially elaborate a membrane-embedded undecaprenyl phosphate carrier molecule (2, 3, 

5). In Bacillus subtilis and S. aureus, the linkage unit is synthesized by the sequential action of the 

TagO, TagA, and TagB enzymes (originally designated as Tar enzymes in S. aureus). WTA 

synthesis is initiated by TagO, which catalyzes the reversible transfer of GlcNAc-1-P from UDP–

GlcNAc to the undecaprenyl (Und) phosphate scaffold to produce lipid-α (GlcNAcα–PP-Und) 

(17). The TagA ManNAc transferase then appends ManNAc from a sugar nucleotide donor, UDP–

ManNAc, producing a ManNAc (β1 → 4) GlcNAcα–PP-Und product, called lipid-β (18, 19, 20). 

The linkage unit synthesis is completed by TagB, which adds a GroP to lipid-β using a CDP–

glycerol donor substrate (18, 21). Polymerase enzymes then extend the (GroP)–ManNAc (β1 → 

4) GlcNAcα-1-P linkage unit from the terminal GroP at the nonreducing end to construct the body 
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of the polymer with either ribitol- or glycerol-phosphate repeating units, which can vary 

substantially among species (22, 23). The mature WTA is modified with monosaccharides at free 

hydroxyl groups on the main chain polymer (24). WTAs are then transported across the membrane 

to the cell surface by the TagGH transporter (2, 25). Finally, in the cell wall, the GlcNAcα-1-P at 

the reducing end of the linkage unit is covalently attached to the 6′ hydroxyl of the N-

acetylmuramic acid component in the peptidoglycan via a phosphodiester bond, and in some 

instances, further tailored with d-alanine modifications (2, 15, 26, 27). 

The TagA enzyme is a promising drug target because it catalyzes the first committed step 

in WTA biosynthesis and methicillin-resistant S. aureus strains in which it is genetically deleted 

are attenuated in virulence and resensitized to β-lactam antibiotics (7, 28). Biochemical studies 

have shown that B. subtilis TagA is a metal-independent inverting glycosyltransferase (GT) that 

catalyzes the transfer of ManNAc from UDP–ManNAc to the 4′ hydroxyl of GlcNAc in lipid-α 

(19). Catalysis occurs via a Bi–Bi mechanism in which the UDP–ManNAc donor first binds to the 

enzyme, and the UDP product is released last (19). S. aureus TagA is part of the WecB/TagA/CpsF 

GT family (PFAM03808), whose >6000 members catalyze the synthesis of WTAs and other 

important surface glycopolymers such as capsular polysaccharides in group B Streptococcus and 

the enterobacterial common antigen in Escherichia coli (29, 30, 31). Members of this large family 

are classified as GT26 enzymes in the Carbohydrate-Active enZYmes database (www.cazy.org), 

but little is known about the molecular basis of their enzymatic activity (32, 33, 34, 35). Recently, 

we reported the structure of the TagA enzyme from Thermoanaerobacter italicus, which 

represents the only known structure of a GT26 enzyme (36, 37). The GT26 domain adopts a unique 

fold that is distinct from other GTs (e.g., GT-A, GT-B, GT-C, and GT-D folds) and is followed by 

a 49-amino acid C-terminal tail (CTT) that targets the enzyme to the cell membrane (36). 
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Functional studies showed that the CTT is essential for activity and identified D65 and R221 as 

important determinants for catalysis as their alteration causes more than a 20-fold reduction in 

activity as compared with the wildtype enzyme (36). However, the molecular basis of substrate 

recognition and catalysis remains incompletely understood. 

In this study, we used a combination of biochemical, structural, and computational 

approaches to determine how TagA recognizes its substrates and how flexibility in the CTT 

mediates substrate binding and catalysis. Using a solubility-enhanced enzyme variant, we 

determined the structure of TagA bound to its natural substrate, UDP–ManNAc. Computational 

modeling, molecular dynamics (MD) simulations, and biochemical experiments of the full-length 

enzyme provide insight into the role of the CTT in catalysis, revealing that it presents conserved 

amino-acid side chains to contact the UDP–ManNAc substrate. Paired with native MS of TagA in 

the presence of micelles, we provide additional support for a membrane-induced activation 

mechanism of the enzyme. Bilayer association via the CTT appears to stabilize the monomeric 

form of the enzyme so that it can glycosylate its membrane-embedded glycophospholipid 

substrate. These results could provide a foundation for the discovery of new antibiotics that work 

by inhibiting WTA biosynthesis. 

 

3.4 Results 

 

3.4.1 Solution-state studies of TagA 

In previously reported crystal structures, T. italicus TagAΔC (TagA, residues M1-G195) 

adopted both dimeric and trimeric oligomeric states (36). To probe its oligomerization state in 

solution, we used NMR. TagAΔC contains the core domain but is missing 49 residues at its C 
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terminus that have been shown to promote membrane interactions and facilitate catalysis (Fig. 

3.1A) (36). A 0.6 mM sample of [U-2H (70%), 13C, 15N] TagAΔC was overexpressed and purified, 

and the chemical shifts of its backbone atoms were assigned using triple resonance methods. The 

1H–15N transverse relaxation optimized spectroscopy (TROSY)–heteronuclear single quantum 

coherence (HSQC) spectrum of TagAΔC is reasonably well resolved, enabling ∼61% of the amino 

acids in its primary sequence to be specifically assigned (Fig. 3.2A). An analysis of the secondary 

chemical shifts reveals that the positioning of the secondary structural elements in the protein 

match those visualized in the crystal structure. Based on 15N NMR relaxation measurements, 

TagAΔC has a molecular correlation time (τc) of 27 ns, corresponding to a dimer. This is consistent 

with previously reported sedimentation equilibrium–analytical ultracentrifugation (SE–AUC) 

experiments, which showed that apo-TagAΔC exists in a monomer–dimer equilibrium in solution 

(dissociation constant [KD] = 7.4 ± 0.7 μM) (36). Interestingly, backbone amide signals for 81 of 

195 (74 of 188 non-proline) residues in the primary sequence of TagAΔC are absent in the NMR 

data. Two structures of TagAΔC have been reported, a dimeric structure of the protein in its apo-

state (Protein Data Bank [PDB]: 5WB4) and a trimeric structure in which it is bound to its UDP 

product (PDB: 5WFG) (37). Mapping the location of the missing amide signals onto the crystal 

structure of dimeric TagAΔC reveals that they are localized at the intersubunit interface, suggesting 

that signals for these residues are broadened beyond detection because of conformational exchange 

caused by dimer dissociation (Fig. 3.2B). In contrast, when the missing residues are mapped onto 

the trimeric structure of the TagAΔC:UDP complex, many of the missing residues are not located 

at the intersubunit interface, suggesting that this form of the protein is not as prevalent. Thus, we 

conclude from the NMR data that in solution the dimeric form of TagAΔC predominates and that 

it resembles the previously reported crystal structure of apo-TagAΔC. 
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We next used NMR and SE–AUC experiments to investigate full-length TagA (M1–R244), 

the functional form of the enzyme that associates with the membrane via residues within its CTT 

(Fig. 3.2C) (36). SE–AUC experiments indicate that TagA exists as a mixture of aggregated 

heterogeneous species, as its weight-averaged molecular weight decreases as the centrifugation 

speed increases (Fig. S3.1) (38). NMR studies of a 0.3 mM sample of [U-15N] TagA are consistent 

with the SE–AUC data, as its 1H–15N TROSY–HSQC spectrum exhibits severe line broadening 

(Fig. 3.2C, middle). The positions of the cross peaks in the spectra of TagAΔC and TagA are similar, 

indicating that the structure of the core domain is retained. Notably, signals for the 49 residues in 

the CTT are absent in the spectra of TagA, and new signals in the indole region of the spectrum 

that presumably originate from the side chains of W211 and W220 within the CTT are significantly 

broadened. From these data, we conclude that the full-length protein adopts a conformation that is 

similar to that observed in the crystal structure of dimeric TagAΔC, but residues in the CTT are 

likely disordered and mediate nonspecific interactions that promote aggregation in solution. 

 

3.4.2 Crystal structure of solubility-enhanced TagA (TagAFL∗) bound to its 

sugar–nucleotide substrate 

Only the structure of TagAΔC lacking the CTT has been determined because the full-length 

protein exhibits low solubility. To overcome this problem, we modeled the structure of full-length 

TagA to identify potential locations on the protein's surface that might promote aggregation. We 

first generated a model of full-length B. subtilis TagA using the Generative Regularized Models 

of Proteins (GREMLIN) method, which predicts protein structures by integrating sequence 

conservation and coevolutionary patterns in a multiple sequence alignment (36, 39). The full-

length T. italicus TagA computational model (TagACM) used in this study was then generated by 
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homology modeling using the GREMLIN-derived structure as a template for input into the 

program I-TASSER (Iterative Threading Assembly Refinement) (40). Coevolution analyses are a 

robust approach to model the structure of full-length T. italicus TagA, as structures similar to 

TagACM are generated using coevolution-derived residue–residue distance probabilities 

implemented in the RaptorX program (Fig. S3.2) (41, 42). TagACM is monomeric with the CTT 

forming three helices (H10', H11', and H12') that pack against the oligomerization interface 

observed in the crystal structure and is positioned against the body of the protein by several pairs 

of coevolving residues (Fig. 3.3, A and B and Table S3.1). Inspection of TagACM reveals that the 

CTT contains many nonpolar amino acid side chains that colocalize to form a hydrophobic patch 

that might promote protein aggregation in solution. Prior cell fractionation studies of B. subtilis 

revealed that several residues within the patch are essential for membrane association (36). To 

improve protein solubility in solution, we constructed TagAFL∗, a variant of TagA in which four 

nonpolar residues in the patch are exchanged with hydrophilic amino acids 

(I203E/L209Q/L212K/I216E) (Figs. 3.1B and 3.3C). Indeed, TagAFL∗ exhibits markedly 

improved solubility and no longer requires detergents to remain soluble. Moreover, unlike native 

full-length TagA, which nonspecifically aggregates (Fig. S3.1), TagAFL∗ is in equilibrium between 

monomeric and dimeric states; SE–AUC experiments indicate that the TagAFL∗ dimer has a KD of 

210 ± 50 μM (Fig. 3.3D). This supports previous size-exclusion chromatography experiments that 

asserted that TagAFL∗ contains both monomeric and dimeric species in aqueous solution, and the 

monomeric species is more abundant compared with native TagA (36). TagAFL∗ also has in vitro 

enzymatic activity that is superior to TagAΔC, albeit lower than that of the native enzyme 

(discussed below). 
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To gain insight into the molecular basis of substrate binding, we determined the crystal 

structure of the solubility-enhanced TagAFL∗ enzyme bound to its UDP–ManNAc substrate. The 

crystal structure of the TagAFL∗:UDP–ManNAc complex was resolved to 3.3 Å and solved using 

molecular replacement with the coordinates of TagAΔC (PDB: 5WB4) as a search model (data 

collection and refinement statistics in Table 3.1). The diffraction dataset contained moderate 

anisotropy, so we applied anisotropic scaling and isotropic B-factor sharpening prior to molecular 

replacement (43). The complex crystallized with three molecules in its asymmetric unit, with each 

intersubunit interface burying only ∼430 Å2 of surface area (Fig. 3.4A). These small protein–

protein interfaces are not deemed to be biologically relevant based on an analysis using the 

Evolutionary Protein–Protein Interface Classifier server (44). Only coordinates for the core 

domain could be modeled (residues M1–R199), as no interpretable electron density for the CTT 

was observable. The reason for its absence is unclear, but a large volume of nonuniform density is 

located adjacent to the C terminus of each protein molecule, suggesting that the CTT may be 

disordered in the crystal. It is also conceivable that during the crystallization process, which took 

approximately 1 month, the CTT was degraded by proteolysis. The positioning of the UDP–

ManNAc substrate is best defined by the electron density data in chain A and is discussed further 

(Figs. 3.4B and S3.3A) (45). The uracil base of UDP–ManNAc is stabilized by hydrogen bonding 

with the terminal amino group of K166, the backbone carbonyl of G136, and the backbone amide 

of A109, along with π-stacking interactions with the Y137 tyrosyl ring (Fig. 3.4C). The ribose in 

the substrate is stabilized by two strong hydrogen bonds, one between the 3′ hydroxyl hydrogen 

donor and the terminal carboxylate acceptor of D191 and the other between the 2′ hydroxyl and 

the terminal hydroxyl of Y137 (Fig. 3.4C). Finally, the ManNAc sugar accepts two hydrogen 

bonds donated from the side-chain amino groups of N39 and Q167 to the substrate 3′ hydroxyl 
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oxygen and the N-acetyl carbonyl oxygen of ManNAc, respectively (Fig. 3.4C). The enzyme 

surface that binds the substrate is near residue D65, which has been shown to be important for 

catalysis, consists of an electronegative portion that contacts ManNAc and an electropositive 

region that interacts with the uracil and ribose rings (Fig. 3.4D) (36). 

To investigate how enzyme contacts to the substrate's N-acetyl group affect sugar donor 

binding, we also determined the structure of TagAFL∗ bound to UDP–GlcNAc, a C2' epimer of 

UDP–ManNAc where the N-acetyl group is inverted. The TagAFL∗:UDP–GlcNAc complex 

crystallized with three molecules in the asymmetric similar to the TagAFL∗:UDP–ManNAc 

complex and was resolved to 3.0 Å. The structures of the core domain in each complex are nearly 

identical with a Cα RMSD of 0.28 Å. However, in the TagAFL∗:UDP–GlcNAc complex, the 

GlcNAc adopts two distinct conformations: conformer 1 in which it is displaced from the body of 

the protein (60% abundance) and conformer 2 that resembles the positioning of the substrate in 

the UDP–ManNAc complex (40% abundance) (Figs. 3.4B and S3.3B). However, as compared 

with the TagAFL∗:UDP–ManNAc structure, the most abundant GlcNAc conformer is positioned 

farther away from the catalytically important D65 residue, and both GlcNAc conformers form 

distinct contacts to the enzyme from their N-acetyl groups (Fig. S3.3, C and D). As TagA can only 

utilize UDP–ManNAc as a substrate, it seems likely that core domain contacts to the N-acetyl and 

3′ hydroxyl groups in the substrate from the side chains of Q167 and N39 are important specificity 

determinants. 

 

3.4.3 MD simulations provide insight into the function of the CTT 

The crystal structure of TagAFL∗ bound to UDP–ManNAc lacks density for the CTT that 

is required for efficient catalysis in vitro (36). A comparison of the TagAFL∗:UDP–ManNAc 
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complex and TagACM structures suggests that the CTT may be involved in substrate binding. To 

gain insight into the function of the CTT, we performed MD simulations of full-length monomeric 

TagA in its apo and UDP–ManNAc bound states. The program MODELLER was used to generate 

starting models for MD using the coordinates of the TagAFL∗:UDP–ManNAc complex and 

TagACM (described in the Experimental procedures section) (46). The simulations were 

equilibrated until the protein's backbone RMSD indicated good convergence, requiring 20 ns for 

the apo state and 200 ns for the complex. Production simulations were then performed for a 

duration of 1.0 μs for both systems. For simulations of the complex, the positioning of the substrate 

relative to the core domain was held fixed using distance restraints. 

The simulation of the apoenzyme shows that the CTT remains packed against the body of 

the protein but transiently moves to expose the UDP–ManNAc binding site on the core domain. 

The position of the CTT against the core domain resembles the TagACM model derived solely from 

coevolutionary restraints, suggesting that it represents a low-energy state. In particular, H12' 

primarily rests in a groove formed by core domain helices H2 and H4, and helix H11' is positioned 

adjacent to the surface formed by residues in the β4–H4 and H4–H5 loops. Interestingly, the root 

mean square fluctuation of the apoprotein's backbone atoms during the trajectory reveals 

significant mobility in the H10' and H11' helices, as their backbone atom coordinates fluctuate by 

as much as 4 Å (Fig. 3.5A). Large coordinate variations are also observed in residues located at 

the C-terminal end of H12' (H238–R244), which are poorly conserved and transiently unwind. To 

gain deeper insight into the nature of the H10'–H11' fluctuations, we clustered conformers in the 

trajectory that adopted similar structures (47). More than 95% of conformers in the MD trajectory 

can be grouped into six clusters of related structures, in which members of each cluster exhibit 

backbone coordinate RMSDs that are less than 0.9 Å. Comparing the central structure from each 
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cluster reveals that helices H10' and H11' in the CTT move as a unit that toggles between two 

extrema: an “in state” in which they are positioned nearer the β4–H4 and H4–H5 loop elements 

on the core domain and an “out state” in which they are further displaced from the body of the 

protein (Fig. 3.5, B–D). As expected, the two extrema are in fairly low abundance (2.2% and 1.2% 

of the trajectory for the “in state” and the “out state,” respectively), and the vast majority of the 

simulation (>90% of the trajectory) falls in transient stages between the extremes. Upon closer 

inspection, multiple periods of transition occur between the “in state” and “out state” for the H10' 

and H11' helices throughout the simulation (Fig. S3.4A). Transient enzyme toggling between states 

exposes the surface that binds UDP–ManNAc in the crystal structure of the complex, suggesting 

that these motions may have a functional role in promoting substrate access to the active site (Fig. 

3.5, C and D). 

Simulations of the TagACM:UDP–ManNAc complex reveal that the CTT plays a prominent 

role in binding UDP–ManNAc and that it becomes immobilized upon substrate binding. Substrate-

dependent CTT immobilization is evident from a plot of the root mean square fluctuation values 

for the backbone atoms during the simulation of the complex, as they generally exhibit small 

magnitudes throughout the protein (Fig. 3.5A). Moreover, more than 95% of the conformers in the 

trajectory (represented by eight clusters) contain a CTT that adopts an “in state” similar to that 

observed in the apoenzyme simulation, and the coordinates of the H10'–H11' unit are stable 

throughout the simulation (Figs. 3.5E and S3.4B). In addition, the C-terminal H12' helix is 

displaced upon substrate binding, moving from the groove formed by core helices H2 and H4 in 

the apoform to a groove formed by helices H2 and H8 in the complex (Fig. 3.5F). As helix H12' 

no longer packs against helix H4 of the core domain, the newly freed H4 and its following H4–H5 

loop exhibit increased coordinate fluctuations between residues 74 and 82 (Fig. 3.5A). The most 
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deviant coordinate fluctuations appear again for the C terminus of helix H12' (H238–R244), which 

transiently unwind similar to the apo simulation. Conformational ordering of the CTT appears to 

be triggered by substrate contacts from two residues located at the N terminus of helix H12', R221, 

and R224, which form ionic and hydrogen bond interactions with the diphosphate group in UDP–

ManNAc. In the representative clusters for the complex simulation, R221 and R224 work in 

tandem to stabilize the anionic charges of the substrate (Fig. 3.5G). R221 most often makes 

contacts with the β-phosphate oxygen of UDP–ManNAc and is sometimes proximal to the α-

phosphate oxygen atoms. In the eight clusters representing 95% of the trajectory, R224 appears to 

occupy two different side-chain conformations throughout the simulation. The most populated 

orientation of R224 (represented by cluster 1) participates in cation–π interactions with F231, and 

the ε-amine donates a hydrogen bond to an α-phosphate oxygen (Figs. 3.5G and S3.5A). The minor 

orientation (represented by cluster 2) makes ionic interactions near α- and β-phosphate oxygen 

atoms by a terminal amino group, whereas the ε-amine donates a new hydrogen bond to the 6′ 

hydroxyl oxygen of ManNAc (Figs. 3.5G and S3.5B). The ionic interactions of these arginine 

residues with the substrate may be important for catalysis, as they are highly conserved in the 

primary sequences of TagA homologs (Fig. 3.1B). Substrate binding causes the CTT to adopt a 

more compact state as it engages the core domain; in more than 95% of the conformers in the 

trajectory, helix H10' packs against the H4–H5 loop, and helix H11' is placed near helix H4. 

Substrate-induced closure of the CTT over the nucleotide substrate positions several highly 

conserved amino acids in CTT near the active site whose significance in catalysis is investigated 

later (Figs. 3.1B and S3.5). 
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3.4.4 Highly conserved residues within the CTT are required for catalysis 

TagA homologs contain five highly conserved amino acids in the CTT whose side chains 

project toward the bound substrate or the core domain in the MD simulation of the enzyme–

substrate complex (E210, W211, R214, R221, and R224) (Figs. 3.1B and S3.5). To assess their 

importance in catalysis, we determined the in vitro GT activity of TagA variants containing amino-

acid substitutions at these sites (Fig. 3.6A). A previously described enzyme-coupled end-point 

activity assay was employed to measure the rate of UDP product formation (19, 36). The TagA 

variants studied include five single amino-acid mutants that alter conserved amino acids in the 

CTT (E210A, W211A, R214E, R221E, and R224E), a variant that serves as a negative control 

because it alters a surface-exposed side chain in the CTT that is not expected to be involved in 

catalysis (I203E) and the TagAΔC and TagAFL∗ constructs. Severe reductions in activity relative to 

native TagA occur when the CTT is removed (TagAΔC is approximately eightfold less active), or 

key reactants are withheld from the assay (∼15-fold activity reductions are observed when the 

lipid substrate, MnaA epimerase, or TagA enzyme are not present) (Fig. 3.6B). These reductions 

in activity also occur when the three conserved arginine residues in the CTT are altered, with 

R214E and R221E substitutions causing the largest decline (Fig. 3.6B). In the complex MD 

simulation, R221 and R224 directly interact with the UDP–ManNAc substrate, whereas the side 

chain of R214 may be involved in lipid-α binding (see Discussion section). Altering other 

conserved residues within the CTT (E210A and W211A) also reduces activity, albeit to a much 

lesser extent (Fig. 3.6B). An I203E variant serves as negative control as its side chain projects into 

the solvent in the complex MD simulation and, as expected, it exhibits wildtype-level activity. The 

TagAFL∗ variant that alters four nonpolar residues in the CTT to improve enzyme solubility has 

reduced activity; however, it is still nearly three times more active than TagAΔC in which the CTT 
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is removed (Fig. 3.6B). The activities of the R221A and TagAΔC variants have been measured 

previously (36). The new data presented here substantiate and expand upon these findings by 

showing that two additional highly conserved arginine residues in the CTT are important for 

catalysis. 

 

3.4.5 Native MS suggests that monomeric TagA interacts with membranes 

Cell fractionation studies previously revealed that the B. subtilis TagA enzyme is a 

peripheral membrane protein and that nonpolar residues in a hydrophobic patch on CTT affect 

interactions with the lipid bilayer (36). We investigated how the closely related T. italicus TagA 

interacts with membranes using native MS, which enables the study of intact proteins and their 

complexes using electrospray ionization MS. A negative ion mode MS analysis of 10 μM TagA 

in aqueous solution resolves monomeric and dimeric forms of the protein, with a slight enrichment 

for the dimer (Fig. 3.7A). This is consistent with NMR and SE–AUC studies of TagA, which were 

performed at much higher concentrations that presumably cause the protein to nonspecifically 

aggregate. The behavior of native TagA in the presence of n-dodecyl-β-D-maltoside (DDM), an 

MS-compatible detergent that forms micelles at higher concentrations, was monitored by native 

MS (48, 49, 50). With DDM concentrations below its critical micelle concentration, relatively 

small effects on the TagA monomer–dimer equilibrium are observed by native MS. Interestingly, 

as the DDM concentration is increased above its critical micelle concentration (ca. 170 μM), there 

is a shift in TagA toward its monomeric state, suggesting this form of the enzyme is stabilized by 

the DDM micelles. Combined, the MS, MD, and activity data suggest that the structure of 

monomeric TagA resembles the TagACM model, and that this represents the active form of the 

enzyme that can associate with lipid bilayers via its CTT. 
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3.5 Discussion 

TagA ManNAc transferases catalyze the first committed step in WTA biosynthesis and are 

a promising antimicrobial drug target (6, 7). At present, only the structure of the TagA homolog 

from T. italicus has been reported, revealing that these enzymes contain a unique GT core domain 

that is followed by a conserved ∼50 amino acid CTT of unknown structure (Fig. 3.1) (36). The 

CTT targets the enzyme to the cell membrane and is required for catalysis in vitro (36). However, 

its role in catalysis is not well understood because only a structure of a C-terminally truncated 

variant in which the CTT was removed has been determined (TagAΔC) (36). TagAΔC forms dimeric 

and trimeric crystals when the protein is in its apo- and UDP-bound states, respectively (36). Our 

working hypothesis is that only the monomeric form of TagA is biologically active, since a 

computationally derived model of the monomeric structure of TagA (called TagACM) places 

several highly conserved and functionally important residues in the CTT near the presumed active 

site on the core domain (Fig. 3.3B). Here, we used a combination of crystallography, molecular 

modeling, MS, MD simulations, and functional assays to gain insight into how the core domain 

and CTT in TagA work together to catalyze glycosylation at the cell membrane. 

NMR and AUC studies of the full-length protein reveal that the CTT promotes nonspecific 

aggregation (Figs. 3.2C and S3.1). Using the TagACM model as a guide, we constructed TagAFL∗, 

which is significantly more soluble than the native protein because it eliminates four nonpolar 

residues in the CTT that are predicted to form a hydrophobic patch (Fig. 3.3C). Unlike the native 

protein, TagAFL∗ is in equilibrium between monomeric and dimeric states (Fig. 3.3D). A crystal 

structure of the TagAFL∗:UDP–ManNAc complex provides insight into the mechanism of substrate 

binding. This structure contains a core domain that adopts a Rossmann-like fold in which the UDP–

ManNAc sugar donor is positioned at the edge of the sheet (coordinated by residues in loops β5–
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H6, β6–H7, β7–H8 and β8–H9, and helices H2 and H9) (Fig. 3.4C). The substrate is positioned 

near residue D65 in the core domain, an essential catalytic residue. UDP–ManNAc binds to TagA 

similar to its UDP product, which was visualized previously in the crystal structure of the 

TagAΔC:UDP complex (36). However, in the product complex, the diphosphate group of UDP 

contacts the protein's core domain, whereas in the structure of the UDP–ManNAc complex, it does 

not. TagA cannot utilize UDP–GlcNAc as a substrate, a closely related sugar nucleotide that differs 

from UDP–ManNAc only in the stereochemistry of the C2' atom that is bonded to the N-acetyl 

group. The structure of the TagAFL∗:UDP–ManNAc complex reveals sugar contacts to the TagA 

core domain that contribute to stereoselectivity. In particular, the N-acetyl group of ManNAc is 

projected into a pocket where its carbonyl oxygen accepts a hydrogen bond from the amino group 

in Q167, and the 3′ hydroxyl oxygen accepts a hydrogen bond from the amino group in N39 (Fig. 

3.4C). In contrast, the distinct stereochemistry of UDP–GlcNAc precludes these contacts, and 

instead the GlcNAc adopts two distinct conformers that are presumably enzymatically inactive 

(Fig. 3.4B). 

Our results reveal that the CTT plays a major role in facilitating catalysis by encapsulating 

the UDP–ManNAc substrate and by contributing catalytically important side chains to the active 

site. We modeled the structure of the full-length TagA enzyme containing the CTT using 

coevolution restraints and the coordinates of the TagAFL∗:UDP–ManNAc complex. MD 

simulations of the complex reveal that the CTT covers the UDP–ManNAc molecule, forming three 

α-helices (H10'–H12') that project five highly conserved residues toward the active site: E210, 

W211, R214, R221, and R224 (Fig. S3.5). Prior work demonstrated that R221 in the CTT is crucial 

for catalysis, but the role of other conserved amino acids remained unknown. In this study, we 

demonstrate that all conserved arginine residues in the CTT are critical for catalysis (R214, R221, 
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and R224). MD simulations shed light onto the functions of R221 and R224, as both residues form 

favorable and long-lived ionic interactions with the diphosphate group of UDP–ManNAc (Fig. 

3.5G). The conserved R214 residue in the CTT is also extremely important for catalysis and may 

be involved in binding lipid-α (see later). In the MD simulation of the complex, the other conserved 

residues in the CTT (E210 and W211) pack against the core domain and may stabilize the 

positioning of the CTT over the UDP–ManNAc substrate. However, these interactions appear to 

be less important for catalysis as E210A and W211A variants retain ∼80% and ∼50% activity as 

compared with wildtype TagA, respectively (Fig. 3.6B). 

The data presented here provide new insight into the molecular basis of catalysis. From 

this work and a previously published study, a total of four highly conserved residues in TagA have 

been shown to be important for catalysis, and when altered, they reduce enzyme activity to less 

than 25% of the wildtype enzyme (36). These residues include R214, R221, and R224 in the CTT 

and D65 located in the core domain (Fig. 3.6B) (36). TagA is a metal-independent inverting GT 

and therefore presumably catalyzes an SN2-like direct displacement reaction at the anomeric 

carbon of the UDP–ManNAc sugar donor (19). In this reaction, the nucleophilic 4′ hydroxyl group 

of GlcNAc in lipid-α may be deprotonated for catalysis by the side chain of D65 located in a 

conserved pocket on the core domain. Indeed, the TagAFL∗:UDP–ManNAc structure shows that 

the D65 side chain is near the C1' of ManNAc in a solvent-accessible pocket that the GlcNAc 

sugar of lipid-α presumably occupies when bound. Following activation by D65, the 4′ oxygen in 

lipid-α attacks the C1' anomeric carbon in UDP–ManNAc, promoting the breakage of its 

phosphodiester bond and transfer of ManNAc to lipid-α. Based on our MD simulations of the 

complex, R221 and R224 in the CTT likely play a key role in this process by stabilizing the UDP-

leaving group through ionic and hydrogen-bonding interactions with its diphosphate group (Fig. 
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3.5G). How the enzyme recognizes lipid-α remains unclear, as it may also involve enzyme–bilayer 

interactions that are mediated by the CTT. In the MD simulation of the complex, a small pore 

formed between the CTT and core domain could serve as the entry point for lipid-α. Intriguingly, 

this pore connects the nonpolar surface on the CTT that is predicted to contact the membrane to a 

cavity that contains the C1' atom in UDP–ManNAc. Moreover, it is lined with the conserved E210 

and R214 residues in the CTT as well as D65 located in the core domain that is conserved and has 

previously been shown to be important for catalysis (Figs. 3.6B and S3.5) (36). It is thus tempting 

to speculate that the pore serves as the entry point for lipid-α whose positioning would be stabilized 

by favorable electrostatic interactions between the diphosphate group of lipid-α and the 

guanidinium group of R214. A comparison of the MD trajectories of TagA in its free and UDP–

ManNAc bound states reveals that UDP–ManNAc binding quenches motions in the H10' and H11' 

helices of the CTT (Fig. 3.5A). When bound, the substrate locks the CTT in an “in state” 

conformation, in which it presents highly conserved residues that either interact with the core 

domain (E210 and W211) or the UDP–ManNAc substrate (R221 and R224). This substrate-

induced structural transition may explain the results of steady-state kinetics measurements that 

concluded that the B. subtilis TagA enzyme works via an ordered Bi–Bi mechanism in which 

UDP–ManNAc binds to the enzyme first, followed by lipid-α (19). However, additional studies 

are needed to investigate the molecular basis of this second binding event. 

TagA and other members of the GT26 family are structurally unique GTs that share some 

commonalities with the recently characterized GT-D type enzymes. Structural analyses have 

identified four distinct GT superfamilies based on their folds, GT-A through GT-D (33, 51, 52). 

The majority of GT enzymes form water-soluble structures that fall into the GT-A or GT-B 

superfamilies or are members of the membrane-integrated GT-C superfamily (51). The GT-D 
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superfamily contains a single characterized enzyme, DUF1792, which transfers glucose from 

UDP-glucose to post-translationally modify a serine-rich repeat glycoprotein Fap1 in Streptococci 

and Staphylococci (52, 53). As previously described, TagA has a similar β-sheet topology and 

limited structural similarity to the GT-D domain in DUF1792 (DALI Z-score: 8.7) (Fig. S3.6) 

(36, 54, 55). However, the proteins differ markedly at their C termini. DUF1792 contains an 

extended loop region between the H10 and H11 helices in its core domain that encloses the 

substrate binding site and coordinates the catalytically essential Mn2+ cation with an acidic 

glutamate residue (Fig. S3.6) (52). In contrast, TagA enzymes eschew this extended loop in favor 

of a CTT appendage that encapsulates the donor sugar and contributes conserved arginine residues 

that promote metal-independent GT activity. Based on primary sequence alignments, the CTT is 

conserved among GT26 enzymes, with ∼81% of these enzymes retaining this structural element 

and its essential conserved arginine residues. The surface-exposed hydrophobic patch is also 

conserved in these enzymes, suggesting that like TagA, they glycosylate membrane-embedded 

lipid substrates. Thus, we conclude that TagA and other GT26 enzymes adopt a novel GT-E type 

structural fold that is well suited for recognizing membrane-associated sugar acceptors. 

The results presented here further support the hypothesis that TagA functions as a monomer 

on the cytoplasmic membrane. Native MS experiments of TagA at protein concentrations likely to 

occur within the cell (∼10 μM) demonstrate that it is in equilibrium between monomeric and 

dimeric states (Fig. 3.7A). However, in the presence of micelles, the equilibrium is shifted to the 

monomeric form, presumably because bilayer interactions with the hydrophobic surface of CTTs 

in the monomer stabilize its structure and association with the core domain. As the CTT and 

potential intersubunit surfaces on the core domain are coincident, stabilizing CTT binding can be 

expected to limit oligomerization. This notion is compatible with SE-AUC studies of solubilized 
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variants of TagA (TagAΔC and TagAFL∗), which show that removing the CTT and its ability to 

compete for binding to the intersubunit interface promotes dimerization (the KD for dimer 

association is 210 ± 50 μM for TagAFL∗ and 7.4 ± 0.7 μM for TagAΔC). Finally, MD simulations 

and biochemical studies further validate the structure of the TagACM model, which is shown to 

represent an energetically stable form of the protein that explains the importance of several 

conserved CTT (R214, R221, and R224) and core domain (D65) residues that are required for 

catalysis. 

In conclusion, our data provide new insight into how TagA enzymes synthesize the linkage 

unit that joins WTA to the bacterial cell wall. When removed from the membrane and at low 

protein concentrations, TagA is in an equilibrium between monomeric and dimeric states (36). 

Upon encountering the cytoplasmic membrane that houses its lipid-α substrate, its monomeric 

form is stabilized via interactions between a hydrophobic patch on the CTT and the lipid bilayer 

(Fig. 3.7B). This form of the protein is enzymatically active as it enables the CTT to encapsulate 

the UDP–ManNAc substrate that is bound to the surface of the core domain. Both the CTT and 

core domain are instrumental in constructing the active site that contains UDP–ManNAc, with 

each presenting conserved residues that are important for catalysis (core domain: D65; CTT: R214, 

R221, and R224). Steady-state kinetics suggest that UDP–ManNAc binds first, which in MD 

simulations is shown to stabilize the closure of the CTT and the formation of a potential lipid-α 

binding surface. Based on modeling studies, we ascribe tentative functions for the conserved 

residues, with the arginine residues acting to stabilize the phosphate groups in UDP–ManNAc 

(R221 and R224) and lipid-α (R214) substrates. Meanwhile, D65 in the core domain may act as a 

general base, which deprotonates the terminal GlcNAc sugar in lipid-α. As other members of the 

GT26 family also contain a conserved CTT segment, they may glycosylate membrane lipid 
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substrates using a similar mechanism. The results of this study could facilitate the development of 

new antimicrobial compounds that work by disrupting TagA function and, in turn, WTA 

biosynthesis. 

 

3.6 Experimental Procedures 

 

3.6.1 Protein expression and purification 

All TagA constructs were cloned and expressed using standard methods as described 

previously (36). Briefly, each construct contained an N-terminal 6×His-tag and tobacco etch virus 

protease recognition sequence (ENLYFQS) in the pMAPLe4 expression vector and was expressed 

in E. coli BL21(DE3) cells. Cultures were grown in the presence of 50 μg/ml kanamycin at 37 °C 

in a shaking incubator to an absorbance of 0.6 to 0.8 at 600 nm, before induction with 1 mM IPTG. 

Expression proceeded at 17 °C for 16 h. For isotopically labeled samples, the cell pellets were 

exchanged into M9 media supplemented with 15NH4Cl, 13C-glucose, and 70% or 99% deuterium 

oxide (Cambridge Isotope Laboratories) before induction (56). The cells were pelleted by 

centrifugation, and cells were resuspended in 40 mM CHAPS, 50 mM Tris–HCl, pH 7.5, 500 mM 

NaCl supplemented with 400 μl of protease inhibitor cocktail (Sigma), and 2 mM 

phenylmethanesulfonylfluoride, 1 mg egg white lysozyme, and 0.5 mg Serratia marcescens 

nuclease per liter of culture (57). Resuspended cells were lysed using an Emulsiflex high pressure 

homogenizer (Avestin), and soluble TagA lysate was clarified by centrifugation. 

TagA protein was purified by passing over Co2+–NTA HisPur resin (Fisher) and washed 

with 8 mM CHAPS, 50 mM Tris–HCl, pH 7.5, and 500 mM NaCl buffer. Protein was eluted from 

the column using the same buffer supplemented with 200 mM imidazole. Eluted protein was 
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concentrated using Amicon centrifugal filters (Fisher). The 6×His-tag was proteolytically removed 

using 0.5 mg tobacco etch virus protease and buffer exchanged into a 10% v/v glycerol, 50 mM 

Tris–HCl, pH 7.5, and 500 mM NaCl buffer. The protein was passed over Co2+–NTA again and 

washed off the column with 10% v/v glycerol, 50 mM Tris–HCl, pH 7.5, and 500 mM NaCl buffer. 

Wash fractions containing protein were concentrated, and the protein was subjected to size-

exclusion chromatography using a Superdex 75 preparation grade column (GE). Protein was 

concentrated prior to storage or use. TagA variants were tested for their in vitro activity using a 

previously described HPLC assay (19, 36). 

 

3.6.2 NMR assignments and relaxation experiments 

Isotopically labeled samples were dissolved in NMR buffer at pH 6.8 (50 mM sodium 

phosphate, pH 6.8, and 100 mM NaCl). TagAΔC was uniformly isotopically labeled with 15N or 

15N/13C/2H (70%), whereas TagAFL∗ was uniformly isotopically labeled with 15N or 15N/13C/2H. 

Spectra were acquired at 303 K on Bruker Avance III HD 600 MHz (14.1 T) and Bruker Avance 

NEO 800 MHz (18.8 T) spectrometers equipped with triple resonance cryogenic probes. Backbone 

assignments of TagAΔC were determined by carrying out TROSY-enhanced variants of the 

following experiments: 15N-HSQC, HNCO, HN(CA)CO, HNCA, HN(CO)CA, HNCACB, and 

HN(CO)CACB (58, 59). Data were processed using NMRPipe, and CARA was used to perform 

sequential assignment (60, 61). Secondary structures were predicted from secondary 13C chemical 

shifts using TALOS-N (62). 

The rotational correlation time (τc) of TagAΔC was estimated from a series of 15N-TRACT 

experiments (63). Spectra were acquired using a 0.48 mM sample of 15N-labeled TagAΔC, with 

2048 complex points, 128 transients, and 100 experiments for each spin state, and the relevant 
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delay incremented by 1.5 ms. The decay of integrated amide proton signals was fitted to an 

exponential decay resulting in a transverse cross-correlated relaxation rate (ηxy) of 28 Hz. This 

allowed calculation of τc ∼27 ns via algebraic solutions (64). 

 

3.6.3 SE-AUC 

SE–AUC experiments were performed on an Optima XL-A analytical ultracentrifuge 

(Beckman Coulter). Three concentrations for each sample (TagA: 4.2, 13, and 19 μM; TagAFL∗: 

6.0, 18, and 28 μM) were subjected to three ultracentrifuge speeds (TagA: 12,000, 15,000, and 

19,000 rpm; TagAFL∗: 15,000, 19,000, and 24,000 rpm) and allowed to reach SE at 4 °C. Data 

regression analysis was performed using the Beckman-Coulter Optima Analytical Ultracentrifuge 

Origin Data Analysis Package. The data were fit to multiexponential and single-exponential 

models. TagAFL∗ was best represented by a monomer–dimer multiexponential model that was 

calculated using the predicted monomeric molecular weight of 27,800 Da by the ExPASy 

ProtParam tool (65). The dissociation constant (KD) was determined to be the inverse of KA(conc) 

using the following equation (66, 67): 

KA(conc) = KA(abs) ((εl)
n-1/n) 

where the molar extinction coefficient (ε) was determined to be 21,720 cm−1 M−1 using the 

ExPASy ProtParam tool, l is the path length of 1.2 cm, n is the order of oligomerization, and KA(abs) 

is the absorbance association constant. 

 

3.6.4 X-ray crystallography 

The TagAFL∗:UDP–GlcNAc and TagAFL∗:UDP–ManNAc complexes were cocrystallized 

from solutions containing 15 mg/ml or 11 mg/ml TagAFL∗, respectively, dissolved in 50 mM Tris–
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HCl, pH 7.5, 500 mM NaCl buffer, and supplemented with either UDP–GlcNAc or UDP–

ManNAc at fivefold molar excess. The UDP–ManNAc used to form the complex was produced 

using a chemoenzymatic method as described previously (68). Screening was done using the 

hanging-drop vapor diffusion method at 4 °C. The TagAFL∗:UDP–GlcNAc complex crystallized 

in 100 mM HEPES, pH 7.5, 10% w/v PEG 8000, and 8% v/v ethylene glycol. The TagAFL∗:UDP–

ManNAc complex crystallized in 40 mM potassium phosphate monobasic, pH 7.5, 10% w/v PEG 

8000, and 20% v/v ethylene glycol. Crystals were cryoprotected when harvested in reservoir 

solution containing 45% glycerol. Both datasets were obtained at the Advanced Photon Source 

beamline 24-ID-C. Data were acquired at 100 K with 0.25° oscillations and detector distances of 

300 and 450 mm for the TagAFL∗:UDP–ManNAc and TagAFL∗:UDP–GlcNAc complexes, 

respectively. 

XDS/XSCALE was used to perform indexing, integration, and scaling of each dataset in 

the P3121 space group (69). Dataset anisotropy was corrected using the UCLA Diffraction 

Anisotropy Server and a −50 Å2 isotropic B-factor sharpening was applied to improve the apparent 

B-factors of the TagAFL∗:UDP–ManNAc crystal structure (43). For both complexes, the 

asymmetric unit contained three molecules of TagAFL∗. Phases were determined by molecular 

replacement using Phaser and the previously published coordinates of TagAΔC (PDB: 5WB4) (70, 

71). Structures were iteratively improved by rounds of manual model building in Coot and 

automated refinement using BUSTER (Global Phasing Ltd) and PHENIX (71, 72, 73). The 

GRADE server was used to parameterize UDP–ManNAc for subsequent refinement (73). To 

assess the accuracy of ligand placement, composite iterative-build omit maps were generated by 

refining the structures of TagAFL∗:UDP–GlcNAc and TagAFL∗:UDP–ManNAc using the 

AutoBuild program such that the resulting electron density in the omitted ligand region is unbiased 
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by the atomic model (45). Additional simulated-annealing composite omit maps were generated 

using PHENIX (71). Statistics for data collection and structure refinement are given in Table 3.1. 

 

3.6.5 MD simulations 

A model of the full-length T. italicus protein for MD simulations was constructed as 

follows. First, the GREMLIN method was used to model the structure of the full-length B. subtilis 

TagA protein using coevolutionary patterns in a multiple sequence alignment (39). Second, the 

structure of the full-length T. italicus TagA protein was constructed by homology modeling using 

the program I-TASSER and the GREMLIN-derived structure of the B. subtilis enzyme as a 

template (40). Finally, because the coordinates of the core domain in T. italicus TagA are known, 

the final structure used in the MD simulations contains the experimentally derived coordinates of 

the core domain in the TagAFL∗:UDP–GlcNAc crystal structure and the coordinates of the CTT 

derived from TagACM. The program MODELLER was used to combine the coordinates (residues 

2–186 and 140–244 were combined using the coordinates of the TagAFL∗:UDP–GlcNAc crystal 

structure and TagACM, respectively) (46). The final merged coordinates were used in the MD 

simulations of the apoenzyme. The structure of the complex used in the simulations was obtained 

by positioning the ligand in a manner similar to that observed in the TagAFL∗:UDP–ManNAc 

crystal structure. 

Explicit-solvent MD simulations of the generated model were run using GROMACS 2021 

using the CHARMM36m force field (74, 75). The system was solvated with TIP3P, energy 

minimized, and equilibrated in two stages (NVT followed by NPT). For the complex model, the 

equilibration was further divided into two steps with both macromolecules held via position 

restraints and then restraints on the protein alone. 1.0 μs production MD simulations were then 
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performed on both the apo and complexed systems. For the complex, pairwise distances between 

the protein and UDP–ManNAc as observed in the crystal structure were restrained using three pull 

groups (N39 terminal amine nitrogen to UDP–ManNAc sugar 3′ oxygen, E41 Cα to UDP–

ManNAc N-acetyl oxygen and Y137 Cε to UDP–ManNAc uracil C5' carbon). Global backbone 

RMSD calculated over the course of the simulations revealed that they reached convergence after 

20 ns (apo simulation) or 200 ns (complex simulation) of NPT simulation. Clustering was 

performed using the GROMACS cluster module with the GROMOS method and a 0.9 Å cutoff 

threshold where the least squares fit was calculated for backbone atoms of the core domain only 

(residues 1–195) (47). 

 

3.6.6 Enzyme-coupled activity assay 

The TagA enzyme-coupled assay was described previously and is briefly summarized here 

(19, 36). The reaction was analyzed using a paired ion chromatography HPLC assay and under the 

following conditions: 0.2 μM TagA; 100 μM lipid-α analog, 100 μM UDP–GlcNAc, 3 μM UDP-

N-acetyl-d-glucosamine 2-epimerase (MnaA), 50 mM Tris–HCl, pH 7.8, and 250 mM NaCl (19, 

76). Reactions were preincubated without TagA enzyme for 15 min at 30 °C. Then the TagA 

enzyme was added and incubated for 40 min at 30 °C before quenching with 4 M urea. The end-

point reactions were separated with an Agilent Eclipse Plus C18 column using a buffer gradient of 

65% buffer A (15 mM sodium phosphate, 10 mM tetrabutylammonium hydrogen sulfate, and pH 

7.0) and 35% buffer B (35 mM sodium phosphate, 10 mM tetrabutylammonium hydrogen sulfate, 

30% acetonitrile, and pH 7.0) to 100% buffer B over 4 min. UDP–ManNAc and UDP elution peaks 

were monitored at 262 nm and integrated to determine turnover rate. 
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3.6.7 Native mass spectrometry 

TagA was exchanged into 500 mM ammonium acetate buffer, pH 7.4, and incubated at 4 

°C overnight, then diluted to a concentration of 10 μM with varying concentrations of DDM (0–

400 μM). Nanoelectrospray ionization native MS analysis was performed on a G2-Si Synapt 

(Waters Corporation) in negative ion mode with the following parameters: 2000 to 8000 m/z, 

capillary: 1 kV; source temperature: 50 °C; desolvation temperature: 150 °C; sampling cone: 20 V; 

trap collision energy: 6 to 50 V; and transfer collision energy: 2 V. The collision energies in the 

“trap” region of the mass spectrometer used to remove DDM adducts from the protein were: 6, 20, 

20, 30, and 50 V for 0 μM, 10 μM, 100 μM, 200 μM, and 400 μM DDM, respectively. The m/z 

raw data were centered (15 channels, 80% centroid top) in MassLynx (version 4.1; Waters 

Corporation) prior to input and deconvolution in UniDec (77). The deconvolution parameters are 

as follows: peak full-width half-maximum: 50 Th; peak shape function: gaussian; beta: 1000; 

charge smooth width: 1.0; point smooth width: 100; and maximum number of iterations: 100. 
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3.7 Figures 

 

Figure 3.1 TagA protein constructs and sequence alignment. A, three Thermoanaerobacter 

italicus TagA proteins were used in this study: TagAΔC, residues M1–G195; TagA, residues M1–

R244; and TagAFL∗, residues M1–R244 with four amino-acid substitutions 

(I203E/L209Q/L212K/I216E). The folded core domain of TagA (blue) and computationally 

predicted helices (green) in the CTT are shown as horizontal bars. The secondary structure 

elements are shown with the predicted helices in the tail labeled H10', H11', and H12'. Asterisks 

indicate the location of the amino-acid substitutions in TagAFL∗. B, primary sequence alignment 

of select TagA proteins showing the CTT. Residues with high similarity across species are colored 

as follows: nonpolar (green), basic (blue), acidic (red), aromatic (yellow), and proline (orange). 

Asterisks indicate the location of the amino-acid substitutions in TagAFL∗, and arrows indicate 

conserved residues that were altered in this study. CTT, C-terminal tail. 
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Figure 3.2 NMR studies of TagA. A, assigned 1H–15N TROSY–HSQC spectrum of TagAΔC, with 

the center of the spectrum expanded and shown on the right. About 61% of amide residues were 

assigned for TagAΔC. B, crystal structure of the TagAΔC dimer colored to show amino acids whose 

chemical shifts were assigned (shaded green). The TagAΔC dimer is shown in cartoon (left) and 

surface (right) representations (Protein Data Bank code: 5WB4). C, overlays of 1H–15N TROSY–

HSQC spectra: TagAΔC alone (left), overlaid with the spectrum of TagA (center, blue) and with 

spectrum of TagAFL∗ (right, red). HSQC, heteronuclear single quantum coherence; TROSY, 

transverse relaxation optimized spectroscopy. 
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Figure 3.3 A model of the monomeric form of full-length TagA and its use in creating a 

solubility-enhanced TagA protein. A, TagACM, a computationally derived model of the TagA 

monomer. Orange bars mapped onto the structure connect coevolving amino acids between the 

core domain (yellow surface) and the CTT (green cartoon) that were identified using the program 

RaptorX (41). The thickness of the bars indicates the probability of residues being within 8 Å 

(50%—thin, 100%—thick). B, surface representation of the crystal structure of the TagAΔC dimer 

showing coevolving core domain residues in yellow. The predicted CTT binding surface on the 

monomeric form of the enzyme conflicts with the dimer interface. C, TagACM model showing the 
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location of the nonpolar amino acids (red) that were altered to create the solubility-enhanced 

protein (TagAFL∗, I203E/L209Q/L212K/I216E). D, SE–AUC experiments of TagAFL∗. Data were 

collected using three sample concentrations at three rotor speeds: 15,000 (blue), 19,000 (green), 

and 24,000 (red) rpm. Residuals after fitting the data to a monomer–dimer equilibrium are shown. 

CTT, C-terminal tail; SE-AUC, sedimentation equilibrium–analytical ultracentrifugation. 

 



 

140 

 

 
TagAFL*:UDP-GlcNAc TagAFL*:UDP-ManNAc 

Data collection   

PDB Code 7MPK 7N41 

Space group P 31 2 1 P 31 2 1 

Cell dimensions 
  

    a, b, c (Å) 113.24, 113.24, 114.45 113.24, 113.24, 118.55 

    α, β, γ (°) 90.00, 90.00, 120.00 90.00, 90.00, 120.00 

Resolution (Å) 74.5-3.0 (3.1-3.0)a 98.4-3.3 (3.4-3.3)a 

Wavelength (Å) 0.9797 0.9791 

Rmerge (%) 12.0 (88.1) 8.0 (128.8) 

I / σI 16.2 (2.9) 14.7 (1.6) 

CC1/2 99.8 (83.0) 99.8 (66.6) 

Completeness (%) 99.7 (97.3) 99.9 (99.8) 

Redundancy 9.8 (9.1) 7.4 (7.2) 

Wilson B-factor (Å2) 76.05 84.37 

Refinement 
  

Resolution (Å) 74.5-3.0 98.4-3.3 

No. reflections 17470 13694 

Rwork / Rfree (%)b 20.6/25.3 19.1/24.7 

No. atoms 4755 4612 

    Protein 4519 4456 

    Ligand/ion 234 156 

    Water 2 0 

B-factors (Å2) (all atoms) 71.2 91.8 

    Protein 71.4 91.6 

    Ligand/ion 66.4 97.5 

    Water 54.1 N/A 

R.m.s. deviations 
  

    Bond lengths (Å) 0.013 0.010 

    Bond angles (°) 1.55 1.26 

Ramachandran favored (%) 98.1 96.4 

Ramachandran allowed (%) 1.9 3.6 

Ramachandran outliers (%) 0.0 0.0 
aValues in parentheses are for the highest-resolution shell. 

bRmerge calculated using 5% of collected experimental data. 

Table 3.1 Crystal data collection and structure refinement statistics. 
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Figure 3.4 Structures of the TagAFL∗:UDP–ManNAc and TagAFL∗:UDP–GlcNAc complexes. 

A, the asymmetric unit of the TagAFL∗:UDP–ManNAc complex (Protein Data Bank code: 7N41). 

Protein subunits are shown in red, blue, and green. The protein in the TagAFL∗:UDP–GlcNAc 

complex (Protein Data Bank: 7MPK) adopts a very similar structure. B, iterative-build 2mFo–DFc 

composite omit maps showing the location of the UDP–ManNAc (left, yellow) and UDP–GlcNAc 

(right, cyan and purple) ligands in the TagAFL∗ complexes (contoured at 1.0 σ) (45). UDP–

GlcNAc adopts two conformations, 1 and 2, where the sugar is oriented away from or toward the 

catalytic pocket containing D65. Additional simulated annealing omit maps for the structures are 
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presented in Fig. S3.3. C, image showing enzyme–substrate interactions in the TagAFL∗:UDP–

ManNAc complex. A cartoon representation of the protein is shown in gray. UDP–ManNAc and 

amino acid side chains are shown in stick format. Amino acid side chains are colored based on the 

part of the substrate they contact: uracil base (purple), ribose (green), and ManNAc moiety (red). 

D, electrostatic surface of the substrate binding site in the TagAFL∗:UDP–ManNAc complex. 

Coloring is as follows: anionic (red), neutral (white), and cationic (blue). GlcNAc, N-acetyl-D-

glucosamine; ManNAc, N-acetyl-D-mannosamine. 
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Figure 3.5 MD simulations of apo-TagACM and the TagACM:UDP–ManNAc complex. A, a 

plot showing the root mean square fluctuation (RMSF) differences of TagA backbone coordinates 

during apo and complex MD simulations. B, representative clusters of the apo-TagACM simulation 

showing the fluctuations of the C-terminal tail (CTT). The surface of the core domain is colored 

gray, residues within the catalytic pocket are colored orange, and helices H10'–H12' in the CTT 

are colored based on their positioning (“in state” [blue, C] or “out state” [red, D]). The UDP–

ManNAc binding surface is indicated by yellow arrows. E, representative clusters of the 

TagACM:UDP–ManNAc complex simulation. The H10' and H11' helices are stable and pack 
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against the core in a conformation that resembles the “in state” observed in the simulation of apo-

TagACM. The CTT for each cluster is represented in cartoon format and shaded from light blue to 

green. F, the surface representation of the primary cluster (cyan) from the complex simulation. 

Coloring as in panels (B–D). Conserved CTT arginine residues (R214, R221, and R224) are 

colored purple. G, enzyme–substrate contacts observed in the MD simulation of the 

TagACM:UDP–ManNAc complex. In the two most populated clusters in the trajectory (cluster 1, 

51% of the trajectory, cyan; cluster 2, 25% of the trajectory, green), the diphosphate group in 

UDP–ManNAc interacts with two highly conserved arginine residues, R221 and R224. ManNAc, 

N-acetyl-D-mannosamine; MD, molecular dynamics. 
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Figure 3.6 Enzyme activities of TagA variants. A, schematic of the in vitro enzyme-coupled 

TagA activity assay. Synthetic lipid-α analog is coincubated with UDP–GlcNAc and an MnaA 

epimerase before addition of the TagA enzyme. UDP product accumulation is quantified by 

absorbance at 262 nm. B, a chart of UDP product formation for a series of variants of the 

Thermoanaerobacter italicus TagA enzyme following an end-point activity assay. Bars labeled “-

lipid-α,” “-MnaA,” and “-TagA” indicate assays in which these components were not present. All 

single amino-acid substitutions were introduced in the native full-length TagA enzyme. Each 

experiment was performed in technical triplicate, and error bars represent the standard deviation 

of measurements. The statistical significance (p value) between native TagA and variant activity 
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datasets was determined using the Analysis ToolPak in Microsoft Excel. Asterisks indicate the 

statistical significance between the activity of native TagA and variant datasets (∗p < 0.005, ∗∗p < 

0.0001, and ns). GlcNAc, N-acetyl-D-glucosamine; ns, not significant. 
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Figure 3.7 Native MS studies of micelle binding by TagA. A, negative ion mode MS of 10 μM 

TagA. Deconvoluted mass spectra of TagA with varying concentrations of DDM detergent (critical 

micelle concentration [CMC]: 170 μM) are shown with monomeric and dimeric peaks identified. 

B, proposed model of membrane association by TagA based on the results of experimental and 

computational studies. In solution, TagA exists in a monomer–dimer equilibrium. When a 

membrane is present, a hydrophobic patch on the CTT that exists only in the monomeric form of 

the enzyme favorably interacts with the membrane and is stabilizing. As a monomer on the 

membrane, TagA is poised to bind to its lipid-α substrate. CTT, C-terminal tail; DDM, n-dodecyl-

β-D-maltoside. 
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3.8 Supporting Information 

 

3.8.1 Supporting figures 

 

Figure S3.1 Solution state SE-AUC experiments on TagA. Single molecular weight 

approximations of TagA SE-AUC experiments at three concentrations (19 µM, 13 µM, and 4.2 

µM) and three rotor speeds (12k rpm, purple, 15k rpm, blue, and 19k rpm, green). Averaged 

molecular weight species are concentration-independent and speed-dependent between 

experiments, indicating an aggregation of oligomers of indeterminable composition and quantity. 
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TagA residue pair a 

Secondary structure elements 

between paired residues 

Likelihood of residue 

pair Cβ within 8 Å b 

191-197 H9-(H9-H10 loop) 0.992 

67-208 H4-(H10-H11 loop) 0.899 

85-205 (H4-H5 loop)-H10 0.893 

192-199 H9-(H9-H10 loop) 0.885 

83-205 (H4-H5 loop)-H10 0.867 

83-208 (H4-H5 loop)-(H10-H11 loop) 0.837 

72-235 H4-H12 0.811 

40-228 H2-H12 0.801 

188-197 L17-(H9-H10 loop) 0.791 

87-199 H5-(H9-H10 loop) 0.787 

40-231 H2-H12 0.784 

44-227 H2-H12 0.773 

40-227 H2-H12 0.726 

44-231 H2-H12 0.718 

43-231 H2-H12 0.717 

113-196 H6-(H9-H10 loop) 0.715 

85-210 (H4-H5 loop)-H11 0.711 

75-235 H4-H12 0.697 

41-227 H2-H12 0.695 

44-230 H2-H12 0.655 

83-206 (H4-H5 loop)-(H10-H11 loop) 0.65 

85-200 (H4-H5 loop)-(H9-H10 loop) 0.603 

72-231 H4-H12 0.577 

192-198 H9-(H9-H10 loop) 0.567 

71-208 H4-(H10-H11 loop) 0.565 

116-196 H6-(H9-H10 loop) 0.56 

68-232 H4-H12 0.557 

47-234 H2-H12 0.545 

68-231 H4-H12 0.525 

67-210 H4-H11 0.522 

68-208 H4-(H10-H11 loop) 0.508 

72-232 H4-H12 0.5 
a Residue numbering according to T. italicus TagA. Only residue pairs between the core domain (M1-

G195) and CTT (K196-R244) are listed. 

b Likelihood generated by the RaptorX server, cutoff at 0.5. 

Table S3.1 Coevolutionary-based probability of paired core domain and CTT residues 

within 8 Å between Cβ coordinates. 
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Figure S3.2 Computational models of full-length T. italicus TagA are structurally similar. 

The structure of full-length T. italicus TagA was modeled using either the GREMLIN (yellow) or 

RaptorX (blue) programs that leverage coevolution for structure prediction. Three views are shown 

that differ by 90o rotations. Both programs predict similar structures that can be superimposed with 

a complete backbone RMSD of 2.05 Å.  The core domains alone can be superimposed with a 

backbone RMSD of 1.71 Å, indicating slight variations in the positioning of the CTT in the 

modeling programs. The procedures used to model the structures are described in the text.  

 



 

151 

 

 

Figure S3.3 Comparison of crystallographic contacts between TagA and bound nucleotide 

sugars. A-B, 2mFo-DFc and mFo-DFc simulated annealing omit maps for the ligands in the 

TagAFL*:UDP-ManNAc (A) and the TagAFL*:UDP-GlcNAc (B) structures. The 2mFo-DFc omit 

maps (blue) are contoured at 1.0 σ and the mFo-DFc omit maps (green: positive, red: negative) are 

contoured at 2.0 σ. C, overlay of the crystallographic coordinates of UDP-ManNAc (yellow) and 

UDP-GlcNAc (pink, cyan) in their respective TagA complexes. Observed hydrogen bond contacts 

between core domain residues shown in stick format (green) and the UDP-ManNAc ligand are 

identified by black dashed lines. D, as in panel C, but the protein is shown in surface representation. 



 

152 

 

UDP-ManNAc adopts a single conformation (yellow) and UDP-GlcNAc adopts a major 

conformation (conformer 1, 60% abundance, pink) and a minor conformation (conformer 2, 40% 

abundance, cyan).  
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Figure S3.4 CTT and core domain interactions through apo and complex MD simulations. 

The distance between Cα atoms in three residues pairs were tracked through the MD simulations 

after equilibration. A, measurements between residues G66-L212 (green), A85-G208 (blue), and 
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V192-R205 (red) showed variable distances and highlighted the flexibility of H10’ and H11’ in 

the apo simulation. B, in the complex simulation, the same three residue pairs were tracked and 

displayed steady distance distributions through the simulation. Residue pairs were chosen for 

proximity between the CTT and core domain that would have a pronounced difference between 

the in and out states observed in the apo simulation. Representative Cα distances are displayed for 

the in and out states for the apo simulation (C) and for the most representative cluster of the ligand 

simulation (D). Colors of the residues and measurements are represented as in (A) and (B). 
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Figure S3.5 Complex MD simulations shows conserved CTT residues that project side chains 

into the catalytic pocket. A, cluster 1 (51% of the trajectory) from the TagACM:UDP-ManNAc 

complex simulation shows three conserved residues (E210, W211, and R214) orienting their side 

chains near the catalytic pocket (orange) and do not make any direct substrate. R221 and R224 are 

also highly conserved but directly coordinate the substrate pyrophosphate groups. A terminal 

amine group of R221 forms a stabilizing N-O bridge to the α- and β-phosphate oxygen atoms (4.7 

Å). R224 appears to participate in a cation-π interaction with F231 and donate a weak hydrogen 

bond via its ε-amine to the α-phosphate oxygen (3.9 Å). B, Cluster 2 (25% of the trajectory) shows 

relatively similar positions for E210, W211 and R214, but R221 and R224 make stronger 

stabilizing contacts with the substrate. R221 makes a salt bridge only with a β-phosphate oxygen 

(3.1 Å) and R224 is close enough to make a salt bridge with α- and β-phosphate oxygen atoms 

(3.9 Å and 2.9 Å, respectively).  
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Figure S3.6 Structural comparison of known GT-E and GT-D folds. The GT-E fold (TagACM, 

A) and the GT-D fold (DUF1792, B) contain structural similarity in secondary structure topology 

(C) about the central β-sheet in each structure. The Rossmann-like domains are identically colored 
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shades of green, cyan, and blue based on topology between the two folds. TagA contains a flexible 

CTT composed of 3 helices to encapsulate the catalytic pocket whereas DUF 1792 has an extended 

loop region between H11-β8 to close its substrate binding site (colored maroon in both structures). 
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Progress towards understanding how monomeric TagA 

controls WTA display and cell morphology 
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4.1 Overview 

Staphylococcus aureus, Bacillus subtilis, and other Gram-positive bacteria in the 

Firmicutes phylum heavily decorate their peptidoglycan with wall teichoic acid (WTA) 

glycopolymers. The first committed step in WTA biosynthesis is catalyzed by the conserved 

glycosyltransferase, TagA. TagA is a promising drug target because its genetic elimination 

attenuates bacterial pathogenicity. Prior chapters have described structural and mechanistic studies 

of the TagA glycosyltransferase from Thermoanaerobacter italicus, a close homolog to S. aureus 

and B. subtilis TagA enzymes. In these structural studies, the C-terminal tail of TagA was not 

visualized and its role in catalysis was only inferred from computational modeling and molecular 

dynamics simulations. In this chapter, I describe unpublished progress towards elucidating the 

structure of the full-length monomeric form of the TagA protein. In addition, complementation 

studies of the S. aureus tagA gene in a B. subtilis 168 ΔtagA background (a strain called prXyl) 

are presented that conclusively demonstrate the role of TagA in controlling cell morphology as 

observed by negative-stain transmission electron microscopy. 

This chapter includes unpublished work that will contribute to future publications from the 

Clubb laboratory. My contributions to this work included: testing and analyzing the effect of the 

UDP-GlcNAc titration into TiTagAFL* by NMR, performing and analyzing SE-AUC experiments, 

characterizing the effect of xylose on the growth of the genetically-engineered prXyl B. subtilis 

168 strain, and examining the cell morphology defects of prXyl in response to xylose 

supplementation by transmission electron microscopy. Other contributors to this work include 

Jason Gosschalk, who constructed the prXyl B. subtilis 168 strain, and Dr. Brendan Mahoney, who 

sequence specifically assigned the chemical shifts of TiTagAFL* using solution-state NMR 

spectroscopy. 
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4.2 Introduction 

Many pathogenic Gram-positive bacteria from the Firmicutes phylum, like Staphylococcus 

aureus, have a thick peptidoglycan (PG) sacculus that encapsulates the cell. This PG layer is 

heavily functionalized with additional proteins and glycopolymers that contribute to the 

bacterium’s physiological properties, including maintaining the cell’s morphology, mediating 

host-pathogen interactions, and enabling antibiotic resistance (1-5). Among the most abundant 

components of the Gram-positive bacterial cell wall are wall teichoic acids (WTAs): 

peptidoglycan-anchored alditol-phosphate polymers that have essential functions in cell 

morphology regulation, host immune system evasion, cationic antimicrobial peptide resistance, 

and biofilm formation (2,3,6-8). The WTA biosynthetic pathway has drawn significant interest in 

the development of antivirulence compounds because the genetic elimination of its early-stage 

synthetic enzymes re-sensitizes methicillin-resistant S. aureus (MRSA) to β-lactam antibiotics and 

attenuates virulence while preserving cell viability (9-12).  

WTA glycopolymers consist of poly-ribitol or poly-glycerol phosphate repeat units that 

can be decorated with accessory sugars or amino acids (4,9,13). They are anchored to the cell wall 

by a conserved linkage unit that is composed of one to three glycerol-phosphate (Gro-P) units 

linked to an N-acetyl-D-mannosamine(ManNAc)-(β1,4)-N-acetyl-D-glucosamine(GlcNAc) 

disaccharide monophosphate moiety which is produced by the TagO and TagA enzymes (4,14,15). 

Mature WTA glycopolymers play several important roles in virulence, division, and morphology 

for the bacterial cell. The elimination of WTAs through the mutation or deletion of tagO or tagA 

genes results in reduced pathogenicity and abrogated biofilm development in mammalian hosts for 

Staphylococcus genus bacteria (2,3,8). Additionally, the same genetic deletions have major 

impacts on the architecture of the cell wall. WTA inhibition in methicillin-resistant S. aureus 
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(MRSA) mislocalizes penicillin binding proteins—responsible for PG crosslinking—and results 

in cells with an increased susceptibility to lysozyme and β-lactam antibiotics (10,16). Thus, 

disruption of the biosynthesis of WTA polymers may lead to novel therapeutic strategies to combat 

antibiotic resistant bacteria. 

TagA catalyzes a metal ion-independent inverting GT reaction that directly transfers 

ManNAc to the C4 hydroxyl of the terminal GlcNAc in the lipid-α substrate via an SN2-like direct 

displacement mechanism (17,18). We recently reported the construction of a solubility-enhanced 

variant of TagA from Thermoanaerobacter italicus (TiTagAFL*) and its co-crystal structure with 

its native sugar donor substrate, UDP-ManNAc (19). The structure provides insight into the first 

binding step in the Bi-Bi mechanism (19). We also determined a second crystal structure of 

TiTagAFL* with UDP-GlcNAc, a C2 epimer of UDP-ManNAc which TagA cannot utilize in its GT 

reaction (19). However, both of these co-crystal structures lacked density for the C-terminal tail 

(CTT) of TagA, which is important for catalytic activity in vitro and membrane association in vivo 

(18,19). As a result, the role of the CTT could only be inferred from the results of molecular 

dynamics simulations and activity measurements. 

A major problem that limited the study of the full-length protein is the propensity of the 

CTT to be proteolytically degraded. Additional major complications involve the formation of 

dimeric and trimeric forms of the enzyme in crystals via inter-subunit surfaces that coincided with 

the CTT binding site on the enzyme. In this chapter, I describe research designed to capture the 

monomeric form of TagA in which the active site is fully formed by CTT interactions with the 

surface of the core domain. I also detail the development of a xylose-inducible TagA expression 

system in a B. subtilis 168 strain (called prXyl) in which the endogenous BstagA gene and its native 

promoter have been eliminated and replaced with a xylose-inducible SatagA gene. I demonstrate 
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that the absence of native BsTagA leads to severe defects in cell morphology and growth, which 

can be recovered by the expression of the SaTagA enzyme. To my knowledge, this is the first time 

that the enzymatic activities of SaTagA and BsTagA have shown to be interchangeable in WTA 

biosynthesis. Additionally, this SaTagA-producing B. subtilis 168 strain represents the first 

example in which the effects of SaTagA activity on cell morphology can be directly studied and it 

serves as a platform for ongoing cell-based screening for small molecule SaTagA inhibitors. 

Collectively, the research described in this chapter provides a foundation for the discovery of 

TagA-specific small molecule inhibitors that could be further developed into antibacterial 

therapeutics. 

 

4.3 Results and Discussion 

 

4.3.1 Efforts to capture a stable monomeric form of TagA 

Using ligand binding to promote the monomeric form of TiTagA. 

Significant progress has been made towards understanding the structure and mechanism of 

TagA from T. italicus. The structure of the TiTagA core domain (TiTagAΔC) has been solved in its 

apo, UDP-ManNAc-bound, and UDP-GlcNAc-bound states, but the coordinates of the crucial 

CTT have yet to be visualized experimentally (18,19). The CTT is important for membrane 

association and has been predicted to project nonpolar residues that enable the enzyme to interact 

with the cell membrane. Previous studies demonstrated that the replacement of four of these 

nonpolar residues with polar amino acids in the T. italicus TagA enzyme (TiTagAFL*) reduces the 

propensity to dimerize and increases protein solubility in solution. The improved solubility of 

TiTagAFL* enabled backbone amide signals for 75 of 244 residues (~31%) of the primary sequence 
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of TiTagAFL* to be sequence specifically assigned using triple-resonance solution-state NMR 

methods (Fig. 4.1A). However, similar to the native protein, NMR analysis of TiTagAFL* revealed 

that the enzyme likely exchanges between monomeric and dimeric states at protein concentrations 

greater than 200 μM (19). Moreover, NMR signals for the 49 amino acids in the CTT could not be 

assigned, presumably because the CTT is detached from the enzyme and structurally disordered. 

We reasoned that substrate binding could stabilize the monomeric form of TiTagAFL* by 

facilitating noncovalent interactions with the CTT that position it on the enzyme surface over the 

active site. We therefore titrated UDP-GlcNAc into a sample of 15N-TiTagAFL* and achieved a 

molar excess of 32:1. However, the spectrum of the complex does not contain additional NMR 

signals that correspond to an ordered CTT nor a global reduction in the linewidths of observed 

signals that should accompany an increased population of monomeric protein (Fig. 4.1A). Small 

chemical shift perturbations (CSPs) in response to adding UDP-GlcNAc were observed, but 

mapping the CSPs onto the TiTagAFL*:UDP-GlcNAc crystal structure suggest that the ligand 

binding is nonspecific (Fig. 4.1B). Overall, UDP-GlcNAc binding to TiTagAFL* was not observed 

by NMR spectroscopy at concentrations greater than 200 μM. I conclude that when the protein is 

at a concentration of 200 μM, binding of UDP-GlcNAc to the catalytic pocket is prevented because 

the enzyme is primarily dimeric, such that protein-protein contacts at the dimeric interface occlude 

nucleotide sugar binding even when the ligand is in excess. 

To investigate protein oligomerization at concentrations below 200 μM, we performed 

sedimentation equilibrium by analytical ultracentrifugation (SE-AUC) experiments using TiTagA 

and TiTagAFL* in the presence of 5-fold molar excess UDP-GlcNAc. Data acquired from native 

TiTagA with UDP-GlcNAc indicated that it existed as a heterogeneous mixture of aggregated states 

because the averaged molecular weight approximations were concentration-independent and 
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uniformly decreased as rotor speed increased (Fig. 4.1C). Results were consistent with native 

TiTagA SE-AUC data in its apo-form, so the addition of UDP-GlcNAc did not stabilize the 

monomeric form of the wild type protein (19). Data collected for TiTagAFL* with UDP-GlcNAc 

was best represented by a monomer-dimer equilibrium with an apparent KD of 160 ± 45 μM (Fig. 

4.1D). This dimer dissociation constant is within the error of measurement of the KD of apo- 

TiTagAFL* (210 ± 50 μM), indicating again that binding of UDP-GlcNAc does not sufficiently 

stabilize the monomeric form of the protein (19). 

The finding that UDP-GlcNAc does not increase the propensity of monomeric TagA is 

consistent with its binding not affecting CTT association with the core domain. The CTT element 

was absent in crystal structures of TiTagAFL* bound to UDP-GlcNAc (19). Also, in the structure of 

the complex, UDP-GlcNAc adopted two conformations in the substrate pocket. The ligand 

conformation with the highest occupancy (~60% abundance) was one in which the sugar moiety 

was oriented away from the catalytic pocket (19). Interestingly, modeling suggests that this 

conformation produces steric clashes that would prevent CTT association with the core domain, 

and thus occlude formation of the monomer. On the other hand, crystals of the enzyme bound to 

UDP-ManNAc show that the sugar occupies a single conformation that is expected to favor CTT 

association with the core domain through electrostatic interactions which bridge the two 

subdomains. Thus, further experiments that probe the effects of UDP-ManNAc on TagA 

oligomerization are warranted.  

 

Inter-domain fusion approach to promote monomeric TiTagA. 

As an alternative route to stabilize the monomeric form of TagA, we constructed a novel 

TiTagA fusion protein. Computational modeling and molecular dynamics simulations suggest that 
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the TagA CTT associates with the core domain at the same interface that is used to promote protein 

oligomerization (19). To stabilize the positioning of the CTT on the core domain, we integrated 

native TiTagA within the β2-β3 loop of enhanced green fluorescent protein (EGFP) (Fig. 4.2A). 

This inter-domain fusion method is expected to hold the N- and C-termini close to one another—

a conformation in which the CTT may be positioned over the presumed active site. The termini of 

TagA are held together by noncovalent interactions between EGFP subdomains that form the 

properly folded fluorescent protein (20). With the integration of the TiTagA polypeptide in EGFP, 

the CTT should be restricted in its range of motion and held near the active site—assuming EGFP 

forms its canonical β-barrel. Thus, we should be able to tune the length of the linkers connecting 

the termini in TiTagA to the subdomains of EGFP to stabilize the monomeric form of the enzyme.  

We constructed fusion proteins containing soluble linkers composed of repeats with 2x 

glycine and 1x serine (Fig. 4.2B-C) (21). Fusion proteins containing longer linkers (≥9 amino 

acids) were unstable and degraded during overexpression in Escherichia coli cells. The shorter 

linker (3 amino acids) stably overexpresses the EGFP-TiTagA fusion when it contains a small 

ubiquitin-like modifier (SUMO) solubility tag. This protein could be extracted from the cell lysate 

in the presence of CHAPS micelles. However, a significant amount of overexpressed protein 

remained in the cell lysate, potentially due to the interactions between exposed nonpolar surface 

residues in the CTT and the insoluble cell membrane. Purification of the protein was challenging, 

as the N-terminal 6xHis tag did not bind the polypeptide to Co2+-NTA resin and had to be purified 

by anion exchange chromatography. Additionally, site-specific proteolysis by ULP1 was 

inefficient. Future studies will need to further purify this protein to determine if it retains catalytic 

activity and EGFP fluorescence. Solution-state studies to probe its oligomerization must also be 

performed and followed by structural characterization if warranted. 
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Targeted mutagenesis to promote the monomeric form of SaTagA. 

TiTagA has high primary sequence similarity to SaTagA. Both proteins are predicted to 

contain a 3-helix CTT that is required for enzyme activity and membrane targeting. Toward the 

goal of increasing its solubility in solution to facilitate structural studies of the active form of the 

TagA enzyme, we generated a computational model of full-length SaTagA (SaTagACM) using 

AlphaFold2 that includes its CTT (C-terminal helices H10-H12) (Fig. 4.2D) (22). As in models of 

full-length TiTagA, several surface exposed side chains in the CTT are nonpolar and presumably 

limit its solubility (Fig. 4.2E) (18). These nonpolar surfaces may also limit the solubility of the 

protein in solution, so we implemented series of variants to alter the hydrophobic properties of the 

CTT and improve the solubility of SaTagA. Guided by the TiTagAFL* model, we generated 

SaTagAFL*, which contains four amino acid substitutions that replace nonpolar surface exposed 

residues with hydrophilic residues (I211E/I217Q/I220K/L224E). SaTagAFL* was recombinantly 

overexpressed in E. coli cells and purified as described previously for TiTagAFL* (19). Purified 

SaTagAFL* exhibited superior solubility in aqueous buffer as compared to native SaTagA and was 

primarily monomeric when assessed by SEC (only a small proportion of dimeric species was 

observed). However, the incorporation of the four amino acid substitutions in SaTagAFL* 

compromised its stability, as the protein formed insoluble aggregates at salt concentrations below 

0.5 M and it degrades soon after purification (half-life of approximately 4 days).  

In addition to SaTagAFL*, other variants of the enzyme were produced in which nonpolar 

CTT residues were replaced with hydrophilic amino acids. Here, two pairs of residues were 

modified. One pair alters the nonpolar surface located at the carboxyl ends of helices H10 and H11 

(L215Q and L224Q, SaTagACTT1) and the other pair changes the nonpolar surface at the carboxyl 

end of H11 and the amino end of H12 (L224Q and I230E, SaTagACTT2). SaTagACTT2 could not be 
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overexpressed in E. coli cells, suggesting that the alterations destabilize the stability of the protein. 

In contrast, SaTagACTT1 could be stably overexpressed in E. coli cells and is a promising candidate 

for further study. The strategies mentioned here cover multiple methods to improve the interactions 

of the CTT with solvent and may inform on constructs to build upon and generate a solubility-

enhanced variant for the structural analysis of full-length SaTagA. These results also represent a 

step towards structure-guided development of SaTagA-specific inhibitors that disrupt the synthesis 

of WTA virulence factors in pathogenic S. aureus, which may have been unattainable in the TiTagA 

system. 

 

4.3.2 SaTagA and BsTagA enzymes are functionally interchangeable in B. subtilis 

168 

Deleting the tagO and tagA genes in the B. subtilis 168 and S. aureus genomes slows their 

bacterial growth (11,12). Interestingly, the effect of these deletions on the ultrastructure of each 

type of bacterium is distinct. S. aureus, naturally cocci bacteria, do not have a significant 

morphological defect when the tagA gene is deleted (11). In B. subtilis 168, however, the deletion 

of the tagO or tagA genes causes cells to assume clumped, spherical shapes rather than their native 

rod-shaped morphology (11,12). This stark phenotypic shift in B. subtilis permits cytological 

profiling in response to WTA production. 

We aimed to leverage the morphology change in B. subtilis to develop a cell-based assay 

to screen for small molecule inhibitors of the S. aureus TagA enzyme (SaTagA), which is a potential 

target for antivirulence therapeutic development. Toward this goal, we sought to determine if the 

SaTagA and BsTagA enzymes are functionally interchangeable in B. subtilis 168, such that the 
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morphological changes in ΔBstagA B. subtilis strains complemented with SatagA could be used for 

inhibitor screening. 

 

Construction of the xylose-inducible SatagA complementation strain of B. subtilis 168 (prXyl). 

In wild type B. subtilis 168, the tagA, tagB, and tagC genes are under the control of a single 

promoter, prBstagABC. We constructed a strain in which the S. aureus tagA (SatagA) gene under a 

xylose-inducible promoter (prXylose) replaces the native tagA (BstagA) and the prBstagABC 

promoter (Fig. 4.3, Table 4.2). The strain is called prXyl and in it the tagB and tagC genes are 

unaffected, but their expression is also xylose-inducible. The strain was constructed by Jason 

Gosschalk using the pSWEET vector, which contains a promoter-operator system which regulates 

gene transcription downstream of the xylose-inducible PXylA promoter (23). The plasmid was 

integrated into the genome by a double recombination event at regions flanking the tagB gene and 

the sequence prior to the native prBStagABC promoter. Wild type SatagA was incorporated 

downstream of the Shine-Dalgarno sequence that follows PXylA to enable xylose-inducible 

transcription. Chloramphenicol and spectinomycin resistance cassettes were both included in the 

plasmid used to engineer prXyl. Chloramphenicol resistance was incorporated within the 

integration regions, along with SatagA and the machinery required for the xylose-inducible system, 

to enable antibiotic selection for successful double recombination events. Spectinomycin 

resistance was included outside of the integration sequences in the plasmid to counter select against 

single Campbell-like crossover events. Successful incorporation of SatagA under the xylose-

inducible promoter in B. subtilis 168 was verified by sequencing. 
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Growth characterization of the prXyl B. subtilis 168 complementation strain. 

We compared B. subtilis growth rates in response to xylose in the growth media to validate 

complementation of BstagA with SatagA in prXyl. We presumed that if the activity of SaTagA could 

recapitulate WTA biosynthesis, then the growth of prXyl would be slowed in the absence of xylose 

because WTAs are not produced. In these growth experiments, pre-cultures were grown to their 

stationary phase and washed with phosphate buffer solution (PBS) before induction of the 

experimental cultures at a low cell density (measured optical density at 600 nm (Abs600nm) of 

~0.05). Three concentrations of xylose in the growth media were used to investigate the effects of 

low growth (0% xylose), intermediate growth (0.03% xylose), and wild type growth (0.25% 

xylose) on cell physiology (Fig. S4.1). Indeed, the growth curve of prXyl at high xylose 

concentrations (0.25%) is comparable to B. subtilis 168—albeit with a slightly lower cell density 

in the stationary phase. This suggests that SaTagA is enzymatically active in B. subtilis 168 cells 

and recovers WTA biosynthesis (Fig. S4.1B-C).  

To further substantiate that SaTagA expression was induced by adding xylose to the growth 

cultures and not by residual intracellular xylose present in the inoculant cultures, we repeated the 

above growth experiments using different types of inoculant cultures. In these experiments, pre-

cultures were grown in media containing either low (0.05%), high (1%), or no (0%) xylose (Fig. 

S4.1). Few deviations were observed for growths originating from the 0.05% and 1% xylose pre-

cultures, but a significant lag was observed for growths that began with the 0% xylose pre-culture. 

After 25 hours, however, cell densities in the stationary phase were consistent with growths using 

other inoculants. The only exception was that the intermediate cultures with 0.03% xylose had two 

distinct growth characteristics with high variability between them. This duality reflected a growth 
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or no growth phenotype where some B. subtilis cells recover from lacking xylose in the inoculum 

and grow at a rate similar to cells that have abundant access to xylose, albeit with a longer lag 

phase. To investigate this phenomenon at a cellular level, we subjected these cell cultures to 

transmission electron microscopy so that we could observe the phenotypic effect of xylose 

incorporation on overall cell morphology. 

 

4.3.3 SatagA in prXyl recovers cell morphology in response to xylose 

Cell morphology characterization of the prXyl B. subtilis 168 complementation strain. 

B. subtilis 168 strains in which the tagO or tagA genes are deleted show marked 

morphological effects in response to WTA depletion (11,12). Therefore, the prXyl strain should 

exhibit large xylose-dependent morphological changes as xylose controls the amount of 

functioning WTA that is produced when SaTagA is expressed. To investigate this relation, we first 

used transmission electron microscopy (TEM) with negative-stained cells to study the 

morphologies of wild type B. subtilis 168 and ΔBstagA strains. As expected, B. subtilis 168 cells 

generally formed long end-to-end strings of rod-like bacteria, with several separated pairs of cells 

(Fig. 4.4A, Fig. S4.2A). To quantify the distribution of cell morphologies observed by TEM, the 

length and width of cells were measured, and the length/width (L/W) ratios were determined (Fig. 

4.4B,D, Fig. S4.2H). Wild type cells were generally about 3.5 μm in length and 1.0 μm in width, 

in agreement with previous literature values for measurements of B. subtilis cells (24-26). ΔBstagA 

bacteria displayed abnormal morphologies through a loss of their rod-shaped architecture, 

aberrantly divided cells, and asymmetric cell wall ultrastructures (Fig. 4.4A, Fig. S4.2B). 

Additionally, cells were often found in clumps of closely associated and mis-divided cells despite 

rigorous mechanical disruption of the cell solutions before their application to the electron 
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microscopy grid. Due to the nature of these cells and lack of a clear division septum, we were 

unable to select and quantitatively measure individual ΔBstagA cells. 

The prXyl cells exhibited xylose-dependent morphological changes and became more rod-

shaped when increasing amounts of xylose was present in the growth media. prXyl cells divided 

unequally when no xylose was included, which resulted in several large, ellipsoid daughter cells 

that lack typical rod-shaped morphologies (Fig. 4.4C, Fig. S4.2C,H). At high xylose concentrations 

(≥0.25% xylose), the cells generally regained their rod shapes, divided into equally sized daughter 

cells, and were symmetric in their overall architecture (Fig. 4.4C, Fig. S4.2E-F). Interestingly, at 

the intermediate xylose concentration (0.03% xylose), a distribution of morphologies was 

observed. Cells appeared to adopt rod-like, curved, or spherical cell morphologies (Fig. 4.4C, Fig. 

S4.2D). We expected a relatively uniform distribution of cells shaped like short, stunted rods based 

on growth curve data from the 0.05% and 1% pre-cultures. However, we observed a wide 

assortment of cell shapes that suggest an inconsistency in xylose-induced transcription of SatagA, 

where some cells appear to produce TagA (and WTAs) at high enough quantities to completely 

recover their rod-shaped morphology and others fail to produce WTAs and maintain their mis-

divided, spherical cells. As a negative control for WTA-devoid cells, we explored the effects of 

adding tunicamycin, a TagO-specific inhibitor, to a prXyl culture containing 0.25% xylose. The 

resulting cell morphologies were similar to ΔBstagA, showing clusters of round and asymmetric 

cells (Fig. 4.4A,C, Fig. S4.2G). The morphology-based analysis was consistent with the trends 

observed in the growth curves of prXyl with xylose and further support that the xylose-induced 

expression of the nonnative SaTagA is capable of producing WTA glycopolymers in B. subtilis. 
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4.4 Conclusion 

This work begins to establish a structural and cellular framework to search for small 

molecule inhibitors of the SaTagA enzyme that may be useful in treating infections caused by S. 

aureus. In particular, promising variants of SaTagA that alter its CTT may be useful in elucidating 

the monomeric form of the protein in the presence and absence of small molecule inhibitors. These 

solubility-enhanced constructs of SaTagA may also be used for structure-function studies to gain 

new insight into the catalytic mechanism of TagA. The construction and characterization of the 

xylose-inducible SatagA-complemented B. subtilis 168 strain (prXyl) also provides a foundation 

for a cell morphology-based screening of SaTagA-specific inhibitors. These small molecule 

screening efforts are ongoing and will be completed by other members of the Clubb laboratory.  

 

4.5 Materials and Methods 

 

4.5.1 Protein expression and purification 

All TagA constructs were cloned and expressed using standard methods as described 

previously (18,19). Briefly, TiTagA and SaTagA constructs contained an N-terminal 6xHis-tag and 

tobacco etch virus (TEV) protease recognition sequence (ENLYFQS) in the pMAPLe4 expression 

vector. EGFP-TagA fusion constructs contained an N-terminal small ubiquitin-like modifier 

(SUMO) solubility domain with a 6xHis-tag in the pSUMO expression vector. Protein was 

expressed in E. coli BL21(DE3) cells. Cultures were grown in Miller LB Broth (Thermo Fisher) 

in the presence of 50 μg/mL kanamycin (Thermo Fisher) at 37 °C in a shaking incubator to the 

late log growth phase (OD600nm of 0.6-0.8), before induction with 1 mM isopropyl β-d-1-

thiogalactopyranoside (IPTG) (GoldBio). Expression proceeded while shaking at 18 °C for 16 
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hours. For isotopically labeled samples, the cell pellets were exchanged into M9 media 

supplemented with 15NH4Cl, 13C-glucose, and 70% deuterium oxide (Cambridge Isotope 

Laboratories) before induction (27). The cells were pelleted by centrifugation, and resuspended in 

40 mM CHAPS (Thermo Fisher), 50 mM Tris–HCl, pH 7.5, 500 mM NaCl supplemented with 

400 μl of protease inhibitor cocktail (Sigma-Aldrich), and 2 mM phenylmethanesulfonylfluoride, 

1 mg egg white lysozyme, and 0.5 mg Serratia marcescens nuclease per liter of culture (28). 

Resuspended cells were lysed using an Emulsiflex high pressure homogenizer (Avestin) and 

soluble TagA lysate was clarified by centrifugation. 

Protein was purified by passing over Co2+-NTA HisPur resin (Thermo Fisher) and washed 

with 8 mM CHAPS, 50 mM Tris–HCl, pH 7.5, and 500 mM NaCl buffer. Protein was eluted from 

the resin using the same buffer but supplemented with 200 mM imidazole. Eluted protein was 

concentrated using Amicon centrifugal filters (Thermo Fisher) at 4 °C. The 6xHis-tags were 

removed proteolytically using 0.5 mg TEV protease (for pMAPLe4 proteins) or 1.0 mg ULP1 

protease (for pSUMO proteins) and buffer exchanged by dialysis into a 10% v/v glycerol, 50 mM 

Tris–HCl, pH 7.5, and 500 mM NaCl buffer. The protein was passed over Co2+-NTA again and 

washed off the column with 10% v/v glycerol, 50 mM Tris–HCl, pH 7.5, and 500 mM NaCl buffer. 

Wash fractions containing protein were concentrated, and the protein was subjected to size-

exclusion chromatography using a Superdex 75 preparation grade column (GE). Protein was 

concentrated prior to storage or use. 

 

4.5.2 NMR spectroscopy 

Isotopically labeled samples were dissolved in NMR buffer at pH 6.8 (50 mM sodium 

phosphate, pH 6.8, and 200 mM NaCl). TiTagAFL* was uniformly isotopically labeled with 15N or 
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15N/13C/2H. UDP-GlcNAc (Sigma-Aldrich) was dissolved in NMR buffer to 20 mM and iteratively 

added to a TiTagAFL* protein sample for NMR experiments. TROSY-enhanced 15N-HSQC 

experiments were performed for the UDP-GlcNAc titration, with increasing scans in the direct 

dimensions to account for the loss in signal-to-noise due to protein dilution. Spectra were acquired 

at 303 K on Bruker Avance III HD 600 MHz (14.1 T) and Bruker Avance NEO 800 MHz (18.8 T) 

spectrometers equipped with triple resonance cryogenic probes. Backbone assignments of 

TiTagAFL* were determined by carrying out TROSY-enhanced variants of the following 

experiments: 15N-HSQC, HN(CO)CA, HNCA, HNCACB, and HN(CO)CACB (29,30). Data were 

processed using NMRPipe, and CARA was used to perform sequential assignment (31,32).  

 

4.5.3 Analytical ultracentrifugation 

SE–AUC experiments were performed on an Optima XL-A analytical ultracentrifuge 

(Beckman Coulter). Three concentrations for each sample (TiTagA: 5.3, 18, and 28 μM; TiTagAFL*: 

6.3, 20, and 30 μM) with 5-fold molar excess UDP-GlcNAc were subjected to multiple 

ultracentrifuge speeds (TiTagA: 12,000, 15,000, 19,000 rpm, and 24,000 rpm; TiTagAFL*: 15,000, 

19,000, and 24,000 rpm) and allowed to reach SE at 4 °C. To avoid spectral absorbance of UDP-

GlcNAc at 280 nm, data were collected at 292 nm. Data regression analysis was performed using 

the Beckman-Coulter Optima Analytical Ultracentrifuge Origin Data Analysis Package. The data 

were fit to multiexponential and single-exponential models. TiTagAFL* was best represented by a 

monomer–dimer multiexponential model that was calculated using the predicted monomeric 

molecular weight of 27,862 Da by the ExPASy ProtParam tool (33). The dissociation constant 

(KD) was determined to be the inverse of KA(conc) using the following equation (34,35): 

KA(conc) = KA(abs) ((εl)
n-1/n) 
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where the molar extinction coefficient (ε) was determined to be 20,873 cm−1 M−1 at an absorbance 

wavelength of 292 nm using the ExPASy ProtParam tool, l is the path length of 1.2 cm, n is the 

order of oligomerization, and KA(abs) is the absorbance association constant. 

 

4.5.4 Bacillus subtilis 168 cloning and growth 

To construct the pXyl shuttle vector for integration into B. subtilis 168, SatagA was 

amplified from genomic S. aureus DNA and integrated downstream of the PXylA promoter in 

pSWEET by Gibson assembly (23,36). Flanking DNA fragments upstream of the BstagA ribosome 

binding site (RBS) and downstream of BstagA were then amplified by PCR of genomic B. subtilis 

168 DNA. The counter selection antibiotic resistance cassettes (spectinomycin and ampicillin) and 

vector DNA leading up to the amyE flanking regions in pDG1662 were amplified by PCR. Then, 

all fragments were assembled into the pXyl shuttle vector by Gibson assembly. pXyl plasmid 

assembly was confirmed by sequencing (Laragen Sequencing). Competent B. subtilis 168 cells 

were transformed as previously described with pXyl and double recombination events were 

selected by resistance to chloramphenicol (5 μg/mL) (Thermo Fisher) (37). Colonies with 

chloramphenicol resistance were then counter selected using spectinomycin (100 µg/mL) (Thermo 

Fisher), which would only be present for single crossover events and integration of the entire pXyl 

vector. Successful incorporation of pXyl into the B. subtilis 168 genome was confirmed by 

sequencing (Laragen Sequencing). 

prXyl cells were streaked onto LB agar plates containing 5 μg/mL chloramphenicol and 

1% w/v xylose (Thermo Fisher). Individual bacterial colonies were collected and grown in 25 mL 

pre-cultures containing 5 μg/mL chloramphenicol and 0%, 0.05%, or 1% w/v xylose for 16 hours 

at 37 °C while shaking. The cells were then pelleted by centrifugation, washed with phosphate 
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buffer solution (Thermo Fisher), and pelleted again to remove residual xylose from the pre-culture 

media. Cells were resuspended in LB and diluted to an Abs600nm of 0.05 into 50 μL growth cultures 

containing 5 μg/mL chloramphenicol and 0%, 0.03%, or 0.25% w/v xylose in 384-well plate 

format. Cells were grown at 37 °C for 25 hours.  

Several replicate wells were collected in the late log phase of growth for application to 

electron microscopy grids. Prior to gridding, the cells were pelleted by centrifugation at 5000 x g 

for 5 minutes at room temperature, resuspended with water, and pelleted again. The water wash 

was repeated twice and finally diluted to an OD600nm of 0.6 using water. The cells were vigorously 

mixed before application to electron microscopy grids. 

 

4.5.5 Transmission electron microscopy 

Negative-stained grids containing B. subtilis cells were prepared for electron microscopy 

by placing 3 μL of the cell solution onto a glow discharged (90 seconds) 300-mesh Formvar-carbon 

coated Cu electron microscopy grid (Ted Pella, Inc.). Cells were incubated for 3 minutes, washed 

3 times with 3 μL water, negative-stained with 3 μL 2% uranyl acetate, and washed 3 times with 

3 μL water. Grids were imaged at room temperature using a Tecnai T12 TEM operating at 120 

keV at 1,200x to 8,000x magnifications on a Gatan MSC SI003 (model 794) camera (1,024 x 1,024 

pixels). Images were analyzed and cells were measured using ImageJ (38). 
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4.6 Figures 

 

Figure 4.1 Efforts to stabilize monomeric full-length TagA through UDP-GlcNAc binding. 

(A) 1H-15N transverse relaxation optimized spectroscopy heteronuclear single quantum coherence 

(TROSY-HSQC) NMR spectra of 15N labeled TiTagAFL* with increasing amounts of UDP-

GlcNAc. Approximately 31% of amide residues (75 of 244) were assigned for apo-TiTagAFL* 
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(labeled). Overlaid spectra are colored based on the concentration of UDP-GlcNAc in the sample 

(in molar equivalence to TiTagAFL* protein): 0x (orange), 1x (red), 4x (purple), 8x (blue), 16x 

(cyan), and 32x (green). (B) Chemical shift perturbations were observed for some of the assigned 

peaks and are displayed on the TiTagAFL*:UDP-GlcNAc co-crystal structure (gray) (PDB: 7MPK) 

with the computationally-modeled C-terminal tail (pink). Residues with peak assignments without 

chemical shift perturbations (orange), assigned residues with chemical shift perturbations in 

response to UDP-GlcNAc (green, stick format), and crystallographic UDP-GlcNAc conformations 

(yellow, stick format) are shown on the structure. (C) SE-AUC experiments of TiTagA with 5-fold 

molar excess UDP-GlcNAc. Data were collected at three concentrations (5.3 μM, 18 μM, and 28 

μM) and four rotor speeds (12k rpm – red, 15,000 rpm – blue, 19,000 rpm – green, and 24,000 

rpm – orange). Single fit averaged molecular weight approximations are displayed and modeled 

concentration-independent and speed-dependent trends, indicating aggregated oligomers of 

indeterminable composition and quantity. (D) SE-AUC experiments of TiTagAFL* with 5-fold 

molar excess UDP-GlcNAc. Data were collected at three concentrations (6.3 μM, 20 μM, and 30 

μM) and at three rotor speeds (15,000 rpm – blue, 19,000 rpm – green, and 24,000 rpm – orange). 

The data were best fit by a monomer-dimer equilibrium model. Residuals after fitting the data to 

a monomer-dimer equilibrium are shown below the plot of experimental data (symbols) and 

exponential fits (lines). 
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Figure 4.2 Efforts to capture the capture the monomeric form of TagA. (A) The hypothetical 

insertion of the TiTagA domain into the β2-β3 loop region of enhanced green fluorescent protein 

(EGFP). The two domains fold independently of one another. EGFP forms a classical β-barrel 

encapsulating its chromophore (green) and TagA adopts its GT-E glycosyltransferase fold (blue) 

with its dynamic C-terminal tail (CTT, orange) fused to EGFP. Three amino acid linkers (gray) 

connect the N- and C-termini of TagA to the EGFP β2 and β3 sheets, respectively. The structure 

is predicted by AlphaFold2 (22). (B-C) Two different glycine-serine flexible linker lengths were 

selected for the TagA-EGFP fusion construct: three amino acids (GGS/GSG, B) and nine amino 
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acids (GGSGGGSGG/GGGSGGSGG, C). Colors are assigned as in (A). (D) The computational 

model of full-length SaTagA predicted by AlphaFold2 (22). The TagA core domain (light blue) 

forms a classical Rossmann-like fold and the CTT (orange) adopts three amphipathic helices. (E) 

Helical wheel projections of the CTT helices (H10-H12) from computational models of TiTagA 

and SaTagA. The helices display a general amphipathicity, where polar and charged residues (blue) 

face towards the TagA core domain and nonpolar residues (red) are surface exposed. Helix H12 is 

projected to the conserved proline residue in both models. 
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Protein 

Construct Organism of origin Mutations 

Location of 

mutations 

Maximum 

observed 

solubility 

Approximate 

Half Life 

TiTagA 

Thermoanaerobacter 

italicus Ab9 C111A Core domain 497 μM 4 weeks 

TiTagAΔC 

Thermoanaerobacter 

italicus Ab9 C111A, ΔG195 Core domain 2236 μM 1 year 

TiTagA E218 

Thermoanaerobacter 

italicus Ab9 C111A, ΔE218 Core domain 216 μM 

Not 

monitored 

TiTagAFL* 

Thermoanaerobacter 

italicus Ab9 

C111A/I203E/L209Q

/L212K/I216E H10-H11 1060 μM 3 weeks 

TiTagA D65A 

Thermoanaerobacter 

italicus Ab9 C111A/D65A 

Core domain (for 

activity) 326 μM 

Not 

monitored 

TiTagA E41A 

Thermoanaerobacter 

italicus Ab9 C111A/E41A 

Core domain (for 

activity) 231 μM 

Not 

monitored 

TiTagA N39A 

Thermoanaerobacter 

italicus Ab9 C111A/N39A 

Core domain (for 

activity) 96 μM 

Not 

monitored 

TiTagA G68C 

Thermoanaerobacter 

italicus Ab9 C111A/G68C 

Core domain 

(FRET) 773 μM 

Not 

monitored 

TiTagAFL* G68C 

Thermoanaerobacter 

italicus Ab9 

C111A/G68C/I203E/

L209Q/L212K/I216E 

Core domain and 

H10-H11 (FRET) 393 μM 

Not 

monitored 

TiTagA N30C 

Thermoanaerobacter 

italicus Ab9 C111A/N30C 

Core domain 

(FRET) 196 μM 

Not 

monitored 

TiTagA G127C 

Thermoanaerobacter 

italicus Ab9 C111A/G127C 

Core domain 

(FRET) 752 μM 

Not 

monitored 
TiTagA ROSIE/ 

GREMLIN 

(SW4E) 

Thermoanaerobacter 

italicus Ab9 

C111A/I69S/F71W/F

87E/V192E/L209E/L

212E 

Core domain and 

H10-H11 435 μM 4 days 

TiTagA Srf7 

Thermoanaerobacter 

italicus Ab9 

C111A/I203E/L207N

/L209Q/L212K/L215

S/I216E/I233Q H10-H12 194 μM 3 days 

AnaTagA Anaerostipes sp. 992a Native N/A 9000 μM 4 weeks 

HaoTagA Halothermothrix orenii Native N/A 

Could not 

purify N/A 

LbaTagA 

Lachnospiraceae 

bacterium KH1T2  Native N/A 

Could not 

purify N/A 

RosTagA Roseburia sp. CAG:197  Native N/A 

Could not 

purify N/A 

TpaTagA 

Treponema pallidum 

(strain Nichols)  Native N/A 

Could not 

purify N/A 

DipTagA Diploscapter pachys  Native N/A 

Could not 

purify N/A 

SaTagA Staphylococcus aureus Native N/A 19 μM 

Not 

monitored 

SaTagAΔC Staphylococcus aureus ΔA204 Core domain 450 μM 

Not 

monitored 

SaTagAFL* Staphylococcus aureus 

I211E/I217Q/I220K/

L224E H10-H11 773 μM 4 days 

BsTagAFL* Bacillus subtilis 168 

W202E/L208Q/F211

K/I215E H10-H11 

Could not 

purify N/A 

Table 4.1 TagA protein constructs and homologs used in these studies. 
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Strain Genotype/Description Source 

Bs168 B. subtilis wild type trpC2 BGSC 

ΔBstagA Bs168, ΔtagA (11) 

prXyl Bs168, ΔtagA, ΔprtagABC, PXylA:SatagA:Cam Current 

study 

Plasmid Genotype/Description Source 

pSWEET pDG364 with xyl expression system, integrated at the amyE locus 

in the B. subtilis 168 genome 

(23) 

pXyl pSWEET with SatagA, cam resistance cassette (for selection), 

integrated 3’ of BstagA and 5’ of prtagABC, spc and bla cassettes 

outside of the flanking regions for counter selection 

Current 

study 

pDG1662 B. subtilis vector, integrating at the amyE locus, cam resistance 

cassette (for selection), spc and bla cassettes outside of the 

flanking regions for counter selection 

BGSC 

 

Table 4.2 Bacillus subtilis strains and plasmids used in these studies. 
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Figure 4.3 Assembly of a xylose-inducible SaTagA strain of B. subtilis 168. (A) BstagA is 

natively controlled by the prBstagABC promoter, which also controls transcription of BstagB and 

BstagC. BstagD, BstagE, and BstagF are separately controlled by the prBstagDEF promoter on the 

antisense strand 3’ of prBstagABC. (B) Double homologous recombination of pXyl with the BstagA 

locus of the B. subtilis 168 genome yields non-native SatagA from Staphylococcus aureus 

controlled by a xylose-inducible promoter (prXylose) from pSWEET in place of BstagA and the 

prBstagABC promoter, respectively. 
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Figure 4.4 Ultrastructure of B. subtilis 168 changes in response to TagA expression. Bacteria 

were harvested at the late log phase of growth and applied to copper electron microscopy grids 

before negative staining. (A) Representative TEM micrographs of Bacillus subtilis 168 wild type, 

ΔBstagA, prXyl grown with 0.25% xylose, and prXyl grown with 0.25% xylose and 2 μg/mL 

tunicamycin, a TagO-specific inhibitor. Scale bars represent 1 μm. (B) Examples of length and 
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width measurements of individual cells for quantitative analysis of cell morphology for individual 

bacteria or dividing cells with a complete division septum. Length was defined as the longest axis 

of cell growth. Width was defined as the longest axis of the cell perpendicular to the length axis. 

(C) Representative micrographs of prXyl grown with increasing amounts of xylose in the culture 

media. White lines represent the measured length and width axes of the cells. Scale bars represent 

1 μm. (D) Individual cell length/width ratios for wild type B. subtilis 168 and prXyl cells. Violin 

plots are shown with individual data points. The median of each dataset is represented by a thick 

dashed line and quartiles are represented by thin dotted lines. 
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4.7 Supplemental Figures 

 

Figure S4.1 prXyl cell growth is responsive to xylose in culture media. prXyl Bacillus subtilis 

168 was cultured in variable amounts of xylose using pre-cultures with different xylose 
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concentrations. (A) When no xylose was included in the pre-culture, the growth curves of prXyl 

stalled, but the 0.03% and 0.25% xylose cultures reached similar optical densities to other pre-

culture experiments. The 0.03% growth condition had a high variability at 25h because all cultures 

had Abs600nm readings >0.24 (62%) or <0.08 (38%), suggesting a xylose-dependent cellular switch 

that regulates growth. For 0% xylose in the growth media, the cells did not grow over 25h. (B) 

When 0.05% xylose was included in the pre-culture, cells had distinct growth patterns depending 

on the xylose concentration in the growth media. The cell density at stationary phase for 0%, 

0.03%, and 0.25% xylose in the media was easily differentiated. (C) When 1% xylose was included 

in the pre-culture, cells grew similarly to (B). All growths were completed with ≥6 replicates. 
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Figure S4.2 Representative micrographs of B. subtilis 168 strains. (A-G) All strains of B. 

subtilis 168 were grown and harvested in the late log phase before cells were applied to TEM grids 

and negative-stained. prXyl B. subtilis cells were grown in increasing concentrations of xylose 
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(0%, 0.03%, 0.25%, and 1%) in the growth media. Higher amounts of xylose recovered the rod-

shaped morphology displayed by wild type B. subtilis 168. Inclusion of tunicamycin, a TagO-

specific inhibitor, with a high concentration of xylose in the growth media exhibited morphological 

defects similar to prXyl with 0% xylose and ΔBstagA cells. White boxes indicated in the images 

on the left represent the location of the images on the right for each panel. (H) Cell lengths and 

widths were measured for individual cells that could be identified by separation on a grid or the 

presence of a complete division septum indicating two mature daughter cells. The lengths were 

defined as the longest axis of the cell and the widths perpendicular to the length axis at the widest 

point of the cell.  
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